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ABSTRACT: Primary cilia are hair-like sensory organelles whose dimensions and location vary with cell 

type and culture condition. Herein, we employed scanning ion conductance microscopy (SICM) to visual-

ize the topography of primary cilia from two different cell types. By combining SICM with fluorescence 

imaging, we successfully distinguished between surface cilia that project outward from the cell surface 

and subsurface cilia that are trapped below it. The nanoscale structure of the ciliary pocket, which can-

not be easily identified using a confocal fluorescence microscope, was observed in SICM images. Fur-

thermore, we developed a topographic reconstruction method using current-distance profiles to evalu-

ate the relationship between set point and topography image and found that a low set point is im-

portant for detecting the true topography of a primary cilium using hopping mode SICM. 

Introduction 

Primary cilia are nonmotile organelles consisting of a centriole-derived basal body and a microtubule-

based axoneme1. It is widely considered that the primary cilium acts as a cellular antenna that senses 
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extracellular biological and mechanical signals2. Previous studies have identified two main types of pri-

mary cilia based on the positional characteristics of ciliary axonemes: surface cilia and subsurface cilia3,4. 

Most polarized epithelia often display cilia whose axoneme projects outward from the cell surface. Sub-

surface cilia, which are enclosed in deep, narrow pits created by membrane invagination, are commonly 

found in fibroblasts, smooth muscle cells and retinal pigment epithelia. Interestingly, spatial confinement 

or centriole subdistal appendages can transform subsurface cilia into surface cilia5,6. Primary cilia have 

also been reported to change their length in response to changes in serum concentration in the medium, 

which indicates that they may help regulate the balance between cell growth and quiescence7. As such, 

it is clear that a better morphological analysis of primary cilia in living cells is required to understand 

their functional complexity.  

Scanning ion conductance microscopy (SICM) uses a glass nanopipette to acquire nanoscale live-cell 

topographical images in a solution8,9. Hopping-mode SICM and related techniques allow non-contact im-

aging because the nanopipette is withdrawn to a position well above the sample before moving to the 

next position laterally10-12. Recently, a low-cost, large field-of-view SICM has been developed for studying 

nanoparticle-cell membrane interactions13. Combining SICM with fluorescence microscopy allows target-

ing of specific cellular processes at the membrane interface14–16. Unlike atomic force microscopy, SICM is 

not limited by the cell’s elastic modulus and can maintain the image quality for a longer period of time17. 

In addition, SICM images are comparable to those obtained using scanning electron microscopy (SEM), 

even when there are steep slopes on the cell surface18. By monitoring the current throughout the entire 

process, the topography and surface charge of cultured cells can be simultaneously probed19. Further-

more, SICM has been customized for functional imaging by employing double-barrel nanopipettes20,21. 

However, the SICM imaging of primary cilia is challenging because the cilia cell surfaces usually have 

large aspect ratios and shapes similar to microvilli that can be found over nearly the entire the cell sur-

face. In this research, we have characterized the structure of primary cilia induced by serum starvation 

from two different cell types by combining SICM with fluorescence microscopy. 

 

Experimental Section 

Cell culture. Human retinal pigment epithelium-1 (RPE-1) cells were a kind gift from Dr. Ching-Hwa Sung 

(Weill Cornell Medical College, USA)22. Madin-Darby canine kidney (MDCK) cells were obtained from the 

Riken Cell Bank (Ibaraki, Japan). NIH3T3 cells were obtained from the Riken Cell Bank (Ibaraki, Japan). 

RPE-1 cells that stably express green fluorescent protein (GFP)-tagged mouse Smoothened (Smo) (Smo-



 

GFP RPE-1) were established according to a previously reported method23. In brief, RPE-1 cells were 

transfected with pEGFP-mSmo plasmid DNA (Addgene) by Neon transfection system (Thermo Fisher Sci-

entific), and Smo-GFP-positive cells were selected in the presence of G418 400 µg/mL. RPE-1 cells were 

maintained in DMEM-F12 (Wako) supplemented with 10% fetal bovine serum (FBS) and 1 mM sodium 

pyruvate. MDCK cells were maintained in DMEM supplemented with 10% FBS. To induce cilium for-

mation, cells were grown to confluence in basic cell culture conditions and then starved of serum for an 

additional 48 h. NIH3T3 cells were maintained in DMEM supplemented with 10% FBS. To induce cilium 

formation, cells were grown to confluence in basic cell culture conditions and then starved of serum for 

an additional 48 h. 

Confocal fluorescence microscopy imaging. The RPE-1 and MDCK cells were plated on glass coverslips. 

Prior to imaging, cells were washed with PBSc/m (phosphate buffered saline supplemented with 0.2 mM 

Ca2+ and 2 mM Mg2+) and fixed with 4% paraformaldehyde for 10 min at room temperature. The fixed 

cells were blocked in PBS containing 5% BSA and 0.25% Triton X-100 for 30 min. The cells were further 

incubated with a mouse monoclonal antibody against acetylated α-tubulin (Ac-Tub, Sigma) for 1 h and 

with Alexa-488-conjugated goat anti-mouse IgG (Thermo Fisher Scientific) for 45 min. Vybrant Dil (Ther-

mo Fisher Scientific) or ActinRed 555 (Thermo Fisher Scientific) was co-treated with the second antibody. 

The nucleus was stained with 4,6-diamidino-2-phenylindole (DAPI). The fluorescent signals were ac-

quired using a confocal laser-scanning microscope (LSM-780) equipped with a 63x/N.A. 1.4 oil objective 

lens (Carl Zeiss, Oberkochen, Germany) that enabled the acquisition of images every 0.5 μm along the Z-

axis. The images were processed using the “Maximum intensity projection” setting of the ZEN2011 soft-

ware (Carl Zeiss).  

SICM imaging. To simultaneously obtain the fluorescence and topographic images of primary cilia, the 

SICM system was mounted on a Nikon inverted fluorescence microscope (ECLIPSE Ti-S). SICM principles 

and instrumentation have been described in previous report24. SICM nanopipettes were fabricated by 

pulling borosilicate glass capillaries (inner diameter = 0.58 mm, outer diameter = 1.00 mm) using a CO2 

laser puller. The internal radius of the nanopipette was approximately 50 nm. The nanopipettes were 

backfilled with the same solution as that used for the bath. Two Ag/AgCl electrodes were placed into the 

nanopipette and the bath, respectively. The ion current flowing through the nanopipettes was measured 

with an applied bias potential of 200 mV between them. The theoretical approach curve was calculated 

according to the method used in a previous report25.  

 



 

Results and discussion 

We first observed the structure of primary cilia from cultured RPE-1 and MDCK cells using conventional 

confocal microscopy. At 2 days post-confluence, more than 80% of RPE-1 cells exhibited a single primary 

cilium that was detected by immunofluorescence using an antibody against Ac-Tub in the presence of a 

cell labeling dye: Vybrant Dil (Fig. 1A). Some cilia appeared to be localized within the cell membrane (in-

dicated by arrows in Fig. 1A), which would be consistent with the cilium being embedded within a mem-

brane (ciliary) pocket. In contrast, the majority of primary cilia in MDCK cells stained with F-actin probe 

(ActinRed 555) were clearly protruding into the extracellular space (indicated by arrows in Fig. 1B). How-

ever, it should be noted that due to limited z-axis resolution of confocal microscopy, the presence of cilia 

either partially or entirely embedded in membrane pockets could not be excluded nor confirmed.  

  

Figure 1. Confocal fluorescence images of Ac-Tub labeled primary cilia (green) from human retinal pig-

ment epithelium-1 (RPE-1) cells (A) and Madin-Darby canine kidney (MDCK) cells (B). The RPE-1 and 



 

MDCK cells were co-labeled with Vybrant Dil (A; red) and ActinRed 555 (B; red), respectively. XZ and YZ 

optical sections illustrate cilia positioned below the cell surface in RPE-1 cells and above the cell surface 

in MDCK cells (arrows), respectively. The white and gray arrows indicate the apical and basal sides, re-

spectively. 

 

The topography of primary cilia was subsequently examined using SICM combined with fluorescence 

microscopy. To identify the position of the cilia, we first used the Smo-GFP RPE-1 cell line, which stably 

expresses the GFP-tagged cilia-specific protein-coupled receptor Smoothened23. Typical fluorescence and 

SICM images are presented in Figs. 2A and 2B, respectively. The SICM image shows no structure match-

ing the fluorescently marked cilium, suggesting this particular cilium was not exposed to the extracellular 

space. The cilia of the Ac-Tub labeled MDCK cells were then examined. Fig. 2C shows a representative 

fluorescence image of a primary cilium from a MDCK cell. A SICM image of the MDCK cell surface indi-

cated that the cilium was approximately 7 m in length and 0.5 m in diameter (Fig. 2D). 

  

Figure 2. A comparison of a subsurface and a surface cilium. (A) Fluorescence image of primary cilium 

from a green fluorescent protein (GFP)-tagged Smoothened (Smo) (Smo-GFP) RPE-1 cell. (B) Scanning ion 

conductance microscopy (SICM) topographical image of the dashed region in (A). Consistent with the 

feature of subsurface cilia, the cell surface was smooth. (C) Fluorescence image of the Ac-Tub labeled 

primary cilium from an MDCK cell. (D) SICM topographical image of the dashed region in (C). The white 

arrow indicates the primary cilium.  



 

 

Figure 3. Visualization of the ciliary pocket from a NIH3T3 cell. (A) Fluorescence image. (B) SICM topo-

graphical image of the red region in (A). (C) High resolution SICM topographical image of the black 

dashed region in (B). The white arrow indicates the ciliary pocket. (D) Cross section at the same scan line 

marked in (C). 

 

The ciliary pocket is an invagination of the plasma membrane which surrounds the cilia axoneme. Track-

ing this specific membrane domain will help to gain a better understanding of ciliary resorption26. How-

ever, this nanoscale structure cannot be identified by confocal microscopy. We have used the primary 

cilia of NIH3T3 cells as a model to investigate the structure of the ciliary pocket (Fig. 3A). The SICM image 

shows that 3T3 cells also grow surface cilia (Fig. 3B). The high resolution SICM successfully detected the 

ciliary pocket at the base of the cilium (Fig. 3C). Cross section of the topographic image shows the depth 

of the ciliary pocket is about 250 nm (Fig. 3D).  



 

 

Figure 4. Effect of set point when scanning the primary cilium. (A) The principle of topography recon-

struction. (B)SICM image of 1.0% set point (left) and reconstructed image of 0.3% set point (right). The 

dashed lines indicate the scan lines used to cross section analysis. (C) Cross sections at the white dashed 

lines marked in (B). The orange and purple arrows indicate the points of the side region of the cilium and 

cell surface for current-distance profile analyses. (D) Current-distance profiles at points marked in (C). 

“0” in Z position axes are determined by a theoretical approach curve of a 50 nm nanopipette. The black 

arrowhead indicates the point of pipette-cilium collision. (E) Cross sections at the yellow dashed lines 

marked in (B). The orange and purple arrows indicate the points of the tip region of the cilium and cell 

surface for current-distance profile analyses. (F) Typical current-distance profiles at points marked in (E). 

The black arrow indicates the point of pipette-cilium collision. 

 

Although the hopping mode SICM is an ideal tool for non-contact imaging, several factors have been re-

ported to affect image quality27, 28. The relation between set point and topography has been examined by 

simulation and model biological samples29. A series of scans of the identical region are required to ap-



 

preciate the details of the relationship. This is however extremely difficult to achieve because piezo drift 

always occurs during the scanning process. As a feature of hopping-mode SICM, spatial current-distance 

profiles can be recorded at each scan point30. To address the effect of set point on primary cilia imaging, 

we reconstructed topographic images of different set points based on current-distance profiles (Fig. 4A). 

We scanned the surface cilium from NIH3T3 cells at 1.0% set point and reconstructed topographic imag-

es (Movie 1). Figure 4B shows the SICM image of 1.0% set point and the reconstructed image of 0.3% set 

point. The reconstructed image is comparable to the one obtained by the actual scan at the 0.3% set 

point (Fig. 3C). Overall, obvious differences depending on the set point were observed. As the set point is 

increased, the diameter and length of the cilium decreased. This indicates the value of set point has a 

significant effect on the side and tip region of the cilium. To explain the effect in detail, we analyzed cross 

sections of topographic images and current-distance profiles at different parts of the cilium. Compared 

with the reconstructed cross section of the 0.3% set point, the 1.0% set point made the nanopipette po-

sition closer to the sample surface and caused artifacts at the side region of the cilium (Fig. 4C). Figure 

4D shows the typical current-distance profiles at the side region of the cilium and at the cell surface. At 

the cell surface, the ion current uniformly decreased during the nanopipette approach until the signal 

reached the set point. In contrast, at the side region of the cilium, the ion current decreased 0.3-0.4% 

but recovered during further approach and then decreased again until the signal reached the set point at 

the cell surface. Such a double-dip current-distance profile may be caused by pipette-cilium collision. 

Similar double-dip responses were also observed at the tip region of the cilium (Fig. 4F). As a result, the 

1.0% set point failed to detect the tip region of the cilium but could be reconstructed at the 0.3% set 

point (Fig. 4E).  

By imaging the primary cilia from RPE-1 and MDCK cells, we have demonstrated that SICM can be used 

as a simple tool to distinguish nanoscale protrusions with large aspect ratios on the cell surface. In addi-

tion, these studies have emphasised the importance of an appropriate set point for visualizing a surface 

primary cilium. 
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