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Summary

Cells are sensitive to mechanical cues from their environment and at the same
time generate and transmit forces to their surroundings. In this thesis, we quanti-
tatively measured forces and elastic spring constants of suspended cells. We used
a dual optical trap to attach micrometer-sized fibronectin-coated beads to opposite
sides of a rounded cell and detected the position fluctuations of the beads with high
temporal and spatial resolution. Using a force-feedback mechanism and an acousto-
optical deflector we could apply constant or oscillatory external forces to the cell.
We found that the elastic response and force generation of cells are strongly governed
by their acto-myosin cortex. Cell stiffness decreased substantially with both myosin
inhibition by blebbistatin and serum-starvation, but not with microtubule depoly-
merization by nocodazole. Experiments using giant unilamellar vesicles as a model
system showed that the contribution of the lipid envelope to the elastic response of
cells is negligible. Force fluctuation experiments showed that cortical forces gener-
ated by non-muscle myosin II (NMM II) are present in the range from 0.1 to 10 Hz.
While blebbistatin treatment and transfer to serum-free medium strongly reduced
the force fluctuations, microtubule depolymerization did not affect them.

To be able to track changes in the acto-myosin cytoskeleton, we built a novel
setup incorporating a dual optical trap into a Leica SP5 X confocal microscope.
We showed that it is possible to detect the force fluctuations that a LifeAct-RFP
and non-muscle myosin II-GFP co-transfected cell transmits to two attached beads,
and image its acto-myosin cytoskeleton at the same time for up to one hour. The
observed filamentous actin network of fibroblast cells in suspension is highly diverse,
ranging from cells with only a flat actin cortex to cells that have actin bundles
spanning through their whole interior cytosol. We found that cardiac fibroblasts
in control medium have a 40% thicker actin cortex than cardiac fibroblasts treated
with 100 µM blebbistatin.

We further investigated active and passive mechanical properties of cells used in
engineered heart muscle. We found that primary fibroblasts originating from heart,
skin and gingiva have comparable spring constants. Cardiac fibroblasts proved to
have much higher force fluctuations than the other primary fibroblasts. The am-
plitude of those force fluctuations is even more strongly relying on force generation
of myosin II motors compared to NIH 3T3 cells indicated by a roughly fifty-fold
reduction after blebbistatin treatment. We could also prove that it is possible to use
the dual optical trap setup to measure contraction forces and beating frequency of
cardiomyocyte cells.
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Introduction 1

The mechanical properties of cells and their ability to sense and exert mechanical
signals play a major role many functions. Change in the mechanical environment
of cells or externally applied forces have been shown to alter cell migration [1], cell
growth [2] or even stem cell differentiation [3]. The response of cells to external
forces can be seen as a two step process. First a mechanical response [4, 5] as a
deformation of the cellular structures and secondly a biochemical response [6, 7]
that in the end would lead to a phenotypic change. To understand the biochemical
signaling of the cell, one has to understand the mechanical response first.

The most prominent structure in the cell that have been found to play a role
in mechanical stability and force generation is known as the cellular cytoskeleton
(figure 1.1). The three major components of the cytoskeleton are proteins that
assemble into filamentous structures and form networks that span the whole cellular
interior: actin, microtubules and intermediate filaments. Furthermore there are
numerous proteins that are associated with these network structures and help them
to crosslink themselves, to interact with each other, to contract or expand and to
link to the extracellular matrix. The network that is able to generate contractile
forces in cells is the actin network interacting with myosin molecular motors as force
generating elements, the so called acto-myosin network. Networks of microtubules
and intermediate filaments do not generate contractile forces besides cell division,
where the mitotic spindle composed of microtubules drives DNA separation.

Figure 1.1: Fluorescence image of NIH 3T3
fibroblasts adherent on fibronectin-coated
glass slide. Fixed with formaldehyde and
stained for actin (phalloidin-TRITC, red),
microtubule (green) and nucleus (Hoechst,
blue).
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Figure 1.2: Different families of stress fibers in a migrating fibroblast on a 2D adhesive substrate.
Adapted from [8]

In migrating cells, like fibroblasts, the acto-myosin network is the key player in all
force-related actions. Actin polymerization forces drive protrusions on the leading
edge to move forward. In the retracting rear end of the cells, where high contractile
forces are needed, actin, non-muscle myosin II (NMM) and crosslinks bundle into
so-called stress fibers [9] (figure 1.2) to destroy the adhesion contacts.

Figure 1.3: The subunit and domain structure of non-muscle myosin II, which forms a dimer.
The actin binding domain is located in the head. Essential light chain (ELC) and regulatory
light chain (RLC) link the head to the heavy chain. RLC phosphorylation makes the structure
assembly-competent. NMM molecules assemble into bipolar filaments through interactions be-
tween their rod domains. They bind to actin filaments with their head and ATPase activity of the
head enables conformational changes that move the actin filaments in an anti-parallel manner.
Adapted from [10].

Generation of high contractile forces is mainly due to interactions of myosin
motors with actin filaments in the stress fibers. Phosphorylated NMM proteins self-
associate into bipolar minifilaments (figure 1.3). These minifilaments are able to
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Figure 1.4: NMM in integrin-mediated adhesion. Integrins that are bound to the extracellular
matrix (ECM) are linked to the actin cytoskeleton through an active linkage that is formed by
multiple molecules called focal adhesion. Representative pathways and associations are shown.
Adapted from [10].

crosslink actin and, by conformational changes due to ATPase activity, move along
the actin filament in an anti-parallel manner sliding them towards each other. With
this movement, they generate tension in the actin cytoskeleton. To transmit these
forces to the surrounding, stress fibers are anchored at protein complexes where they
are coupled to proteins that are embedded in the plasma membrane of the cell and
can connect to the extracellular matrix (ECM) (figure 1.4). A detailed description
of the role of non-muscle myosin II in the generation of contractile forces can be
found in [10].

To measure cellular forces, lots of different techniques have been established
including traction force microscopy [12, 13, 14] and growing cells on elastic mi-
cropillars [15]. Various techniques to measure the mechanical properties have been
established, mainly focusing of rheological measurements of cell properties ranging
over different frequency ranges. A collection of methods are shown in figure 1.5 and
a more detailed description of those techniques and the interpretation of rheological
measurements can be found in reference [11].

However, all of these mechanisms for generation of high contractile forces and all
of the described techniques have in common that they are done on cells that adhere
to a flat 2D surface, a rather unphysiological situation. In their natural environment,
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Figure 1.5: Schematic comparison of common cell rheology methods. Adapted from [11]

cells are embedded in a 3D tissue. Their nearest surroundings either consist of other
cells or a viscoelastic network. One option to overcome the 2D limitation is presented
in this thesis. We use a dual optical trap to hold cells in suspension with two attached
beads (figure 1.6). This has the opportunity, in contrast to most of the described
methods above, to measure cellular forces and probe the rheological properties of
the cell over a wide frequency range at the same time. In this configuration, the cell

Figure 1.6: Schematic of the
measurement procedure used in
this thesis. Two fibronectin-coated
beads are attached to opposite
sides of a rounded cell. A dual
optical trap is used to hold the
beads in suspension and measure
the displacement fluctuations that
the cell transmits to the beads.
(Schematic by Florian Rehfeldt).

has a rounded up geometry close to its native appearance, where most of the actin
is located in the cell cortex, a thin, crosslinked network lying immediately beneath
the plasma membrane of the cells. The acto-myosin cortex is an essential but still
poorly understood actin network. It is crucial for cells to have proper control of the
mechanical properties of the cortex. The cortex is the main player determining the
stiffness of the cell surface and allows it to resist mechanical stresses and opposes
intracellular osmotic pressure [16]. Turnover of proteins involved in the cortex and
myosin generated contraction leads to a dynamic remodeling of the network on the
order of seconds. The mechanical stability on the one hand and the remodeling
potential on the other hand leads to a dynamic plasticity of the cortex, which allows
the cell to rapidly change its shape, move and exert forces. Figure 1.7 shows the
main components of the cortex and their interplay.
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Figure 1.7: Cortex tension and composition. A) Actin filaments assemble in a thin network
connected to the cell membrane. Myosin motors assemble into minifilaments and exert forces
in the network, giving rise to cortical tension T . Due to the cell curvature, cortical tension also
leads to a hydrostatic pressure P in the cytoplasm. B) Schematic of an indentation experiment.
The force exerted by the cell on the bead can depend both on the tension of the cortical network
and on its elastic deformation. Adapted from [17]
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Non muscle myosin II is the main source of contractile forces. However, in
contrast to adherent cells, myosin motors are not arranged in highly ordered stress
fibers. The origin of contractile forces in the isotropic cortical network is not clear.
The cell stiffness is a combination of the elastic modulus of the cortex, cortex tension
and cell volume (figure 1.7B). It is also known that both networks of microtubules
and intermediate filaments interact with the acto-myosin cortical network [18, 19].
However, their contribution to active and passive mechanical properties of the cortex
or their function in regulatory processes is not clear. Furthermore, the role of the
interaction between the cortex and the lipid composition of the plasma membrane
is poorly understood.

The data presented in this thesis will help to better understand the mechanical
properties of rounded cells in suspension. It dissects contributions of different cy-
toskeletal filaments to force generation and elasticity of the cells and also points out
differences between cells of various origins.

1.1 Outline

To measure the elastic properties and force generation of cells, we used a dual optical
trap. An introduction into optical trapping, use and culture of the cells and the basic
principles of the measurement is given in chapter 2. The force clamp, which was
necessary to apply constant forces to the suspended cells, is also described in this
chapter.

Chapter 3 describes the results of the optical trapping experiments. Elastic proper-
ties of the cells were investigated using external forces. Force fluctuations that the
cell generates were measured in a constant position and a constant force mode. The
chapter is based on the publication:
Florian Schlosser, Florian Rehfeldt, and Christoph F. Schmidt, "Force fluctua-
tions in three-dimensional suspended fibroblasts", Philosophical Transactions B of
the Royal Society, 370, 20140028, 2014.
In chapter 4, the construction of a confocal trap coupled into a confocal microscope
is explained and characterized. We use this setup to measure cellular force fluctu-
ations and image the acto-myosin cytoskeleton of the suspended cell at the same
time. Preliminary experiments investigating the assembly of focal adhesions in the
3D suspended cells are presented.

Chapter 5 is about the investigation of mechanical properties of cells used in en-
gineered heart muscle. After an introduction into assembly and use of engineered
heart muscle, the mechanical properties of primary fibroblasts originating from dif-
ferent tissue are analyzed and compared. In the end, measurements of beating
cardiomyocytes that were suspended in the optical trap are presented.
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Optical trapping 2.1

Trapping theory 2.1.1

Since the discovery of optical traps almost 30 years ago, when Arthur Ashkin and
co-workers found that dielectric objects could be trapped and manipulated by laser
light [20, 21, 22], they have become an important tool in biophysics. They can
be used to manipulate the right range of particle size (between a few nanometers
and up to 10 micrometers) and can achieve force sensitivity up to 100 piconewtons
that is relevant for biological systems, thus allowing physical characterizations of
these systems. In most experiments, the probe particles were attached specifically
or unspecifically to biological proteins of interest. Then either the force that the
protein is generating can be measured or an external force can be applied to the
protein. The principle of optical trapping is based on momentum transfer from laser
light to the trapped object. Photons, like all moving particles, carry momentum p
which can be transferred to dielectric particles upon reflection or refraction. This
radiation pressure is negligible for macroscopic particles but plays an important role
in the µm range, where most of the biological relevant objects are present. Forces of
the refracted light have to be higher than or at least balance forces of the scattered
light to create stable trapping.

Ray-optics regime

In the geometric-optics limit, where Mie-scattering dominates (d� λ), microspheres
can be seen as small lenses. The momentum transfer of light refracted by these
spheres of a refractive index n higher than that of the surrounding medium nm can
be calculated. The momentum change of the light due to the refraction is generating
an opposing momentum transfer on the sphere according to Newton’s second law.
The gradient of a Gaussian profile of a laser beam is therefore always pushing the
sphere towards regions of higher intensity, i.e. the force is directed to the laser
focus. Stable trapping is possible if the gradient force from refracted rays is greater
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Figure 2.1: Diagram of refractive forces in ray-optics regime for typical beams a and b and
their resulting forces FA and FB for a sphere above (A) and below (B) the focal point f of an
microscope objective. (C) is showing a sphere displaced to the right of the beam focus. The
resulting force F is always pointing towards the focus. Figure adapted from [23]

than the scattering force. A description of the force on a sphere above, below and
laterally displaced from the laser focus is shown in figure 2.1. Ashkin quantitatively
calculated the trapping force in [23] with the Fresnel coefficients for reflection and
transmission R and T including internal reflections in the sphere and polarization
effects. The scattering force Fscat and gradient force Fgrad are

F̂scat = nmP

c

[
1 +R cos(2Θ)− T 2 cos(2Θ− 2Φ) +R cos(2Θ)

1 +R2 + 2R cos(2Φ)

]
k̂ (2.1)

≡ n1PQs

c
k̂ (2.2)

and

F̂grad = nmP

c

[
R sin(2Θ)− T 2 sin(2Θ− 2Φ) + r sin(2Θ)

1 +R2 + 2R cos(2Φ)

]
î (2.3)

≡ n1PQg

c
î (2.4)

with P the power of the single light ray, c as the speed of light, Θ and Φ angle of
incidence and refraction and k̂ and î as unit vectors parallel and perpendicular to
the direction of the incident ray. Qs and Qg are the quality factors of the scattering
and gradient force. Adding both forces and integrating over all rays leads to the
total force exerted on the particle. The integration is shown for a variety of beam
profiles in [23]. To get stable trapping, one needs to increase the gradient force
over the scattering force. One can see that a maximum gradient force with respect
to the scattering force is obtained for higher angle rays (≈ 60◦). One method to
increase the trapping force uses overfilling the objectives back aperture and therefore
relatively adding more high power rays at large angles. Alternatively, one can use
"donut" shaped laser profiles [24], or blocking the center beam with obstructions or
phase mask [25].
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Rayleigh regime

In the regime for particles much smaller than the laser wavelength (d � λ) the
electric dipole moment induced by the laser light is considered. Again, the force can
be decomposed into a scattering and a gradient component. The scattering force is
given by

Fscat = nm

c
〈S〉σ (2.5)

where

σ = 8
3π (kr)4 r2

(
m2 − 1
m2 + 2

)2

(2.6)

is the effective scattering cross section of the particle with radius r, S = E × B is
the Poynting vector, n is the refractive index of the particle, nm is the refractive
index of the surrounding medium, k = 2πnm/λ is the wave number of the incident
light and m = n/nm is the relative index. The scattering force again points in the
direction of light propagation and is dependent on the energy flux. The gradient
force is given by

Fgrad = α

2∇
〈
E2
〉

(2.7)

where

α = n2
mr

3
(
m2 − 1
m2 + 2

)2

(2.8)

is the polarizability of the particle is the Lorentz force acting on the particle and
is directed towards the intensity maximum of the trap. Again, stable trapping is
achieved by maximizing the gradient force in relation to the scattering force, which
means increasing the polarizability of the particle or increasing the energy gradient,
therefore one can define a Q-factor, which is defined as

Q = Fgrad

Fscat

= 3
√

3
64π5

n2
2(

m2−1
m2+2

) λ5

r3ω2
0

(2.9)

with

ω0 = λ

πNA
(2.10)

the width of a Gaussian beam. One can see that a high numerical aperture NA is
needed for table optical trapping with Q � 1. One can also see that the Q-factor
scales with 1/r3, which makes the trap more stable for small particles.

In the experimental reality, however, normally particles with a diameter of the
order of a micron and laser wavelengths with λ = 1064 nm are used, so r ≈ λ. In
this intermediate case, diffraction effects need to be taken into account and a full
calculation of the momentum transfer from the laser light to the trapped object
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needs to be considered. Studies that take all these effects into account have started
to appear in the last years, more details can be found in [26, 27, 28, 29].

2.1.2 Back-focal plane interferometry

One of the outstanding properties of optical traps is the ability to not only trap and
move a particle but also to measure the position of the particle relative to the trap-
ping laser focus. The most convenient way to measure forces is an interferometric
approach. Forces that are exerted on the particle can be recorded with very high
spatial (sub nm) and temporal (100 kHz) resolution. The laser light which is used to
trap a particle is deflected, a necessary property to create a stable trapping regime.
This means that trapping and deflection of the beam are dependent on each other.
The interferometric pattern, which arises from a superposition of the trapping laser
and the part that is scattered by the trapped particle can be used in back-focal
plane detection to acquire the position of the trapped particle. Gittes and Schmidt
derived a formula for the first order angular far field distribution of intensity for
a Rayleigh particle that is laterally displaced from the focus of a Gaussian beam
perpendicular to the optical axis by a distance x to be [30]:

I(x)− I(0)
Itot

= 2k3α

πr2 exp
(
−x

2

ω2
0

)
· sin (kx sin θ cosφ) exp

(
−k2ω2

0θ
2/4

)
(2.11)

with intensity I under the angles θ and φ, ω0 the width of the Gaussian beam, k
the wave vector and α the polarizability. This calculation was expanded in [31]
to include the axial direction of the trap, therefore allowing positional detection in
three dimensions.

Figure 2.2: Back focal plane interferometry. Scattered and reflected light from a lateral dis-
placed particle with diameter d from the trap center by distance δ is collected by the condenser.
This leads to a shift of the interference peak of f sin Θ in the back-focal plane. Adapted from
[30].



Section 2.1. Optical trapping 11

In the experimental setup, a condenser collects the light of the trapping laser
after it passes the sample. The angular distribution of the light is translated into a
spatial distribution of the intensity in the back focal plane (BFP) of the condenser
(figure 2.2). This interference pattern is only dependent on the relative position
of the trapped particle in the laser focus. The interference pattern in the BFP is
imaged onto a quadrant photo diode (QPD) aligned with the x- and y-axis. The
signals from the quadrants are summed pairwise and the differential signal for the
x- and y-directions are calculated and normalized by the sum signal of the whole
QPD. The detector response of the QPD is given by

∆I = I+ − I−
I+ + I−

= 16kα√
πω2

0
exp

(
−2x2/ω2

0

) ∫ x/ω0

0
exp(y2)dy (2.12)

The last part is Dawson’s integral and can be calculated numerically [32]. For small
displacements (≈ ±200 nm), the QPD response can be approximated to be linear
without crosstalk between the x- and y-channels.

Calibration of optical traps 2.1.3

To use the optical trap for force measurements, it has to be calibrated. One can
use the influence of Brownian motion on a particle with a known size in a fluid with
known viscosity. Since the movement of a particle in an optical trap is not free, one
needs to combine the thermal and optical force and the Langevin equation as the
equation of motion for a small particle in a harmonic potential is as follows:

F (t) = m
d2x(t)
dt2

+ γ
dx(t)
dt

+ kx(t) (2.13)

Here, F (t) is the random thermal force which adds up to zero over time, γ is
the friction coefficient of the medium and m the mass of the particle. Since the
Reynolds number is very low for micrometer sized objects (Re ≈ 10−4), one can
neglect inertial forces. One can then calculate the autocorrelation of this force

〈F (t)F (t+ t′)〉t = C · δ(t′) (2.14)

where C ∈ < is a real constant, and the Fourier transform F of the autocorrelation,
the power spectrum

|F (ω)|2 = C · F [δ(t)] = C (2.15)

Using equation 2.13, one can get the power spectrum of the trapped particle, which
is a Lorentz function [33]

PSD(ω) = 1
τ
|x(ω)|2 = Cτ−1γ−2

ω2 + (κ/γ)2 = A

ω2 + ω2
c

(2.16)
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With the critical frequency (or corner frequency) ωc = κ/γ, which splits the power
spectrum in two regimes and the total duration τ of the signal x(t). For ω � ωc,
the power spectrum is roughly constant

PSD(ω) ω�ωc≈ A

ωc

=: S0 (2.17)

For frequencies ω � ωc the power spectrum follows 1/ω2 the same behavior that a
freely diffusing object would have. This means that on short timescales the trapped
object is not influenced by the optical trap. In figure 2.3, a typical powerspectrum
of a trapped particle is shown.

Figure 2.3: Power spectral density of a 4 µm polystyrene bead. At low frequencies a plateau
is visible representing the trapping potential. At higher frequencies a scaling of ∝ ω−2 appears.
This is the same behavior that a freely diffusing particle would show. In this frequency range, the
particle is not affected by the optical trap. The power spectral density is fitted with a Lorentz
function to obtain detector calibration and trap stiffness (red curve)

To get a value for the amplitude A of the thermal force, thermal and mechanical
forces are compared using Parseval’s theorem. With the equipartition theorem for
an harmonic potential

1
2kBT = 1

2κ
〈
x2(t)

〉
(2.18)

it follows

kBT

k
=
〈
x2(t)

〉
= 1

2π

∫ ∞
−∞

dω
1
τ
|x(ω)|2 = 1

2π

∫ ∞
−∞

dω
A

ω2 + ω2
c

(2.19)

= A

2πωc

∫ ∞
−∞

dξ
1

1 + ξ2 = A

2ωc

(2.20)
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with ξ = f/fc. With this relation, one can get an expression for the amplitude A of
the thermal force

|F (ω)|2 = C = Aτγ2 = 2kBTωcτγ
2/κ = 2kBTτγ (2.21)

⇒ A = 2kBT

γ
= 2D (2.22)

Fitting the power spectrum with a Lorentz function yields values for A and ωc.
With that, and the stokes drag coefficient γ = 6πηr one can calculate the trapping
stiffness k

k = 2kBTωc

A
(2.23)

k = 6πηrωc (2.24)

From the quadrant photo diode of the trapping setup, the displacements and power
spectrum of the particles movement is gained in volts

1
τ
|uelect|2 = AV

ω2 + ω2
c

(2.25)

which is compared to the theoretical calculated power spectrum

1
τ
|umech|2 = 2kBT

γ(ω2 + ω2
c ) (2.26)

The calibration factor c is then calculated with uelec [V ] · c [m/V ] = umech [m] and
yields

c =
√

2kBT

6πηrAV

(2.27)

Dual optical trap setup 2.1.4

The optical trap used for most of the experiments is integrated in a custom-built
inverted microscope based on the setup first described in [34]. In short, a near-
infrared laser is polarized and split up in a parallel and a perpendicular polarized
beam and focused into an objective to create two individually steerable traps. A
sketch of the setup is shown in figure 2.4

The 1064 nm wavelength laser (Compass, Nd:IVO4, 4W, Coherent Inc., Santa
Clara, CA, USA) is protected against back reflections by an optical isolator (IO-
5-1064-VHP, Thorlabs, Newton, NJ, USA). To achieve a slight overfilling of the
objective, the beam is expanded by a 3x beam expander (Qioptic Photonics GmbH
& Co KG, München, Germany) to a size of approx. 4 mm. For stability reasons, the
laser is used at medium to high intensities. For adjusting the trapping power in the
sample plane without changing the laser power, a combination of a motor driven
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Figure 2.4: Schematic of the setup. A 1064 nm laser is split up into two beams by polarization
and focused into a microscope to create an optical trap. Both beams are collected by a condenser
and split up again on two individual QPDs for back-focal plane detection. Both beams can be
steered individually by a telescope lens pair. One beam has also the option of fast steering by
an AOD. The sample is illuminated by an LED and imaged by a camera. PBS:polarizing beam
splitter, DM: dichroic mirror, LF: 1064 nm laser line filter.
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half-wave plate (PRM1Z8, Thorlabs, Newton, NJ, USA) and a polarizer is used.
A Glan-Laser polarizing beamsplitter splits the beam in two orthogonal polarized
beams (called the direct and the indirect trap). Both beams pass a 1:1 telescope lens
pair which allow for individual positioning of the two traps in the specimen plane.
In one of the beam paths (the indirect trap), an acousto-optical deflector (AOD) is
used for fast beam steering (DTD276HB6, IntraAction, Corp., Bellwood, IL, USA).
Both beams are recombined with a second Glan-Laser polarizer and coupled into the
microscope with a dichroic mirror. The laser beam is focused into the sample with
a 100x oil immersion objective (Neofluar, Carl Zeiss MicroImaging GmbH, Jena,
Germany). The sample is mounted on a 3D translational stage which is steerable
in x-y direction with micrometer screws and in z-direction with a stepper motor.
Additional precision steering is possible with a piezo driven stage (MCL01084, Mad
City Labs, Madison, Wi, USA). After passing the sample, the laser light is collected
by an 1.4 oil immersion condenser (Carl Zeiss MicroImaging GmbH, Jena, Germany).
The light is again split into the two orthogonal polarized beams by a third Glan-
Laser polarizing beamsplitter and the back focal plane of the condenser of each beam
is focused by a lens onto a quadrant photodiode (QPD). Before each photodiode,
the laser beam passes a thin-film polarizer to clean up the polarization signal and
reduce crosstalk [35] and a laser line filter which only allows passing of the 1064 nm
trapping light. The currents of the QPDs are converted into Volts showing intensity
distributions of the x- and y direction of the back focal plane of the optical trap.

For sample illumination, light of a green LED is coupled into the microscope
with a dichroic mirror above the condenser. It is passing the second dichroic mirror,
which couples the trapping laser into the microscope path and is imaged onto a
CCD camera (Coolsnap EZ, Photometrics, Tucson, AZ, USA).

Force-feedback mode 2.2

So far, the optical trap as described is used to trap an object at a certain position,
measure the displacement of the object from the center position of the trapping laser
and calculate the according force that is needed to lead to this displacement. To
be able to apply a constant force to an object with the trapped particle, one needs
to implement a feedback mechanism that keeps the force constant and displaces the
particle accordingly (i.e. moving the center position of the trapping laser). Such
a force feedback is needed to apply a constant external force to a cell suspended
between two optically trapped beads. A force feedback mechanism that allows the
repositioning of one of the traps using an acousto-optical deflector (AOD) according
to the force signal detected by the QPD of the other trap. The feedback was added
to the already existing LabVIEW software control of the trapping setup, "trap com-
mander (TC)" written by Christoph Pieper [36]. The basis of this feedback is the
proportional-integral-derivative (PID) algorithm that comes as an extension packet
for LabVIEW software.
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In PID control, a process variable and a setpoint are specified. The process
variable is the system parameter that should be controlled which is in our case
the displacement of the trapped particle from the trap center. The setpoint is
the desired value for the parameter that we want to control, here it is the desired
displacement/force. The PID controller determines a controller output value, or
error signal, and applies it to the controlled system. The system then drives the
process variable towards the setpoint value. Figure 2.5 shows a schematic of a PID
control process.

Figure 2.5: Block diagram of a PID controller in a feedback loop.

The PID controller compares the setpoint (SP) to the process variable (PV) to
obtain the error (e)

e = SP − PV (2.28)

Then the PID controller calculates the individual action terms for proportional, uP ,
integral, uI , and derivative, uD gain.

uP (t) = Kce (2.29)

uI(t) = Kc

Ti

∫ t

0
edt (2.30)

uD(t) = KcTd
de

dt
(2.31)

which combine to the controller action u(t)

u(t) = Kc

(
e+ 1

Ti

∫ t

0
edt+ Td

de

dt

)
(2.32)

with the controller gain Kc the integral time Ti, also called the rest time, and the
derivative time or rate time Td. Detailed information about feedback control and
PID can be found in [37]. Details about the tuning of the gain- and timing constants
of the PID and its implementation in LabVIEV can be found in the "PID Control
Toolset User Manual" (National Instruments).

Figure 2.6 shows the block diagram of the force feedback. In the program,
the raw data is extracted from the general data stream that travels through the
whole trap commander program (light blue cable). From the raw data, the x-y-
displacement signals from the quadrant photodiodes are extracted and split into
individual datasets (red box No. 1). A first switch, the feedback should control
the x-signal from the direct or the indirect diode. A second switch allows then, to
use a low-pass filtering so that the feedback only corrects the signal below the filter
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Figure 2.6: Block diagram of the feedback programm. The QPD signal is extracted from the
datastream and low-pass filtered. The filtered x-signal of the diode is send as the process variable
to a PID controller. The algorithm calculates the error signal which is then fed to the AOD.
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frequency. In general, for the cell experiments, the low-pass filter is set to 30 Hz since
the feedback should only control the low frequency regime where motor proteins are
active (< 10 Hz). The low-pass filtered signal is the fed into the PID algorithm as
the process variable (red box No. 2). The PID.vi is also fed with the parameters
for the PID variables and with the setpoint. The output value of the PID algorithm
is then binarized and sent to a variable which is connected with the general data
stream and the FPGA board (red box No. 3). The output variable is then connected
on the FPGA board with the analog output AO1 which is connected to drive the
AOD. There is also the option to connect a sinusoidal signal to the output instead
of the feedback signal (red box No. 4). This is useful to calibrate the output signal
(Volts) of the FPGA analog output into a displacement signal (µm) of the trapping
laser by the AOD. Setpoint, diode signal, low-pass filtered diode signal and feedback
output (or function generator output) are displayed as a graphical control (red box
No. 5). The feedback is designed as a software controlled PID feedback. Therefore
it only works, if the trap commander is receiving data from the FPGA board (during
preview or measurement). This allows the feedback to work only at lower (software)
sampling rates (<1 kHz) which is sufficient enough for the cell experiments. If a
faster feedback is needed, the PID control has to be shifted to the FPGA hardware,
which is able to work at frequencies of roughly 200 kHz. There, the sampling rate
is limited probably by the speed of the hardware filters and the speed of sound in
the AOD crystal to roughly 60-100 kHz. Examples of a FPGA-based PID control
for optical traps can be found in [38, 39].

In figure 2.7, the front panel of the feedback is shown. The main part of the
window is used by the graphic control of the setpoint, diode signal and PID output.
On the left side next to the graph are the controls for the calibration factor of the
optical trap (pN/V ) and the force setpoint. Below that are the control parameters
for the PID gains. On the lower left side of the panel are the control parameters
and the switch for the sine-wave generator. Above the graphics panel are the main
switch for the feedback, the switch for the low-pass filter and the settings for the
filer frequency and sampling rate. Above that is the switch to decide if the feedback
should control the x-value of the direct- or indirect trap. On the top right side of
the panel are the numerical controls for the graphic display and for the output value
of the feedback. Right next to the graphic panel are buttons for autotuning and
initializing the feedback.

2.3 Measuring cellular force fluctuations

To measure force fluctuations and elasticity of the cells, methods of active and
passive microrheology are used. The dual optical trap is first used to capture two
fibronectin-coated beads and attach them to opposite sides of a rounded-up cell (fig.
2.8). Each bead was allowed to bind to the cell for approximately 5 minutes and
form a tight adhesion domain. The two beads now mimic an extracellular matrix for
the cell and allow it to transmit forces to the beads that result in position changes of
the beads. These position fluctuations were recorded by the quadrant photodiodes
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Figure 2.7: Front panel of the feedback program. Graphical control screen of the setpoint,
diode signal and feedback output in the middle. Control panels for PID settings, low-pass filter
settings and general program start-stop buttons on the side.

Figure 2.8: Fibroblast
suspended between
two optically trapped
fibronectin-coated
polystyrene beads.
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Figure 2.9: Schematic of the setup: a cell (grey) exerts forces F1 and F2 on the two attached
beads (red and blue). The corresponding displacements of the beads (u1 and u2) in the traps
are detected by QPDs and recorded via FPGA I/O board and LabVIEW software. In feedback
mode, the computer controls the AOD and displaces one of the traps (blue) to keep the force
measured on the red bead constant.

placed in the conjugate plane to the back-focal plane of the condenser lens of the
microscope [30]. Voltage signals from the QPDs were acquired and digitized using
a field programmable gate array (FPGA) and LabView Software (NI PXI-7833R,
National Instruments) (figure 2.9). This measurement configuration using the dual
optical trap approach has also the advantage that one can easily change the external
stiffness that the cells feel by adjusting the trapping (laser) power. To distinguish
the non-equilibrium cellular force fluctuations from Brownian motion background,
we have to combine active and passive microrheology. In the passive mode, keeping
the beads at constant positions and following their displacements, one obtains the
full fluctuation spectrum, including the one due to thermal forces. In the active
mode, one oscillates one of the beads at a single frequency and detects the resulting
fluctuations of the other one. A lock-in amplifier then calculates directly a material
response of the cell at that frequency. The fluctuation-dissipation theorem allows us
to calculate the apparent thermal fluctuation spectrum from the response curve. A
more detailed description of microrheology and its application for cells can be found
in [40][41].
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Passive method

For passive measurements, we recorded the position fluctuations of the two beads
ui(t) and calculated the Fourier transform of the cross correlation of the bead posi-
tions, the powerspectral density (PSD)

PSD(ω) = 〈u1(ω)u∗2(ω)〉tot :=
∫ ∞
−∞

dt′(u1(t+ t′)u2(t′)) exp(iωt) (2.33)

with custom written MATLAB (MathWorks, Natick, MA, USA) programs from the
"‘MR toolbox"’ previously described in [42]. The position cross-correlation pow-
erspectrum is then calibrated with the trap stiffness k into a force spectrum. To
get an estimate of the total force that the cell is generating, the force spectrum is
integrated in the range of 0.1-10 Hz to get ∑10

0.1 FF
∗.

Active method

To measure the response function of the cell, one of the traps is oscillated with a
driving force f2 by the AOD. The driving signal and the corresponding QPD signal of
the stationary trap u1 are fed into a lock-in amplifier, which calculates the complex
response A∗1,2 of the system

A∗1,2 = A
′

1,2 + iA
′′

1,2 = u1

f2
(2.34)

We can use the fluctuation-dissipation theorem (FDT) to compare the fluctuations
of our system with the imaginary part of the response function

〈u1(ω)u∗2(ω)〉 = 2kBT

ω
A

′′

1,2 (2.35)

In equilibrium, both sides of the equation are equal. However, in our system, the
cells are generating force fluctuations consuming energy, which makes our system
highly non-equilibrium. Still, we can use the FDT to get an estimate of the thermal
fluctuations that we calculate from the response function

〈u1u
∗
2〉thermal = 2kBT

ω
A

′′

1,2 (2.36)

and subtract that thermal spectrum from the total fluctuation spectrum, that we
obtain from the passive method, leaving only the non-equilibrium part of the fluc-
tuation spectrum

〈u1u
∗
2〉non−equi = 〈u1u

∗
2〉tot − 〈u1u

∗
2〉thermal (2.37)

If we compare the response function, calculated from the fluctuations using the FDT
(passive method) and the real response function (active method) we see, the real part
of the response function roughly overlaps. However, we see a large deviation in the
imaginary part starting roughly below 10 Hz. This shows that the non-equilibrium
fluctuations generated by the cell are only dominant below 10 Hz. Whereas the
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Figure 2.10: Response function of a 3T3 fibroblast. Open symbols show the fluctuation mea-
surements transferred into a response using the FDT (PMR, passive method). The close symbols
show the response of the cell (AMR, active method). Blue squares for the real part of the re-
sponse functions and red circles for the imaginary part of the response function.

imaginary part of the fluctuations show a large negative response, the real response is
roughly zero (figure 2.10). This shows that the thermal fluctuations in this frequency
regime are negligible and that the total force spectrum is dominated by the non-
equilibrium fluctuations of the cell, therefore it is safe to assume

〈u1u
∗
2〉non−equi ≈ 〈u1u

∗
2〉tot for f ≤ 10Hz (2.38)

2.4 Elasticity measurements

For the active compliance measurements, the AOD was used to oscillate spatially one
of the optical traps, while keeping the other one at constant position. Displacements
of approximately 500 nm amplitude with a frequency of 0.2 Hz were applied, which
remains in the linear response regime of the cell [40]. The position of both beads
within the optical traps (ui(t)) and the center position of the oscillating trap (d) are
recorded and the applied force F = k(u2−u1) is calculated (figure 2.11). The driving
amplitude of the AOD-steered trap minus the difference between displacements ui

gives the effective elongation of the cell ∆l = d− (u1 − u2). By approximating the
cell as a linear-elastic element, we can use Hooke’s law

F = kcell∆l (2.39)
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Figure 2.11: Schematic of an elasticity measurement. Upon a stretching event, the moving
trap is displaced by the AOD by a distance d. Both beads are displaced from the trap center by
a distance u1 and u2, respectively. The cell is modeled as an elastic spring with spring constant
k12.

and obtain an elastic spring constant kcell from force-elongation plots for each indi-
vidual cell.

Cell culture 2.5

NIH 3T3 cells (ACC 173, DSMZ, Braunschweig, Germany) were cultured in Dul-
becco’s modified Eagle’s Medium (DMEM, D6046, Sigma-Aldrich, St.Louis, MO,
USA) with 10% fetal bovine serum (FBS, F0244, Sigma) and 1% penicillin-streptomycin
(17-602E, Lonza, Basel, Switzerland) in 75 cm2 culture flasks (83.1813, Saarstedt
AG, Nümbrecht, Germany) at 37◦ C and 5% CO2. Cells were grown up to a conflu-
ency of roughly 80% and passaged in new culture flasks using 0.05% trypsin (59417C,
Sigma) every 2-3 days with a density of 125,000 cells per flask.

For experiments, cells grown to roughly 80% confluence were trypsinized for 3
min at 37◦ C and centrifuged after adding DMEM with FBS to inhibit the trypsin.
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The pellet was resuspended in CO2 independent medium (18045-054, Life Technolo-
gies, Darmstadt, Germany) also supplemented with 10% FBS and stored on ice until
use within 8h.

For the drug perturbation experiments, trypsinized cells were incubated in a test
tube with either 100 µM blebbistatin (racemic mixture, 203389, Merck, Darmstadt,
Germany) or 3 µM nocodazole (M104, Sigma) for 30 min at room temperature prior
to the experiment.

Transfection

For transfection with the 3D nucleofector (Lonza), cells grown to 80% confluence
were trypsinized as previously described and centrifuged. The cells were counted
and 1 Mio cells were resuspended in the desired transfection buffer (SE-buffer for
NIH 3T3, P2-buffer for cardiac fibroblasts) (Lonza). DNA of the desired fluorescent
fusion protein, LifeAct-RFP (ibidi, Martinsried, Germany) [43] and/or non-muscle-
Myosin-IIa (gift from R.Adelstein, Addgene plasmid # 11347 [44]) was added to a
total amount of 3 µg in the sample. The cell solution was transferred to transfection
vessels and transfected in the 3D nucleofector with program CA137. The solution
was incubated for 5 minutes after transfection, then 100 µl of pre-warmed medium
was added and the solution was transferred in a culture flask.

Primary fibroblasts

Cardiac fibroblasts (CFB), human foreskin fibroblasts (HFF), gingival fibroblasts
(GFF) and human induced pluripotent stem cell derived fibroblasts were cultured
in the lab of Prof. Zimmermann at the department of pharmacology in the university
medical center in Göttingen. Cells were transported to our lab in petri dishes with
culture medium in an isolation box. They were detached using the same trypsin
protocol that was used for the NIH 3T3 fibroblast cell line. All experiments were
done in 10% FBS supplemented CO2 independent DMEM at room temperature.
Non-muscle myosin II perturbations were done adding 100 µM blebbistatin to the
sample as described before.

2.6 Vesicle preparation

Giant unilamellar vesicles (GUVs) were prepared from a mixture containing 95% of
1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC) and 5% 1,2-dioleoyl-sn-glycero-3-
phosphoethanolamine-N-(cap biotinyl) (DOPE-B-Cap) (850375, 870273, both Avanti
Polar Lipids, Alabaster, AL, USA) by electroswelling in a solution of 100 mM glucose
(X997.2, Carl Roth, Karlsruhe, Germany) and 1 mM NaCl (1064041000, Merck) as
described in [45] and stored in a solution of 100 mM succrose (9286.1, Roth) and 1
mM NaCl at 4◦C for up to one week.
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Introduction 3.1

Mechanical interactions and forces that cells exert and feel govern many of their
processes such as substrate- or cell-cell adhesion, locomotion and cell division [46, 11,
47, 48, 16, 8]. Cells constantly communicate with each other through forces. They
generate forces to move through tissue but also to probe the mechanical response
of their environment. A focus in research of cell forces has been performed on
the influence of substrate stiffness to shape and internal structure of cells [49, 50,
51]. The most prominent structures that develop in the acto-myosin cell cortex are
contractile stress fibers that can be highly ordered [51].

Cells generate contractile force mostly through their acto-myosin network where
myosin motors create contractile stress across actin bundles by hydrolyzing ATP
[52]. Another source of force generation is polymerization and depolymerization of
the cytoskeletal filaments microtubules and actin [53]. Viscoelastic properties along
with microscopic force generation determine the dynamics of such ’active matter’.
Reconstituted in vitro model systems including networks encapsulated in a lipid
envelope mimicking cellular geometry [54] have been successfully used to study the
mechanical properties of such systems [55, 56]. However, it is still challenging to
measure forces and mechanical properties of living cells accurately. An easy way
to measure these properties has been to use traction force microscopy on substrate-
adherent cultured cells [57], a rather non-physiological situation for most cell types.
A tool to probe suspended cells is the optical stretcher [58, 59] but it has the draw-
back that cells are not attached to any substrate, not being able to form focal
adhesions. It is also not possible to measure cell forces.

In this study, we further develop an approach that we have introduced recently,
using active and passive microrheology to probe force generation and elastic re-
sponse of the cell simultaneously [40, 41]. We attach micrometer-sized polystyrene
beads to a suspended cell with a dual optical trap (figure 1a). The position of the
beads is tracked with high bandwidth using laser interferometry (see figure 2.9).
This approach allows us to probe the mechanical properties of suspended cells with
oscillatory forces and in the same experiment measure the force fluctuations that
the cell generates. This approach allows us to measure, in contrast to experiments
that rely on surface adherent cells, the total force transmitted to the outside world.
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Figure 3.1: Example of the time courses of displacements of the two particles from the trap
center of the stationary (red) and oscillating (blue) trap and the driving amplitude of the AOD
steered trap (black). Driving frequency 0.2 Hz.

In rounded cells, actin and myosin are mainly confined to the less than 1 mm thick
cellular cortex [60, 61, 62]. Due to the surface tension that is in competition with
osmotic pressure, cells maintain a round shape [16, 63, 64]. Cells have the possibil-
ity to store excess lipid membrane area in different types of surface invaginations
[65, 66] unlike lipid vesicles that are used as model systems. It has been shown that
myosin motors are able to contract and compact the actin networks [67, 68], there-
fore surface tension is generated by the acto-myosin network. Here, we demonstrate
that the cortical acto-myosin network is the key cytoskeletal component generating
contractile force fluctuations and providing mechanical strength, whereas the con-
tribution of the microtubule network is negligible. Most results in this chapter have
been published in [69].

3.2 Elasticity

First, we use the active mode to measure effective cell stiffness (section 2.4). We
apply oscillatory forces using the acousto optic deflector to move one of the optical
traps (figure 2.9 and 2.11). Displacements of approximately 500-600 nm with a
frequency of 0.2 Hz were applied, which remains within the linear-elastic response
regime of the cell [40]. Positions of both beads and the center of the oscillating trap
were recorded and the force applied to the cell and its elongation was calculated. In
figure 3.1 an example of the displacement signals u1(t) and u2(t) of the two particles
from the trap center of the stationary and oscillating trap, and the driving amplitude
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of the AOD-steered trap d are shown. For each measurement, the mean displacement
of one oscillation period is calculated. From this plot, we calculate the effective
elongation of the cell ∆l = d− (u1 − u2) and the applied force F = k(u2 − u1). We
approximate the cell as a linear-elastic element and use Hooke’s law F = −kcell∆l to
obtain an effective spring constant kcell from force-elongation plots of each individual
cell. Figure 3.2A shows an example of such a force-elongation relation for a 3T3
fibroblast in normal medium conditions (control). Averaging over 10 individual cells
yields an effective spring constant of kcell = 9.5± 2.5× 10−5 Nm−1

Figure 3.2: Active measurement of cell elasticity. A: Force-elongation plot from a periodic
stretching experiment, averaged over five periods and linear fit to get kcell. B: Effective cell
spring constants of fibroblast cells under control conditions (black), after treatment with 100 µM
blebbistatin (red), 3 µM nocodazole (green) and in serum-free medium (blue). Effective spring
constant of DOPC/DOPE-biotinyl giant lamellar vesicles (GUV) (purple). Ten cells measured
for each condition (GUV, N=6).

We did active deformation experiments to determine the effective spring con-
stant kcell using biochemical perturbations. This allows us to distinguish the con-
tributions of actin, myosin and microtubules to cellular compliance (figure 3.2B).
We see a significant threefold decrease in cell stiffness kcell = 3.1± 1.5× 10−5 Nm−1

after blocking non-muscle myosin II motors (NMM II) with 100 µM blebbistatin
in comparison to cells in control conditions (t-test, significance level 99.9%). This
result clearly confirms a major contribution of the cortical acto-myosin network to
cellular rigidity and integrity. Microtubules are stiff rods with a persistence length
of lp ≈ 5 mm [70], therefore their more evenly distributed network might play a
role in the overall mechanical response of the cell. We treated the cells with 3 µM
nocodazole to depolymerize the microtubules but see only a slightly smaller stiff-
ness kcell = 7.5 ± 4.1 × 10−5 Nm−1 than untreated cells which was not statistically
significant. Although subtle changes might be not detectable in our setup with an
error margin of roughly 30%, we see that depolymerizing microtubules has no no-
tably effect on cell compliance. It is known that cells on substrates in low-serum
or serum-free conditions have significantly reduced contractile forces [71, 72]. We
tested the effect of serum-starvation and found that cells show a significant reduction
(p>99.9%) in cell stiffness kcell = 2.1 ± 1.2 × 10−5 Nm−1 compared to the control
population after only 30 minutes. This reduction in stiffness is comparable to the
one seen after blebbistatin treatment. This is an indication that serum starvation
is an efficient method to shut down cellular force fluctuations.
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We used giant unilamellar vesicles (GUV) as a model system to estimate the
possible contribution of the plasma membrane to the elastic response of the cell.
We found that the spring constant of GUV was significantly (p>99.9%) 30-fold
lower compared to the effective spring constant of control cells. In an osmotically
stretched GUV, uniaxial deformation would couple to both bending and stretching
of the bilayer against osmotic pressure. Cells, however, have access to membrane
stores and bilayer stretching is therefore not relevant here. So the results for GUV
merely provide an upper limit for the contribution of bilayer bending. Nevertheless
it is safe to conclude that the mechanical contribution from the lipid bilayer is
negligible due to its large difference compared with the acto-myosin network.

3.3 Force fluctuations

It is interesting to compare cell compliance with force fluctuations. Therefore, we
used the passive mode to measure force fluctuations of the cells for different biochem-
ical perturbations. We used stationary optical traps and attach the beads to cells at
positions that correspond to initially zero force (figure 3.3). For longer timescales or

Figure 3.3: Force
curves Fi = k ·ui of two
beads attached to oppo-
site sides of a fibroblast
cell.

low frequencies, viscous drag is not relevant in the sample, so the force that the cell
exerts on the beads must be equal and opposite F1 = −F2 since the cell has no other
anchor point. We calculated the Fourier transform of the of the cross-correlation of
the two displacement time traces 〈u1(ω)u∗2(ω)〉 and obtain the corresponding power
spectral density (PSD) of the force fluctuations 〈F1F

∗
2 〉 = k2 〈u1u

∗
2〉 by multiplica-

tion with the trap stiffnesses who are set to be equal. 〈F1F
∗
2 〉 is always a proper,

positive PSD because the forces have to be opposite and equal in contrast to the
amplitudes u1 and u2 in the case of non-equal trap stiffness. Consistent with earlier
results [56, 40], we find that the frequency dependence of the PSD follows a scaling
law 〈FF ∗〉 = k2 〈u1u

∗
2〉 ∝ ω−2 (figure 3.4) which corresponds to a mean squared
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displacement scaling linearly in time. Simple thermal diffusion in a purely viscous

Figure 3.4: Force spectrum of a fibroblasts cell. The orange box marks the integration window
for each measurement to get the sum of force fluctuations k2∑u1(ω)u2(ω). The solid black
line represents a ω−2 power law.

environment would generate exactly the same scaling law. However, we know from
the active compliance measurements that the beads are attached to a predominantly
elastic cell. In this environment, the cross-correlation of thermal fluctuations would
be almost flat in the frequency domain [73]. Therefore, the observed scaling must
be caused by the non-equilibrium stress fluctuations generated by internal motor
activity.

Our experiments are done at room temperature (23◦ C). Therefore we checked if
the cells behave different at 37◦ C. Although we see more active and even dividing
cells, we do not see any statistically significant difference in force generation between
23◦ C and 37◦ C (figure 3.5).

We integrate the force PSDs in the range from 0.1 to 10 Hz, where we see non-
equilibrium fluctuations, to get a quantitative estimate of the total cellular force.
Most parts of the motor driven non-equilibrium are covered with the integration
range. We also checked if the force fluctuations of fibroblast cells follow the same
spring model that was introduced in earlier work [40]. We plotted the total cellular
force versus trap stiffness (figure 3.6) and found that the force increases, as expected
from the model with trap stiffness and could therefore confirm the previous work.
Briefly, the model explains that more cell-generated force is transmitted to the
optical traps if the trap stiffness is higher. At a threshold stiffness of roughly 2×10−5

N/m, the total transmitted force reached a plateau which means that it approached
the effective cellular stiffness, consistent with the results of the active measurement.

We use drug perturbation experiments to test the contribution of different key
components to the total force production of cells. Therefore, we plotted experiments
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Figure 3.5: Force fluctuations of fibroblast cells at different trap stiffness. Force fluctuations at
room temperature (black) and at 37◦ C (red).

Figure 3.6: Force fluctuations of fibroblast cells plotted versus trap stiffness. A) Fibroblasts in
serum-free medium. Each point shows the total force fluctuations of an individual cell obtained
by integration. The fit shows the spring model from [40]. B) Total force fluctuations plotted
versus trap stiffness of fibroblasts treated with different biochemical perturbations. For averaging
in a force histogram, only data points from the plateau region above a trap stiffness of 2× 10−5

N/m are used.
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at trap stiffnesses higher than 2× 10−5 N/m in normalized histograms of integrated
cellular force fluctuations and calculated the mean values of integrated force fluc-
tuations (figure 3.7). For untreated 3T3 fibroblasts (control), we find a value of

Figure 3.7: Cellular force fluctuations of fibroblasts at different biochemical perturbations. A)
Histograms of integrated force fluctuations (0.1-10 Hz) of control cells (black) and of cells
treated with 100 µM blebbistatin (red), 3 µM nocodazole (green) and in serum free medium
(blue). B) Integrated force fluctuations, averages and standard errors obtained from Gaussian
fits of distributions showing that the distributions are broader for control and serum-starved cells
in comparison to blebbistatin-treated and nocodazole-treated cells.

〈FF ∗〉 = 4.05×10−25 N2. Force fluctuations are reduced by almost an order of mag-
nitude after blebbistatin treatment. The width of the distribution for blebbistatin
treated cells was a factor of 2.5 smaller than that of the control cells. For nocoda-
zole treatment, we find no significant differences from the control values, both in
amplitude and width of distribution. Serum starvation, in contrast, led to a strong
decrease of force fluctuations in comparison to control cells and was comparable to
those of blebbistatin-treated cells. However, the distribution of serum-starved cells
was twice as broad compared to the blebbistatin treated cells. This shows that the
reaction of cells to serum starvation is more variable from cell to cell than the direct
inhibition. Overall, a major role of the acto-myosin network in the production of
force fluctuations is confirmed by these results. On the other hand, force fluctuations
do not depend on the microtubule cytoskeleton.

Force clamp 3.3.1

Cells are expected to sense external forces and react to them. However, in the ex-
periments so far, we attached the beads to the cell with the force initially adjusted
to roughly zero and kept the beads at constant position. Cells exerted contractile
forces over time and so the force drifted away from zero slowly in time. To ob-
serve cells under a defined constant external force, we constructed a force clamp
using feedback (see section 2.2). We measured the force on one of the traps and
repositioned the other one to compensate for force changes due to cellular activity.
First, we measured cellular force fluctuations at different fixed values of pre-tension.
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Figure 3.8A shows the displacement fluctuations of the two beads attached to cell.

Figure 3.8: Constant force measurement. A) Constant force measurement with switching force
between 5 and 25 pN every two minutes. Red and blue data points show forces of trap 1 and
2 (left axis), black data shows the cell diameter (right axis). B) Power spectral densities of the
trap position signal at the different clamp forces.

During the measurement, we alternated the pre-tension value between 5 and 25 pN,
roughly every two minutes. We see an immediate elastic response of the cell to the
changing force but no further stereotypic reaction. The cell shows slow irregular
fluctuations that are on the scale of minutes. These irregular fluctuations seem
to be independent of the direction of the force jumps and also on the total clamp
force. We have seen such irregular fluctuations during long-time measurements in
constant-position mode (figure 3.9). Similar fluctuations have also been found by
others [74]. Panel B in figure 3.8 shows the power spectral densities of the trap

Figure 3.9: Long-time
measurement of forces
of two attached beads.
Periodic fluctuations on
top of an overall con-
traction of the cell at
the timescale of the
whole experiment are
visible.

position signal at the different clamp forces. All spectra follow approximately the
same scaling law 〈u1(ω)u2(ω)〉 ∝ ω−2 seen without force clamp and discussed in
section 3.3. No significant difference is visible between the different clamp forces (5,
25 and 50 pN). This implies that the strain fluctuations of the cell are independently
of the external pre-stress of the optical trap and that therefore the forces that the
cell generates to drive its own deformation must be much larger than the maximal
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force that the optical traps are able to exert. With this finding, it is still possible
that the stiffness of the cell is in the same range as that of the optical trap.

Figure 3.10: Cell deformations under force clamp conditions. A) Measurement at a constant
force of 20 pN. Force (left-axis) on bead 1 (red) is clamped and bead 2 is moved by AOD. Force
on bead 2 (blue) is measured with errors due to trap movement. Black squares show feedback-
controlled position of trap 2 (right axis). We observe a periodically contracting cell (decreasing
and negative numbers of displacement) with increasing amplitude over time. B) Constant force
measurement at 25 pN of a blebbistatin-treated cell. Feedback signal shows a slowly elongating
cell (larger and positive values of displacement). C) Cell diameter fluctuated and decreased due
to contractile forces under external force clamp (black), and the blebbistatin-treated cell showed
relaxation behavior and elongation (red). D) Power spectral density of the feedback signal and
of displacement of the bead in the stationary trap with a feedback low-pass filter at flpf = 30
Hz. Below the filter frequency, all cell movements were followed by the feedback while the
relative position of the bead with respect to the trap center remained constant. Above the filter
frequency, the feedback does not follow the fluctuations.

We measured long-time response of a cell to an external constant force to test
if the cell reacts on longer timescales to this external force. Figure 3.10A shows a
measurement in control conditions for approximately six minutes. Force fluctuations
and position of the moving trap are recorded at a force of 20 pN. The cell showed
again an irregular fluctuation, possibly an oscillation similar to the one seen in
the long-time constant position experiment. We repeated the measurement under
the influence of 100 µM blebbistatin to check if the oscillations are driven by the
acto-myosin cortex. Figure 3.10B shows the results of the blebbistatin experiment.
Blocking the NMM II motors prevented contraction. The blebbistatin-treated cell
systematically elongated under the external force by more than 1.5 µm after 6



34 Force fluctuations of suspended cells

minutes expected for the creep response of a viscoelastic material. In panel C of the
figure, cell diameters of both cells are plotted over time, emphasizing contracting
and expanding control cell and the slowly relaxing blebbistatin-treated cell.

In the feedback, a 30 Hz low-pass filter is implemented. Figure 3.10D shows
the fluctuation spectrum of the error signal of the feedback that is controlling the
moving trap and the remaining fluctuation spectrum of the stationary bead. Below
the filter frequency, the error signal shows the cellular contractions against internal
stiffness also following the ω−2 power-law as expected, whereas the bead fluctuations
are at a noise-determined level. Above the filter frequency, the bead is recording the
cellular force fluctuations against the now stationary trap.

3.4 Bead size

Experiments that use tracer beads on the outside of cells are only able to explore an
apparent elastic or viscous modulus of the cell because the bead is not fully embedded
in the material. The apparent modulus therefore depends on the attachment area
and indentation depth of the bead to the cell [75, 76]. To check, how strong our
results depend on the bead size and therefore on the attachment geometry, we used
bead sizes of 2, 4 and 8 µm (figure 3.11) to compare the results of the spring constant
and total force generation.

Figure 3.11: Brightfield images of NIH 3T3 cells suspended between two trapped beads of
different bead size. A) 2µm bead. B) 4 µm bead. C) 8 µm bead.

Figure 3.12 shows the results of the spring constant and total cellular force
generation. In all experiments, we see no significant difference between bead sizes
of 2 or 8 µm compared with our regularly used bead size of 4µm. We therefore
assume that small differences in the attachment geometry even within one bead
size have no significant error contribution to our results. Moreover, using beads of
at least 4 µm assure us that the cell is able to build focal complexes to attach to
the bead [77]. Larger beads allow us to stay away from the cell surface with the
optical trapping laser which prevents interactions of the laser light with the cell and
would cause errors in the interferometric position detection of the bead. However,
to compare the effective spring constant that we measure with a real shear modulus
precise knowledge of the cell-bead geometry is needed.
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Figure 3.12: spring constant and total force generation of NIH 3T3 cells. A) Effective spring
constant of cells with 2 (N=7), 4 (N=7)and 8 µm (N=6) beads. B) Total force generation of
cells with 2 (N=7), 4 (N=8) and 8 µm (N=4) beads.

Osmotic pressure 3.5

Key player in force generation and elastic stability of a spherical cell is the acto-
myosin dominated cortex. The mechanical properties of the cell depend on the
interplay between tension and viscoelasticity of the cortex, that of the bulk cellular
components, and on osmotic pressure. Increasing the osmolarity of the medium (ex-
tracellular side) would then result in a collapse of the acto-myosin cortex and shrink
the cells [78]. In a preliminary result, we measured the mechanical response of cells
exerted to a hyperosmotic shock. We added different amounts of polyethylene glycol

Figure 3.13: Effective spring constant of cells under osmotic pressure. Cells in control conditions
and with 2% (cyan), 5% (dark yellow) and 20% (purple) PEG added to the medium.
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(PEG) 300 (Sigma) to the medium and measured the effective spring constants of
the cells (figure 3.13). The spring constant of cells in medium with 2% PEG was
k2% = 7.24 ± 3.22 × 10−5 (N=5), lower compared to the control medium. Adding
5% and 20% reduced the mean spring constant further to k5% = 4.06± 1.02× 10−5

(N=8) and k20% = 3.22 ± 0.54 × 10−5 (N=3), respectively. Although we find no
significant differences between the PEG measurements due to the limited sample
size, cells treated with 5% and 20% were significantly softer than the control cells.
Furthermore, the trend of the mean spring constant shows that rounded cells, sus-
pended between two beads, have a lower spring constant with increasing osmotic
pressure.

3.6 Discussion

Cells constantly communicate with their surroundings. They probe and feel their
environment using mechanical cues which they exchange with their neighbors in tis-
sue through direct connections or extracellular matrix. We showed that the cortical
acto-myosin network is the essential player determining the mechanics of suspended
cells. Control experiments revealed that the lipid envelope of the cell provides no
major contributions to the overall elasticity of a fibroblast cell. The spring constant
of an osmotically stretched GUV was even lower than that of cells with reduced
cortical tension by blebbistatin treatment or under serum-free conditions. To relate
the spring constant of the cell kcell = 9.5 ± 2.5 × 10−5 to material properties, one
needs to take geometrical factors and the strong volume constraint due to osmotic
pressure into account. Assuming the cell as an elastic solid, the spring constant
can be related to an effective Young’s modulus E of approximately 100 Pa [40],
comparable to results from atomic force microscopy (AFM) and optical trapping for
small deformations [79], making similarly naive assumptions. However, this value is
rather descriptive in nature as one need to take geometry and material constants of
the cellular components into account to be related quantitatively to a cell material
constant.

According to the generally accepted wisdom that actin is dominating the elas-
tic response of the cells [79, 80], we found that depolymerizing microtubules had
no significant effect on cell stiffness. The effect that microtubules embedded in an
elastic matrix can bear orders of magnitude higher compressional forces than bare
microtubules [81] seemed not to play a role in our experimental geometry. The im-
portance of NMM II has been shown by the fact that blebbistatin treatment leads
to a roughly threefold decrease in effective cellular stiffness. Future experiments
will allow the dissection of the distinct contributions of different myosin motors to
cortical tension and force production. Especially myosin I is known to contribute
to cortical tension in cells [82]. An effect that could not be tested here, since bleb-
bistatin is highly specific for myosin II [83]. Stiffening in response to internal stress
is, indeed, a characteristic property of semiflexible polymer networks and has been
seen in experiments with model networks before [56, 84]. Interestingly, it was found
recently that blebbistatin-treated cells suspended in an optical stretcher not adher-
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ent to any substrate are stiffening [85], possibly pointing to nonlinear effects or to a
role of integrin-mediated adhesion domains for the contractile acto-myosin cortex.

Stress fluctuations indicated the molecular origin of cortical tension. Myosin
seemed to be the responsible molecular motor as indicated by the blebbistatin ex-
periments. The ω−2 power law in the force PSD is a signature expected at shorter
times than the characteristic attachment time of the motors [84]. The ω−2 scaling
law has also been observed in experiments with probe particles embedded in cells
[52, 86] and in cytoskeletal model networks [56] and NMM II minifilaments are likely
to produce holding times on the order of 10 s. However, these reports of characteris-
tic myosin force production times cannot explain the observed oscillation periods as
they are one order of magnitude lower. We therefore think that more complex and
collective effects of cellular force generation and transduction cause the observed
slow shape fluctuations.

AFM experiments showed that cells adhering to a two-dimensional substrate
generate higher stresses at higher temperatures [87] which is in contrast to our
finding that the force fluctuation amplitude is independent of temperature. Different
behavior is not unexpected, though, since the active processes driving cell spreading
are clearly different from those creating fluctuations of the rounded up cells. The
lower amplitude force fluctuations in serum-free medium are consistent with a report
that serum is necessary to fully phosphorylate the myosin II regulatory light chain
[88].





Construction of a confocal trap 4

One of the goals of this thesis was to investigate the active and mechanical properties
of cells that are suspended between two optically trapped beads and to image the
structure and distribution of their cytoskeletal filaments. Cell rheology experiments
were done with the trapping setup described previously, which is also equipped
with a green laser for epifluorescence imaging of RFP-tagged microtubules [89]. For
imaging of LifeAct transfected cells, a blue laser (Sapphire, Coherent) was coupled
into the illumination path with a dichroic mirror (AHF analysetechnik, Tübingen,
Germany). Preliminary experiments using this setup showed that it was not possible
to see single structures in transfected cells using epifluorescence illumination (figure
4.1).

Figure 4.1: GFP-Actin transfected cell (A) DIC brightfield image (B) fluorescence image

The main reason for this is that in this setup configuration light from the whole
illuminated focal volume is collected and imaged. Imaging at a round, transfected
fibroblast cell in solution, which has a diameter of≈ 20 µm, generated a large amount
of background fluorescence, making it impossible to visualize details. One option to
overcome this problem is to use a confocal microscope. Confocal microscopy allows
for the collection of light only from the focal plane, with scattered light from other
planes blocked by a confocal pinhole.
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Figure 4.2: Coupling
port for the trapping
laser with mounted tele-
scope lens (1). Behind
the cover (2) is the fil-
tercube turret for epi-
fluorescence filters. 3:
Button to open filter-
cube port.

4.1 Confocal trap

In our setup, we use a Leica SP5-X confocal microscope (Leica, Wetzlar) to image
the samples. Since the microscope is not designed to implement an optical trap,
certain limits and drawbacks have to be overcome. First, a suitable optical port
has to be found, to couple the trapping laser into the light path of the microscope
and focus it into the back-focal plane of the objective. The microscope has only
two ports for external light sources, one for the white-light scanning laser and one
for an epifluorescence mercury bulb. Since it is not suitable to remove one of the
light sources or to couple the trapping laser into one of these light paths, we decided
to use a camera port which is supposed to be used for a two-photon illumination
camera. This port is situated on the right side of the microscope, directly next to
the filtercube turret for fluorescence illumination (see fig. 4.2).

First, a redesigned filtercube was placed into the filter turret. It has a 90◦ rotated
design, so that the trapping laser is reflected coming from the right side upward into
the objective, in contrast to the regular design which reflects light from a mercury
bulb coming from a port at the backside of the microscope upward. Due to the
design of the filter turret, the filter port next to the trapping dichroic has to be
empty. Otherwise the trapping laser would be blocked by the neighboring cube
(figure 4.3).

The dichroic mirror has to transmit all wavelengths that are necessary for con-
focal imaging (405 nm from the diode laser and 470-670 nm from the white-light
laser) and to reflect the 1064 nm light from the trapping laser. We used a mirror
that has a high transmission for wavelengths below 700 nm and reflects wavelengths
above 700 nm (T700 DCSPXR-UV, AHF analysetechnik).
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Figure 4.3: Schematic view of the filtercube
wheel. Six filtercubes sit in the filtercube
wheel. The fluorescence light comes from
the top and is reflected upwards into the ob-
jective. For the trapping dichroic, the cube
is rotated by 90◦. The trapping laser comes
from the right and is reflected upwards. The
filter position on the right side next to the
trapping dichroic has to be empty to allow
undisturbed passage of the laser light.

Dual optical trap

A 1064 nm laser (Compass, Nd:IVO4, 4W, Coherent Inc., Santa Clara, CA, USA)
was used for optical trapping due to the low absorption rate of water at this wave-
length. The laser is protected from back reflections with an optical isolator (IO-
5-1064-VHP, Thorlabs, Newton, NJ, USA). To overfill the objective, the laser is
expanded with a beam expander (4401-359-000-20, Qioptiq Photonics, Göttingen,
Germany) and brought onto a breadboard raised to the height of the microscope
port with a periscope and two mirrors. To achieve maximum reflection with the
periscope, the polarization of the laser beam is adjusted with a λ/2-plate (WHP05M-
1064, Thorlabs) (figure 4.4).

On the breadboard, the laser passes through a combination of a λ/2-plate in a
motorized rotation stage (CLR1/M, Thorlabs) and a polarizer (GL10-C26, Thor-
labs) which allow adjustment of the trapping power in the sample plane without
changing the laser power. To create two individual steerable traps, the laser is then

Figure 4.4: Trapping
laser. The laser beam
is protected from back-
reflections with an op-
tical isolator, polarized
and expanded with a
beam expander
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Figure 4.5: Photo-
graph of the beam path
on the breadboard. The
trapping laser exits the
beam expander on the
top-right side of the
photo. It is raised to
the breadbord with a
periscope and polarized
with a λ/2 plate. It
is then split into the
two individual steerable
traps. After recombina-
tion of the two beams it
is focused by telescope
lenses into the back-
focal plane of the objec-
tive.

split with a Glan-Laser polarizing beamsplitter into two beams with orthogonal po-
larization. In one beam path, the beam passes a pair of AODs for fast steering in the
x-y direction (DTSXY-400-1064, AA Optoelectronics, Orsay, France). Both AODs
are steered by voltage controlled oscillators (VCO, DRFA10y, AA Optoelectronics).
The other beam is reflected by a mirror and a piezoelectric mirror (AG-100N, New-
port) for x-y-steering of the trap, then recombined with the first beam via a second
polarizing beamsplitter. Both beams are then coupled by a pair of telescope lenses
(1:1.6, G322-308-525 and G322-352-525, both Qioptiq Photonics) and the previously
described dichroic mirror into the back-focal plane of the objective of the microscope
(100x, 1.4 NA Oil CS2, Leica) which focuses the beam into the sample plane. A
photo of the components on the breadboard is shown in figure 4.5.

The sample is mounted on a 3D translational stage which can be steered with
micrometer screws and piezo elements and is controlled by the microscope software.
To align the laser into the objective, a tube that can be screwed into the objective
revolver is very helpful. One can place an adjustment laser (Thorlabs) onto the
tube and focus it into the outlet of the 1064 nm laser. In a second step, a pinhole
can be placed on top of the tube and the 1064 nm laser can be aligned so that
it passes through that pinhole. Fine adjustments are then made using the back-
reflected diffraction pattern from a glass-water interface of a mounted sample which
is imaged with the bright-field camera (Cool-Snap EZ, Photometrics, Tucson, AZ,
USA).

Back-focal plane detection

To detect trapping laser light after passing the sample, certain custom-made adjust-
ments had to be made to the condenser mount. Two attachment plates were fixed to
the condenser mount to balance the different heights. The second plate is equipped
to hold a dichroic mirror and has drilled holes to hold poles for the Thorlabs mi-
crocage system that includes the back-focal plane detection system. Everything
needed for the detection path is then added to the cage system (figure 4.6).
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Figure 4.6: Attach-
ment of the detection
path to the microscope.
1: Condenser mount. 2:
First attachment plate
connected to the con-
denser mount. 3: Sec-
ond attachment plate
mounted to the first
plate with a dichroic
mirror to decouple the
trapping laser and open-
ings for the cage system.
The trapping laser is re-
flected to the right and
split up into the orthog-
onal polarizations by a
polarizer (4) onto the
QPDs.

The laser light from the traps is collected by the condenser (S01, 1.4 NA Oil,
Leica). The trapping light is reflected by a dichroic mirror and made parallel with a
second lens (G313 217 329, Qioptic). With a mount for putting neutral density filters
into the beam line, the laser power can be adjusted to fit to the power range of the
QPDs. The beam is split up with a polarizing beamsplitter (PBS 253, Thorlabs)
into two orthogonally polarized beams. The back-focal plane of the condenser is
then imaged by a lens (LB 1596-C, Thorlabs) onto a QPD (SPOT9-YAG, 10mm
diameter, OSI Optoelectronics, Hawthorne, CA, USA). Before each QPD a laser line
filter (FL1064-10, Thorlabs) is inserted which only passes trapping light, to reduce
noise. The QPD signals are digitized and read out using an FPGA (NI PCI-7833R,
National Instruments) and the LabVIEW software described for the other setup
(section 2.1.4) A schematic view of the setup is shown in figure 4.7.

Characterization of the trap 4.2

To characterize the confocal trap and test it functionality, we performed several
control measurements. To align the traps in the sample plane, the back reflections
of the trapping laser at the bottom glass-water interface of a sample are imaged with
the bright-field camera. The reflections should be roughly in the center of the field
of view and symmetric. The intensity distribution should not shift from one side
to the other during focusing. If this is not the case, the beam does not enter the
objective perpendicular to its aperture plane. In figure 4.8 the reflections of both
traps are shown.

The trap has to be combined with confocal imaging, therefore we have to make
sure that the trapping light is not blocked during image acquisition. Therefore, the
place in the filter-wheel where the trapping dichroic mirror is located has to be set
to empty in the microscope software, otherwise it will rotate the filter-wheel to an
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Figure 4.7: Schematic view of the confocal trap. A 1064 nm laser is split into two beams with
orthogonal polarization and coupled into the Leica SP5 X confocal microscope. One beam is
steerable with a pair of AODs and the other beam can be steered with a piezo driven mirror.
The light of the beams is collected by a condenser and the back-focal plane of each beam of
the condenser is imaged onto separate QPDs for detection. PBS: polarizing beam splitter, DM:
dichroic mirror, LF: laser-line filter
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Figure 4.8: Trapping laser reflections of the bottom glass-water interface. The different patterns
are due to the different polarizations of the beams. A) reflection of the direct beam, B) reflection
of the indirect beam

empty position for imaging. As a test, one 4.95 µm fluorescent bead (660/690 nm,
FC05F/11376, Bangs labs, Fishers, IN, USA) was trapped in each trap and imaged
using the confocal software (figure 4.9).

To test the performance of the setup, recordings of the noise level were made. The
QPD signal from the optical trap with a trapped 4 µm polystyrene bead was recorded
and compared with the signal from an empty trap. The QPD signal was recorded
for roughly 11 minutes with a sampling frequency of 5 kHz. The power spectral
densities for both measurements are shown in figure 4.10. The corner frequency
of the trapped bead is around 100 Hz. At higher frequencies, the spectrum decays
with the typical ω−2 scaling (see figure 2.3). At intermediate frequencies, the plateau
regime for the confined bead can be seen. At frequencies below 0.2 Hz noise with
roughly a scaling of ω−1 adds to the power spectrum. The blue curve of the graph
shows the spectrum without the bead. The amplitude of the fluctuations is much
lower compared to the spectrum with a bead at high frequencies. At frequencies
below 0.2 Hz, both spectra show the same behavior. In this regime the spectrum
is noise-dominated. The noise probably comes from beam-pointing fluctuations as
has been shown in other setups with the same laser [90]. Other sources of noise
may be present in the low frequency regime, as the scaling of the power spectrum

Figure 4.9: Confocal image of
4.95 µm fluorescent beads in the
optical traps (excitation/emission:
660/690 nm).



46 Construction of a confocal trap

Figure 4.10: Power spectral densities of a 4 µm bead trapped in water (red) with a Lorentz fit
(green), and of the empty trap in water (blue). The black line indicates ω−1 scaling.

in this range is steeper than the expected ω−1 scaling. One source of noise might be
mechanical vibrations due to the rather unstable attachment of the detection path
to the condenser mount, which is only attached to the lever of the microscope body
at one point. This attachment makes it prone to disturbances and torque.

4.3 Fibroblasts in the confocal trap

In chapter 3, we measured the force fluctuations and elastic properties of suspended
cells and found that both properties are highly dependent on the acto-myosin net-
work. It is interesting to explore, how the acto-myosin network changes in the cell
corresponding to the actual force production. With the construction of the confo-
cal trap, we have the right tool, to combine force measurements with imaging of
transfected cells showing the distribution of actin fibers or myosin II motorproteins.

We successfully transfected NIH 3T3 fibroblast cells with LifeAct-RFP and NMM
II-GFP to visualize filamentous actin and myosin (see section 2.5). Figure 4.11
shows a confocal slice of the middle plane of a NIH 3T3 fibroblast cell lying on a
pluronic coated coverslip. We see that actin and myosin are mainly located in the
cellular cortex. Most of the space is covered by the nucleus and there are a few
agglomerations of NMM II.

For in-situ imaging of the trapped beads and the cell, we used fluorescently
labeled beads (figure 4.9). These beads fluoresce in the far-red wavelength regime
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Figure 4.11: Confocal slice of the middle plane of a NIH 3T3 fibroblast. A) LifeAct-RFP
staining for actin. B) non-muscle myosin II-GFP C) merge of A and B and Hoechst staining for
nucleus (blue).

(690 nm) and do not interfere with commonly used fluorescent tags in cell imaging
(TRITC, RFP). Therefore they are an ideal choice for a combination of optical
trapping and confocal imaging. Since trapping laser and confocal imaging laser are
both focused by the objective they have identical focal planes move together in the z-
direction. Therefore, it is not possible to do z-stack recordings of the cells while they
are trapped, yet. For a 3D image of the whole cell, they have to be released from the
trap and deposited on the surface. Figure 4.12A and B show brightfield and confocal
fluorescent images of a fibroblast of the imaging plane, which is defined by the two
trapped beads. Part C of the image shows a x-z maximum intensity projection after
the cell is deposited on the pluoronic coated coverslip to prevent adhesion. Here,
the actin distribution of the cell looks quite different from the previous one (figure
4.11), although both cells were imaged at the same conditions. In the first cell, actin
is only present in the cortex. In the second cell, however, actin fibers span the whole
cell with centers of agglomeration, where several fibers seem to be connected. In the
myosin II channel we see again patches of agglomeration of motor proteins similar
to the cell in image 4.11.

Already these two images show the highly diverse distribution of actin in the
cells. This diversity makes it hard to look for changes in the actin distribution of
cells that might correspond with changes in the force production. Figure 4.13 shows
a collection of confocal images of fibroblast cells trapped between two beads. All of
these cells were imaged in control medium at room temperature. Major differences
can be seen in the distribution of actin fibers. There are cells where only the cortex
is visible and almost no actin structure can be seen inside the cell (panel A and D).
Some cells have a diffuse background distribution of actin in the cytosol besides the
well defined cortex (panel B and E), whereas other cells show a clear structure of
filamentous actin also in the cytosol (E, F, G) or even a defined actin ring around
the dark nucleus (E). At some cells, the cortex is rather flat (A, B, C), in other cells
actin filaments or filopodia are sticking out from the actin cortex (D, E, G). One cell
shows a structure that looks like blebbing (H) which might be a sign for apoptosis
[91] or a switch in migration behavior [92]. Nevertheless, this images show the large
cell-to-cell variation of the distribution of filamentous actin in a rounded-up state.

To investigate changes in the actin structure of a single cell over time which
can be related to changes in its force production, we recorded confocal images and



48 Construction of a confocal trap

Figure 4.12: Brightfield and fluorescent image of fibroblast. A) Brightfield image of a fibroblast
cell suspended between two beads in the optical trap. B) confocal fluorescent image of the same
cell. LifeAact-RFP transfected cell to visualize actin (red) and fluorescent beads (magenta). C)
x-z maximum intensity projection of the same cell. Transfected with non-muscle myosin II-GFP
(green). The cell is not trapped but sitting on the coverslip.

force fluctuations of two beads attached to the cell with the optical trap for roughly
one hour. Figure 4.14 shows the force curves of two beads attached to a LifeAct
transfected fibroblast cell. Figure 4.15 shows stills from a movie recorded of the
cell during the force measurements. At the beginning, the actin cortex of the cell is
clearly visible with few filopodia sticking out. Until minute 4:30, force generation
of the cell is rising to roughly 10 pN. In the corresponding image we see that on the
right side the cell is starting to wrap around the bead (white arrow) and almost no
filopodia are visible anymore. A protrusion is sticking out of the cell. At minute
14:30 the force generation of the cell rises to the maximum level of this measurement
of roughly 30 pN. There are no clear changes visible in the actin distribution. Be-
tween min 14:30 and 29, force generation of the cell is slowly falling to 20 pN. The
cell-bead system has rotated so that the protrusion is no longer visible. Actin fibers
are now visible on the inside of the cortex (arrows). Until minute 45 the external
force has been raised and the cell keeps relaxing to the external force. The cortex
is getting more roughly and actin fibers on the inside of the cortex are visible. At
the end of the recording after 1 hour, the cell force is still around 20 pN. No clear
changes in the actin distribution are visible compared to the previous image. This
measurement shows that it is hard to find clear indications in the actin distribution
of a suspended cell to explain changes in the force generation of 20-30 pN.
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Figure 4.13: Confocal images of NIH 3T3 cells suspended between two trapped beads. This
image visualizes the variation of the actin distribution in suspended fibroblast cells.
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Figure 4.14: Long-time force plots of two beads attached to a fibroblast cell. Force jumps at
minute 6, 37 and 45 are due to manual increase of the external force by the optical trap.

In the cells presented so far, we have seen that the actin is mostly located in
the cortex of the cells. It is interesting to see, if the force production of the cell
is influenced by the cortex thickness. Therefore, we do a radial integration of the
actin fluorescence image of cells that are suspended between two optically trapped
beads and look for changes in cortex thickness. For the radial integration we use
the ImageJ plugin "RadialProfileV2" (from Dr. Kota Miura, EMBL Heidelberg). To
be able to track changes in the cortex thickness, we compare cardiac fibroblasts in
control medium and treated with 100 µM blebbistatin as there was a huge, roughly
fifty-fold, difference in their force production (see section 5.2.2). Figure 4.16 shows
confocal slices of LifeAct transfected cardiac fibroblasts.

For the radial intensity integration, the plugin fits a circle around the threshold
image of the cell and integrates the intensity values in a circular fashion, starting
from the center. For analysis, the radial intensity integration was normalized for
each cell. Figure 4.17 shows a normalized radial intensity distribution averaged over
four cells for each condition. We see that the intensity close to the cell center is
low and starting to raise with the maximum intensity close to the edge of the cell
representing the cortex. We fitted a Gaussian to the peak intensity at the edge of
the cell and compare the full width at half maximum values (FWHM) of both fits.
The fit is yielding a FWHM of 9.7 for the control cells and 6.1 for blebbistatin cells
showing that the actin cortex of control cells is roughly 40% thicker than the cortex
of blebbistatin treated cells. This is just a rough estimate of the cortex thickness
as this method is prone to differences in the cortex roughness of cells. A more
accurate way to measure the thickness of the cortex independent of its roughness is
described in [93], using a co-transfection of actin and membrane dyes. Nevertheless,
our results give a hint that the cortex thickness plays a role in force generation of
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Figure 4.15: Stills from a timelapse recording of a LifeAct transfected fibroblast suspended
between two optically trapped beads. Time in hh:mm:ss. Arrow at 4:30 shows how the cell
wraps around the bead. Other arrows show new actin fibers on the inside of the cortex.
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Figure 4.16: Confocal images of LifeAct transfected cardiac fibroblasts (CFB) to visualize the
actin distribution. A) CFB in control condition. B) CFB treated with blebbistatin.

Figure 4.17: Radial intensity distribution of cardiac fibroblasts (CFB) in control medium (black)
and treated with blebbistatin (red). The peaks are fitted with a Gaussian fit. Average of four
cells for each condition.
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the cells. This result is supported by findings in the just described study of Clark
and coworkers that see an increase of the actin cortex thickness by 50-60% after
stabilizing the actin network with jasplakinolide or knock-down of the actin cutting
protein cofilin 1.

Structure and distribution of vinculin 4.3.1

Key elements for transmission of cellular forces to the outside world are, besides the
already described acto-myosin network, focal adhesions. Focal adhesions are com-
plexes of proteins which, on the internal side of the cell, link to the force generating
elements (acto-myosin) and via transmembrane proteins (e.g. integrins) connect to
the extracellular matrix (e.g. fibronectin) [94, 93]. One protein of special interest
in this complex is vinculin. It binds to actin on one side and to transmembrane
integrins on the other side and therefore making it an interesting object to study
due to its force-activated function [95].

To analyze force transmission via focal adhesions of the cell to the beads, we did
trapping experiments on a fibroblast cell line with vinculin-venus, a stable fluorescent
fusion protein for vinculin, and imaged the cells while trapping. Cells were a gift
from Dr. Carsten Grashoff, MPI for Biochemistry, Martinsried, and cultured in
the same conditions as the NIH 3T3 cell line described earlier. Figure 4.18 shows
confocal images of the vinculin distribution of cells adhering to a glass substrate.

Figure 4.18: Confocal image of fibroblasts sitting on a glass substrate. A) cells are stably
expressing vinculin-YFP. B) cells are stably expressing metavinculin-YFP, a spliceosome variant
of vinculin.

In a preliminary confocal trapping experiment, we saw an accumulation of vin-
culin at locations close to the attachment points of the beads (figure 4.19A, white
arrows). This suggests formation of a focal complex which connects the acto-myosin
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network to integrins allowing the transmission of forces. However, we also saw accu-
mulations of vinculin at other places with no connection for the cell to the outside.

Figure 4.19: Fibroblasts suspended between two optically trapped beads. A) confocal image of
vinculin-yfp. B) Brightfield image of the same cell.

4.4 Discussion

To investigate the distribution of this network and relate them to changes in the
force production of the cell we built a novel setup, combining an optical trap with
a confocal laser scanning microscope. There has been one description of such a tool
[96], but here such an instrument is used for cell measurements for the first time
and provided a much faster scanning rate up to 8 kHz which is important for the
imaging of contracting cardiomyocytes (see section 5.3). We showed that we can
successfully trap beads and combine force fluctuation measurements with confocal
imaging of the cell. At the moment, the imaging is limited to the focal plane due
to the coupling of the trapping and confocal laser. In the future, we will work to
overcome this limitation by using time gated traps [97]. This means that we will
shutter the trapping laser during imaging of different z-planes.

Images of the actin distribution in cells showed that there is a highly diverse
population of cells, making it hard to couple force generation to changes in the actin
structures of the cell. To overcome this problem we will synchronize the cells in their
cell cycle, hoping that the distribution of cells would be more even afterward. There
is also need for markers in the actin distributions that are available for quantitative
analysis to look for changes. One option, as already mentioned is the thickness of
the cell cortex, but for a precise measurement, one would need a second label for
the plasma membrane [93]. To visualize subtle changes in the actin cortex, further
improvement of the resolution is necessary. The setup is being equipped with a time
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gated STED system right allowing for resolutions much below 100 nm and will help
to visualize the acto-myosin network in even greater detail.

Preliminary experiments have showed that we are able to observe an accumula-
tion of the focal adhesion protein vinculin at contact points of the beads. In future
experiments, we want to go into more detail, scanning the attachment region with
high resolution. We plan to use vinculin proteins with FRET sensors [95] to combine
force measurements with recordings of the FRET signal. This will allow us to look
for differences in focal adhesion complexes in 2D and 3D environments, a topic that
has not been looked into in great detail, yet [98].





Mechanical properties of cells in
engineered heart muscle 5

The human heart is a very outstanding organ of our body. It is the largest muscle,
beating over 2 billion times and pumping over 150 million liters of blood during
an average lifespan. However, myocardial infarction and heart failure are the main
cause of death in industrialized countries and generate enormous costs for our society.
Ischemic heart diseases like myocardial infarction (’heart attack’) are the number
one killer in the western world [99], cardiomyopathies affect up to 2% of births
[100, 101] and cardiotoxicity of drugs is a leading cause of their withdrawal from
the markets [102]. Therefore, there is an urgent need for cardiocyte models to study
cardiac diseases and treatments. The project described in this chapter is part of a
collaboration with the group of Prof. Zimmermann in the pharmacology department
of the university medical center in Göttingen.

Engineered heart muscle 5.1

Figure 5.1: Engineered heart muscle. A) Light microscope (top panel) and epifluorescence
images (bottom panel) of an EHM. B) Confocal laser scanning microscopy of a cardiomyocyte
bundle in EHM. EGFP (green), α-actinin (red), nuclei (blue, DAPI). Scale bars A) 1 mm, B) 50
µm. Adapted from [103]

One approach to generate heart models is tissue engineering. It should provide
biological substitutes to experimentally test in vitro and in vivo applications includ-
ing drug development, disease modeling and tissue reconstruction for therapeutic
issues. Tissue engineering relies on the properties of isolated cells to organize them-
selves into tissue equivalents under appropriate in vitro conditions in laboratory
incubators or bioreactors. Most of the approaches to generate heart tissue under
these conditions involve adding extracellular matrix components to the cell culture
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Figure 5.2: Experimental setup for EHT preparation. A: Condensation of EHM rings around
teflon cylinders in casting molds. B: EHT in a stretch apparatus to culture the tissue under
cyclic stretch. Scalebars=10 mm. Adopted from [107]

which acts as scaffold. One of the first methods to obtain such myocardial tissue in
a systematically way was obtained by Zimmermann and coworkers roughly 15 years
ago [104, 105]. They modified a technique that was used to measure contractile
forces of fibroblast cells spanning them between two separated collagen-coated rods
in culture medium [106]. Instead of fibroblasts, they seeded the collagen hydrogel
with neonatal rat cardiac myocytes to generate engineered heart tissue (EHT), later
called engineered heart muscle (EHM) (figure 5.1). Figure 5.2 shows images of how
the EHM are produced. These EHT fulfill three fundamental properties that are
necessary for use as a cardiocyte model: They are excitable, they have anisotropic
structure and function and they can generate considerable forces up to the millinew-
ton regime [107]. To provide a better transfer of findings made with EHM to hu-
mans, people successfully generated EHM with human cells. However, EHM made
from myoblasts, bone marrow- or cardiac stem cell have certain limitations in EHM
production. Their upscaling in ex vivo conditions to clinically relevant numbers is
challenging, the cardiomyocyte yield is low or they are not able to differentiate into
cardiomyocytes and establish electromechanical junctions with host cardiomyocytes
[108]. One option to overcome this limitations is the use of pluripotent stem cells
(PSCs). But ethical reservations make it hard to use embryonic PSCs. A solution
to overcome this problems has been developed in the last years. It became possible
to reprogram other cell types e.g. fibroblasts to regain their pluripotency [109, 110].
These human induced pluripotent stem cells (hiPSCs) are the cells of choice to gen-
erate EHM from human derived cells. Figure 5.3, shows the process to reprogram
fibroblasts or mesenchymal stem cells (MSCs) into induced pluripotent stem cells.
Fibroblast cells are infected with a lentiviral system which contains four reprogram-
ming factors [112]. After infection, cells are mechanically expanded for three to
four passages and generated hiPSCs are cultured on mouse embryonic fibroblasts
in human embryonic stem cell medium. After completion of the reprogramming
process, cells can be differentiated into cardiomyocytes. For differentiation, hiPSCs
are dispersed into clumps with collagenase IV and cultured in suspension first in
human ESC medium and later in differentiation medium. Cells are then plated on
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Figure 5.3: Generation and characteristics of human induced pluripotent stem cells derived
from mesenchymal stem cells and fibroblasts. Cells are infected with a lentivirus containing
reprogramming factors. After the infection process is completed, they are cultured on mouse
embryonic fibroblasts (MEFs) in human embryonic stem cell medium. Adapted from [111]

gelatin-coated dishes and further cultured in differentiation medium for 30 days.
After the differentiation process, beating clusters of cardiomyocytes are picked and
used to generate EHM. A detailed protocol of the reprogramming and differentiation
process can be found in [111]. Figure 5.4 shows a schematic of the general process
to differentiate stem cells into cardiomyocytes.

Figure 5.4: Schematic of the general process to differentiate stem cells into cardiomyocytes.
Undifferentiated stem cells need distinct paracrine, stromal and cellular stimuli to differentiate
into cardiomyocytes. Adapted from [113]

Non-myocyte cells in EHM

A crucial factor in the development of EHM is the presence of non-myocyte cells
(fibroblasts, smooth-muscle cells and endothelial cells). This is not surprising as the
human heart tissue is composed only 20%-30% of myocytes and 70% of non-myocytes
[114]. Non-myocytes play a crucial role in heart- and cardiac myocyte development,
function and support the growth of myocytes in culture. They have high impact on
the function of engineered constructs [115, 116]. EHMs made from an unpurified
native heart mix develop threefold higher forces than those made from purified
cardiac myocytes [117]. Furthermore, pure, genetically selected cardiac myocytes
from human PSCs did not form engineered 3D tissue until the addition of fibroblast
cells [118], and addition of endothelial and stromal cells to hESC derived cardiac
myocytes improved cardiac tissue structure and function [119, 120]. Interestingly,
the high content of 50-80% of cardiomyocytes in the starting conditions of the EHM
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reconstitution mixture drops to the natural content of living hearts of ≈ 30% within
only 3 days due to apoptosis [121], whereas fibroblasts were unaffected [122].

Figure 5.5: Overview
over the roles of car-
diac fibroblasts. It gen-
erates and alters the
extracellular matrix, se-
cretes different growth
factors, provides prolif-
eration and can differ-
entiate into myofibrob-
lasts. Adapted from
[123]

There are many ways how cardiac fibroblasts could influence the development
and function of heart tissue. A general overview of the functions is shown in fig-
ure 5.5. Fibroblasts may communicate with cardiomyocytes already at early stages,
assisting them during development. They are located within the developing car-
diac muscle and proliferate. They express various components of the extracellular
matrix (ECM) including fibronectin, collagens, and hyaluronan and proteoglycan
link proteins. Interestingly it was shown that embryonic cardiomyocytes grown on
platelets with a composition of those matrix proteins showed an increase in pro-
liferation whereas embryonic mouse cardiomyocytes showed rather a hyperthrophic
than a proliferative phenotype when cultured together with adult cardiac fibroblasts
[124] (figure 5.6). This suggests that cardiac fibroblasts take also part in steering of
the development of cardiomyocytes.

Cardiac fibroblasts are also constantly subject to mechanical stress during car-
diac function. It has been shown that mechanical stimuli play a critical role in the
function of these fibroblasts. They can upregulate the expression of ECM compo-
nents, ECM receptors and different cytokines and growth factors [126, 127, 128].

5.2
Force fluctuations and elasticity of primary
fibroblasts

Nonmyocyte cells like fibroblasts are crucial for the development of hiPSC into
functional bioartificial cardiac tissue [118]. It was found that engineered heart tissues
that were developed with different primary fibroblasts have different rheological
behavior. Experiments using a rheometer showed that EHM with cardiac fibroblasts
are stiffer that EHM with skin fibroblasts (personal communication 2015, Susanne
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Figure 5.6: Interactions of cardiac fibroblasts with their environment at different developmental
stages. A) In the developing heart, fibroblasts express extracellular matrix (ECM) proteins and
growth factors that promote cardiomyocyte proliferation. B) In adult hearts, under mechanical
stress, cardiomyocytes grow in a hyperthrophic manner stimulated by signals from the ECM and
adult cardiac fibroblasts. Adapted from [125].)

Schlick, Pharmacology, UMG). As mechanical stimuli play an important role in
the function of cardiac fibroblasts, it is interesting to investigate if fibroblasts from
other parts of the body or ihPSC-derived have other mechanical properties than their
native counterpart from the heart, cardiac fibroblasts. Therefore we use the optical
trap setup, to measure mechanical properties of different primary fibroblast cells.
We measured the active and passive mechanical properties of cardiac fibroblasts
(CFB), human foreskin fibroblasts (HFF), gingival fibroblasts (GFF) and two cells
that were hiPSC-derived, NM WT cells and NM 257 cells (figure 5.7). All cells are
primary human cells and were used according to the guidelines of the university
medical center Göttingen. Due to the limited quantity of the primary cells, the
sample size of some cell types is rather small. Therefore we can only make careful
statements for these cell types.

Elasticity 5.2.1

We obtain the effective spring constant from force-elongation plots of each individual
cell as described in sections 2.4 and 3.2. To elucidate, if fibroblasts from different
parts of the body have different elastic properties, we performed active deformation
experiments on all different primary cell types. Figure 5.8 and table 5.1 show the
results of the experiments. We find no significant difference for the spring constants
of all cells. However, non-muscle myosin II inhibition of CFB with blebbistatin re-
duced the spring constant significantly to half of that of the untreated ones (p>95%).
Although the reduction is not as strong compared to the NIH 3T3 fibroblasts, this
shows that also in primary fibroblasts the acto-myosin network plays a large role in
the rigidity of the cells.
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Figure 5.7: Microscope images of primary fibroblasts suspended between two optically trapped
beads. A) cardiac fibroblast, B) human foreskin fibroblast, C) gingival fibroblast, D) and E)
hiPSC-derived fibroblast cells NM 257 and NM WT.

cell type kcell × 10−5 Nm−1 sample size (N)
CFB 4.63± 3.07 17

CFB+100 µM blebbistatin 2.04± 1.08 10
HFF 4.60± 1.63 11
GFB 2.64± 1.26 3

NM257 4.04± 1.73 5
NM WT 3.02± 0.78 8
NIH 3T3 9.51± 2.56 10

Table 5.1: Effective spring constants for human primary cells. Cardiac fibroblasts (CFB), human
foreskin fibroblasts (HFF), gingival fibroblasts (GFB) and hiPSC derived fibroblasts (NM WT
and NM257)

The mean spring constant of gingival fibroblasts is only roughly half of that of
the CFB but this difference is not statistically significant at a level of 95%. This
is probably mainly due to the low N-value of GFB cells of only 3 measurements.
More measurements of this cell type need to be done in the future to see if the
cells are really softer than CFB and HFF cells. hiPSC-derived fibroblasts have an
effective spring constant that is comparable to the primary cells, showing that the
differentiation of hiPSCs leads to same results as the development in vivo. Compared
to the cell line NIH 3T3, all primary cells are significantly (p>95%) roughly two
times softer. It is not clear if the difference is due to the different origin of the
cells (human and mouse) or if this is due to the fact that cells of the cell line are
immortal.
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Figure 5.8: Effective spring constants of primary fibroblasts. Cardiac fibroblasts in control
conditions (CFF, black) and after treatment with 100 µM blebbistatin (CFB+Blebb, red). Hu-
man foreskin fibroblasts (HFF, green), gingival fibroblasts (GFB, blue), hiPSC-derived fibroblasts
(NM257 and NM WT, light blue and pink), and NIH 3T3 FB (dark yellow).

Contractile force fluctuations 5.2.2

To quantitatively analyze the force fluctuations that the primary fibroblasts gener-
ate, we used the passive mode of our trapping setup to detect the low frequency
position fluctuations of the beads that are attached to the suspended cells. We
follow the analysis described in sections 2.3 and 3.3 to get a quantitative estimate
of the total force production ∑ 〈FF ∗〉. Figure 5.9 shows mean values of integrated
cellular force fluctuations and table 5.2 presents the corresponding numbers. For
cardiac fibroblasts, we find that treatment with blebbistatin significaltly (p>95%)
reduced the fluctuations more than fifty-fold. This shows the huge influence of the
acto-myosin network to the stress fluctuations. Force fluctuations of human fore-
skin fibroblasts are also significantly reduced by roughly one order of magnitude
compared to CFB, although the scatter in both samples is quite high. Due to the
limited sample size of the other primary cells, statistical analysis was not possible.
Although the mean value of force fluctuations of GFB and NM WT were on the
same level as the HFF, they were not statistically significantly different from CFB.
Interestingly the mean value of force fluctuations of NM 257 is on the same level as
the cardiac fibroblasts but due to a large scatter in the dataset and low sample size
no statistical significant conclusions can be drawn.
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Figure 5.9: Integrated cellular force fluctuations
∑
〈FF ∗〉 of human primary cells. Cardiac

fibroblasts in control conditions (CFF, black) and after treatment with 100 µM blebbistatin
(CFB+Blebb, red). Human foreskin fibroblasts (HFF, green), gingival fibroblasts (GFB, blue),
hiPSC-derived fibroblasts (NM257 and NM WT, light blue and pink), and NIH 3T3 FB (dark
yellow).

cell type ∑ 〈FF ∗〉 pN2 sample size (N)
CFB 2.61± 2.52 17

CFB+100 µM blebbistatin 0.041± 0.024 10
HFF 0.31± 0.46 11
GFB 0.43± 0.32 2

NM257 2.71± 4.26 5
NM WT 0.36± 0.31 4
NIH 3T3 0.41± 0.24 30

Table 5.2: Integrated cellular force fluctuations
∑
〈FF ∗〉 of human primary cells. Cardiac fi-

broblasts (CFB), human foreskin fibroblasts (HFF), gingival fibroblasts (GFB) and hiPSC derived
fibroblasts (NM 257 and NM WT)
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Cardiomyocytes 5.3

Figure 5.10: Confo-
cal image of human in-
duced pluripotent stem
cell derived cardiomy-
ocytes. Staining for α-
actinin. Image taken by
Til Driehorst.

Cardiomyocytes are relevant for the generation of high contractile forces and
relevant for the collective beating motion of the whole tissue. For this purpose, they
developed sarcomeres, strong acto-myosin bundles that can exert high contractile
forces (figure 5.10). It is interesting to compare force generation of cardiomyocytes of
different origins (rat, mouse, human, iPSC-derived) that are used for EHT. The force
generation of cardiomyocytes at different development stages during their differen-
tiation process or during EHT formation is also of interest. In a proof of principal
study, we used our confocal trapping setup to measure the force production of car-

Figure 5.11: Cardiomyocyte cell
suspended between two optically
trapped 4 µm fibronectin coated
polystyrene beads. This cell was
beating while it was trapped.
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diomyocytes. Cardiomyocytes were differentiated from ihPSCs and cultured in the
Zimmermann lab. They were transported to our lab in the same conditions as the
primary fibroblast cells. We detached the cells from the surface using an accutase
based protocol from the Zimmermann lab (see A.5) and transferred them to the
sample solution used for fibroblast experiments: CO2-independent medium supple-
mented with 10% FBS. The experiments were done at room temperature. Figure
5.11 shows a cardiomyocyte suspended between two optically trapped beads.

Figure 5.12: Force curves of two attached beads of two beating cardiomyocytes (A and B).
Zoom-in from A and B to visualize the beating motion of the cells (C and D). Cross spectra of
the two full force measurements with peaks in Hz that are due to the beating motion (E and F).
Left, blue axis for blue force curve and right, red axis for red force curve (A and C).

We were able to record the beating motion of two cells in our experimental setup.
Figure 5.12 shows force traces of the two attached beads, a zoom-in to visualize the
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beating motion and the correlated force spectrum of the long term measurement.
The force production of the cardiomyocytes during their beating motion is around
2 pN. Beating frequency of the first cell is around 1 Hz which is close to their
physiological frequency in tissue, whereas that the second cell is around 0.2 Hz
which might be a temperature effect. In the long term measurement of cell one,
slow fluctuations similar to the ones that we saw in fibroblasts are visible while the
force curve of cell two is rather flat besides the beating motion.

Discussion 5.4

Engineered heart muscle is composed of different cell types and extracellular matrix,
all of them are mechanically connected. One key player besides the cardiomyocytes
that generate the beating motion are cardiac fibroblasts. Our experiments showed
that also in human cardiac fibroblasts the acto-myosin network plays a major role
in the active and passive mechanical properties of the cells. The effect is even
more pronounced as in the NIH 3T3 fibroblast cell line with a huge drop in stress
fluctuations in CFB after myosin II inhibition (10x lower in NIH 3T3 FB compared
to 60x lower in CFB). However, the response of the spring constant to blebbistatin
treatment was comparable. Human foreskin fibroblasts and both hiPSC-derived
fibroblasts had comparable spring constants to the CFB. The mean spring constant
of GFB showed that gingival fibroblasts are roughly half as stiff as cardiac or skin
fibroblasts although the difference was not significant due to the limited sample
size. If it turns out in future experiments that gingival fibroblasts are significantly
softer than other fibroblast cells, together with the fact that they do not adhere as
strongly as skin fibroblasts [129] this might be a reason why gingival tissue does
not scar in comparison to other tissue types. Our results showed that fibroblasts
cells that were differentiated from hiPSC have comparable spring constants to other
primary fibroblasts.

Force fluctuations measurements showed that cardiac fibroblasts generate much
higher contractile forces than the other cell types. Although there was no significant
difference compared to gingival and hiPSC-derived cells due to the limit sample size,
their force production was roughly threefold higher compared to HFFs. An effect
that had been seen only after myosin inhibition in NIH 3T3 FB. The reduction of
force production after blebbistatin treatment of CFB pronounces the major contri-
bution of NMM II to contractile force generation in CFB. The difference in force
generation of CFB compared to other fibroblast types might be due to adaptation
to their native environment being constantly under the influence of high mechanical
stresses with forces up to the millinewton regime. If it proves that NM 257 fibroblasts
have similar high force production, this could also be an effect of their co-culturing
with neighboring cardiomyocytes, making them slowly adapting to higher forces.

We showed that it is possible, to measure the beating motion of cardiomyocytes
with our optical trap setup. The force production that we saw is almost two orders
of magnitude lower compared to other measurements using traction force microscopy
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where rat myocytes sit on silicone rubber gels [130]. Compared to another study
measuring contractile forces of hiPSC-CM on elastic pillars, these difference drops
to one order of magnitude [131]. Both of this measurements use a very different
geometry and experiments were done at 37◦ C. However, it is interesting to ex-
plore, differences in the force generation of cardiomyocytes at different stages of the
differentiation process.
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A great variety of cellular processes are influenced by mechanical signals. Cells
use forces to probe their environment mechanically and transmit forces through
direct contact to neighboring cells or by exerting forces on the elastic fibers in the
extracellular matrix. A lot of research has been done on force generation and force
transmission of cells on 2D substrates. In this rather unphysiological situation for
most cell types, cells spread out widely and have a well structured acto-myosin
stress fiber network which they use to generate high contractile forces. However,
it is unclear if cells form a network of stress fibers in their native 3D environment
and if this network would be confined to the actin cortex or could span across the
cytoplasm. It is also not clear which structures generate shape changes and force
fluctuations of cells in a 3D matrix.

Here, we presented a system, which allows us to measure force generation and
elastic response of spherical cells that are suspended between two optically trapped
beads. We used a dual optical trap to detect force fluctuations with high spatial
and temporal resolution. Our experiments, mimicking a 3D environment for cells,
showed that both total cellular force generation and effective cell elasticity of fibrob-
lasts are dominated by the acto-myosin cortical network. The microtubule network
did not contribute significantly to both properties as revealed by biochemical per-
turbation experiments using nocodazole. An explanation for this could be that the
depolymerization of microtubules enhances traction forces through other signaling
pathways [132]. The third prominent member of the cellular cytoskeleton, interme-
diate filaments, were not be tested here, but in the future we will use whithaferine
A, a chemical that disassembles vimentin intermediate filaments [133]. Although
it was shown that vimentin plays not a crucial role in the viscoelastic properties
of substrate adherent fibroblasts [134] it might be interesting to check if this holds
true for rounded cells. It is interesting to investigate the role of other intermediate
filaments, as it was shown recently that keratin has a significant impact on cellular
stiffness [135, 136]. One option to study the impact of other cytoskeletal elements,
besides the acto-myosin cortex, on cell elasticity is the use of osmotic pressure to
collapse the cortex. In preliminary experiments, we showed that with an increase
of external osmotic pressure, rounded up cells got softer compared to control condi-
tions, which is in contrast to findings on adherent cells [78]. Using osmotic pressure
is another possibility to study the influence of cellular volume on cell mechanics.
Recently, it was found that cells use osmotic pressure to adapt their shape and use
cell volume as a regulatory mechanism [16].
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We built a novel instrument, combining a dual optical trap with confocal mi-
croscopy. We showed that we are able to use the optical trap to hold cells suspended
between two beads and do confocal recordings of fluorescent molecules at the same
time for up to one hour. Preliminary results revealed that the actin cortex is thicker
when the cell generates higher force fluctuations. However, further markers need to
be found to test the interplay between cellular force generation and morphogene-
sis of the acto-myosin network. There is no answer yet if stress fibers are able to
span through the cytosol of suspended cells. Although most of the cells that we
have imaged have no actin structures besides the cortex, some cells had also actin
fibers sticking out of the cortex to the cytoplasm or wrapping around the nucleus.
Improving the trapping strength using core-shell particles [137] will help to see if
formation of actin fibers can be induced at a certain force threshold. In the future,
the trapping- and confocal imaging laser have to be decoupled to allow for z-scans of
trapped objects. This will allow us to investigate the formation of adhesion clusters
of suspended cells. Our preliminary results showed that clusters of vinculin form at
adhesion sites close to the bead. In order to image such details with even greater
resolution, the setup is being equipped with a STED system at the moment.

We explored the mechanical properties of primary fibroblasts and induced pluripo-
tent stem cell derived fibroblasts that are used in engineered heart muscle. We
showed that cardiac fibroblasts generate much higher force fluctuations than skin
or gingival fibroblasts. This might be explained by the fact that cardiac fibroblasts
need to withstand high contractile forces up to millinewtons in their native envi-
ronment in comparison to other cell types. We showed that we are able to measure
force generation of beating cardiomyocytes with our setup. In the future, it should
be interesting to investigate how sarcomere structures evolve in cardiomyocytes. For
this we need to transfect the cells which is challenging but new technologies using
silicon-rhodamine derivatives bound to small molecules might improve the labeling
[138]. Furthermore, it should be possible to investigate mechanical properties of
cells from engineered heart muscle at different stages of their development process.

In summary, we demonstrate that manipulation of cells in suspended three-
dimensional geometry provides an alternative technique to probe cell mechanics,
complementary to common methods probing adherent cells and amenable to quan-
titative modeling.
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Biochemical protocols A

Coating of beads A.1

Fibronectin coating

1. wash 1 ml (50mg/ml) carboxylated beads 2x in 10 ml MilliQ water in a cen-
trifuge tube.

2. after second wash resuspend pellet in 10 ml PBS and transfer it to a beaker.
Continuously stir the liquid to ensure that the beads are well suspended.

3. while mixing, add 100 mg EDC with constant stirring. Let it react for 15 min
at room temperature.

4. wash 2x in distilled water and resuspend in 5 ml PBS. Add the calculated
amount of fibronectin (saturation at mg/ml, 240 µl for 4 µm beads). Let it
react for 2-4 hours at room temperature with constant stirring.

5. wash and resuspend in 4 ml of quenching solution (0.15 g glycine/50 ml MilliQ
+ 1 ml of 10% BSA) and mix gently for 30 minutes.

6. wash and resuspend in storage buffer (0.1% BSA in PBS) to desired (5 ml)
storage concentration (often 10 mg/ml)

7. store at 4◦ C until used.

Neutravidin coating

Biotinylation of beads

1. wash 50 µl bead solution in 950 µl phosphate buffer

2. add 100 µl EDC (75 mg/ml)

3. add 100 µl Biotin-XX, SE (1 mg/ml)

4. incubate for 1 h at room temperature while shaking
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5. wash 2x in 1 ml phosphate buffer

6. store at 4◦ C until use

Coat with neutravidin freshly before every use

1. dilute 25 µl biotinylated beads in 55 µl phosphate buffer

2. add 10 µl glycine (1M)

3. add 10 µl neutravidin (5 mg/ml)

4. incubate for 1 h at room temperature while shaking

5. wash 2x in phosphate buffer

6. store at 4◦ C until use

A.2 Preparation of vesicles

GUV preparationn by electroswelling

1. prepare lipid solution of 95% DOPC and 5% DOPE-Biotinyl in chloroforme

2. put 25 µl of lipid solution on two ITO-coated glas slides (0.5-1.5 mg/ml)

3. dry glasslides in exikkator over NaCl-powder over night

4. put a copper strip on each of the glasslides

5. combine the glasslides with a silicon spacer and clammbs to a chamber

6. add desired buffer (Succrose) into chamber without any air bubbles

7. apply a sinusoidal voltage to the copper bands (12 Hz, increase from 0.05 V
to 1.6 V within 30 min)

8. let it react for 3 h

9. apply a square voltage signal (5 Hz, 1.6 V)

10. store the vesicles in storage buffer (glucose) for up to one week at 4◦ C

11. diameter of vesicles roughly between 10-60 µm
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DDS coating of coverslips A.3

KOH cleaning of coverslips

1. put coverslips in a teflon holder in a glass box.

2. add 6 g of KOH pellet and dissolve it with a few ml of MilliQ

3. fill the glass box with EtOH so that the coverslips are fully covered

4. sonicate for 5 min

5. discard KOH solution and sonicate the coverslips 2x in MilliQ

DDS cotaing

1. put the KOH cleaned coverslips in a glass petri dish with glass beads

2. cover the coverslips with silanization solution I (DDS in heptane)

3. incubate for 10-20 min

4. rinse coverslips in heptane

5. sonicate the coverslips in MilliQ

6. check if coverslips are hydrophobic and store them until usage

Fibroblast cell culture A.4

Splitting A.4.1

1. wash with PBS

2. add 2 ml trypsin (0.25% trypsin+0.1% EDTA in PBS)

3. incubate for 5 min at 37◦C

4. add 10 ml culture medium (DMEM+10% FBS+1% penicillin/streptomycin)

5. spin down

6. aspirate the supernatant and resuspend cells in appropriate medium

7. usually 1:10 split for new culture flask
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A.4.2 freeze cells

1. trypsinize as described

2. resuspend in freezing medium (DMEM +20%FBS+10% DMSO)

3. fill solution in cryo tubes and store in isopropanol container over night

4. transfer cryotubes to liquid nitrogen

A.4.3 thaw cells

1. warm cryotube in water bath

2. add 10 ml of culture medium

3. spin down

4. aspirate the supernatant and resuspend cells in appropriate medium

A.5 Detachment of cardiomyocytes

1. wash cells twice with room temperature PBS

2. add 0.1 ml/cm2 room temperature digestion medium

3. incubate for 10-12 min at room temperature

4. the digestion with treefold amount of serum free medium (SFM) with 5 µM
Rock inhibitor (not for force measurements), carefully titurate to make
single cell suspension and transfer the cells to falcon tube

5. count

6. spin down

7. aspirate the supernatant and resuspend the cells in appropriate medium for
downstream application
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digestion medium A.5.1

store in 10 ml aliquots at -20 ◦C, warm to room temperature before use
for 100 ml:

1. 97 ml accutase solution (SCR005, Millipore or A11105-01, Gibco)

2. 1 ml 2.5% trypsin (final concentration 0.025% trypsin) (2.5%, 15090-046,
Gibco)

3. 2 ml DNase1 stock (final 20 µg/ml DNase1) (260913, Calbiochem)

serum free medium with Rock inhibitor A.5.2

store at 4 ◦C, warm to room temperature before use

1. RPMI 1640 with glutamax (61870-010, Invitrogen)

2. 1% of 100x sodium pyruvate (11360, Invitrogen)

3. 1% of 100x penicillin/streptomycin (15140, Invitrogen)

4. 2% B27 supplement (17504-044, Invitrogen)

5. 200 µM ASC (30 mg/500 ml) (A8960-5g, Sigma)

6. 5 µM Rock inhibitor (Y27632, 04-0012-10, Sigma)

Procedure for extracellular microrheology A.6

Check the setup before preparation and heat the stage to 37 ◦ C if necessary

1. Create a flow chamber by putting a DDS coated coverslip with doublestick
tape on a glasslide

2. infuse 1% pluronic solution into chamber and let it sit for at least 5 min

3. replace the pluronic solution with 10x diluted pluronic solution in CO2 inde-
pendent medium

4. take 900 µl CO2 independent medium and add 5µl bead solution

5. add 100µl of cell solution and 50 µl pluronic solution
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6. replace diluted pluronic solution in chamber with the measurement solution

7. check population of beads and cells and adjust accordingly if necessary

8. if desired, seal the chamber with vacuum grease (it will dry out quickly at 37◦
C)
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