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Abstract

We studied patterns of production and loss of four different extracellular polymeric substance (EPS) fractions—
colloidal carbohydrates, colloidal EPS (cEPS), hot water (HW)–extracted and hot bicarbonate (HB)–extracted frac-
tions—and community profiles of active (RNA) bacterial communities by use of Terminal-Restriction Fragment
Length Polymorphism (T-RFLP) analysis of reverse transcription–polymerase chain reaction amplified 16S rRNA
in mudflats in the Colne Estuary, United Kingdom, over two tidal emersion–immersion cycles. Colloidal carbohy-
drates and intracellular storage carbohydrate (HW) increased during tidal emersion and declined during tidal cover.
The dynamics of cEPS and uronic acid content were closely coupled, as were the HB fraction and HB uronic acids.
Changes in monosaccharide profiles of HW and HB fractions occurred during the diel period, with some similarity
between cEPS and HB fractions. Increasing enzymatic release rates of reducing sugars and increased reducing sugar
content were correlated with increased concentrations of colloidal carbohydrate and cEPS during the illuminated
emersion period, and with the amount of HB-extracted uronic acids (the most refractory EPS fraction measured).
Loss of reducing sugars was high, with sediment concentrations far below those predicted by the measured in situ
release rates. T-RFLP analysis revealed no significant shifts in the overall taxonomic composition of the active
bacterial community. However, 12 of the 59 terminal restriction fragments identified showed significant changes in
relative abundance during the tidal cycle. Changes in the relative abundance of three particular terminal restriction
fragments (bacterial taxa) were positively correlated to the rate of extracellular hydrolysis. Losses of chlorophyll a
and colloidal and cEPS (up to 50–60%) occurred mainly in the first 30 min after tidal cover. About half of this
may be owing to in situ degradation, with ‘‘wash away’’ into the water column accounting for the remainder.

Microphytobenthic biofilms in intertidal sediments play an
important role in the ecology of estuarine systems (Under-
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wood and Kromkamp 1999). The species composition of
microphytobenthos (MPB) is diverse, with diatoms, euglen-
ids, and cyanobacteria being the dominant groups of pho-
toautotrophs. In fine-sediment intertidal habitats, the major
group of organisms are motile pennate diatoms. Intertidal
biofilms form at the surface of sediment during tidal expo-
sure periods, with cells showing endogenous rhythms of ver-
tical migration linked to tidal and diel cycles (Consalvey et
al. 2004). During motility, benthic diatoms produce extra-
cellular polymeric substances (EPSs), a complex mixture of
polysaccharides and glycoproteins (Wustman et al. 1997;
Chiovitti et al. 2003; Higgins et al. 2003). This EPS, com-
bined with other extracellular carbohydrates (ranging from
oligosaccharides through to polymers .100 kD) contribute
to the mucilage component of the intertidal biofilms (de
Brouwer et al. 2003; Stal 2003; Underwood and Paterson



80 Hanlon et al.

2003). These mucilages are important agents of sediment
biostabilization (Underwood and Paterson 2003) and as a
carbon source for heterotrophic organisms (Decho 1990;
Middelburg et al. 2000).

Numerous studies have investigated the distribution and
production rates of colloidal (water-soluble) carbohydrates
in intertidal sediments (de Brouwer et al. 2003; Underwood
and Paterson 2003 and references therein). In the first study
of in situ rates of diatom EPS production, Smith and Un-
derwood (1998) showed that the flux of organic carbon from
photosynthesis to excretion was rapid (,1 h), but that 14C-
labelled EPS was produced up to 4 h after carbon assimi-
lation in both the light and the dark. Colloidal carbohydrates
are produced during daytime low-tide periods, with concen-
trations correlated significantly with biomass (Underwood
and Smith 1998a) and related to rates of photosynthesis (de
Brouwer and Stal 2001; Stal 2003). Studies of EPS produc-
tion in diatom culture have revealed a complex set of path-
ways, EPS types, and responses to environmental conditions
(Underwood and Paterson 2003; Magaletti et al. 2004; Un-
derwood et al. 2004). More recently, additional extraction
protocols (hot water, hot bicarbonate, hot alkali extractions)
developed in culture studies (Wustman et al. 1997; Chiovitti
et al. 2003, 2004) have been applied to estuarine diatom
species and biofilms (Bellinger et al. 2005). These new ex-
tractions isolate additional EPS fractions that possess signif-
icantly different monosaccharide distributions and additional
components (uronic acids, sulphate). These polymers may
have significantly different structural properties within bio-
films (Decho 2000; Stal 2003; Underwood and Paterson
2003).

Despite the importance of EPS in the functioning of MPB
biofilms, there is a scarcity of information on the loss pro-
cesses affecting EPS in intertidal sediments. EPS compo-
nents may be removed into the overlying water column dur-
ing high tide (either by physical erosion of surface sediment
or by dissolution) (Underwood and Smith 1998b; Orvain et
al. 2003), used directly by deposit-feeding invertebrates and
vertebrates (Decho 2000) or microbial heterotrophs (Decho
2000; Middelburg et al. 2000; Hamels et al. 2004), or de-
graded by photolysis (Moran et al. 2000). The relative im-
portance of each of these processes is likely to vary de-
pending on the properties of individual EPS types.

The close physical proximity and high substrate concen-
trations within biofilms and other similar systems has been
shown to promote a high degree of algal-bacterial coupling
(Simon et al. 2002; Romanı́ et al. 2004). In intertidal sedi-
ments, bacterial and algal production are linked (van Duyl
et al. 1999), especially in sediments with low organic content
(Köster et al. 2005), and rapid use of low-molecular-weight
compounds in particular has been recorded (van Duyl et al.
1999; Underwood 2002). A few studies have demonstrated
extracellular enzyme activity related to algal activity in in-
tertidal biofilms (Ruddy et al. 1998; van Duyl et al. 1999,
2000), but these have not specifically investigated the deg-
radation of EPS. It is not known to what extent bacterial
activity is tightly coupled to diatom EPS production or
whether specific EPS-degrading bacteria occur. Complex
polysaccharide molecules may be degraded at different rates
(Arnosti 2000) and individual mono- and di-saccharides used

preferentially by bacteria (Arnosti and Repeta 1994; Giroldo
et al. 2003). With the development of molecular approaches
to study the active bacterial community via reverse transcrip-
tion–polymerase chain reaction (RT-PCR) amplification of
16S rRNA (Felske et al. 1996) coupled to fingerprinting
analysis, for example, by Terminal-Restriction Fragment
Length Polymorphism (T-RFLP) analysis (Liu et al. 1997;
Osborn et al. 2000), the response of bacterial communities
to short-term environmental changes, such as tidal cycling
and EPS production in sediments can now be investigated.

In the present study, we investigated the short-term chang-
es in the concentrations of different EPS fractions in diatom-
rich biofilms over tidal emersion–immersion–emersion cy-
cles. We hypothesized that greater temporal changes in
concentration and monosaccharide composition would be
seen in the colloidal carbohydrate fractions with tidal ex-
posure and cover compared with the more structural EPS
fractions. The sampling regime was designed to sample bio-
films immediately after tidal cover, to determine how quickly
different EPS components were removed from the biofilm.
We also hypothesized that there would be significant corre-
lations among the composition of the active bacterial com-
munity, the concentrations of different EPS fractions, and
hydrolytic enzyme activity within the biofilms.

Sampling and methods

Experimental overview—Surface sediment samples (top 2
mm) were collected from intertidal mudflats in the Colne
Estuary at six time points over a tidal cycle; 13:00 h, 15:30
h, 17:30 h (during tidal emersion), 18:00 h, 19:00 h (30 min
and 1.5 h after immersion, respectively), and 04:30 h (during
next tidal emersion phase) on 27–28 May 2003 and 11–12
June 2003. All samples were extracted on site and frozen
immediately for further analysis. Measurements concentrated
on changes in concentrations of water-soluble (colloidal and
colloidal EPS [cEPS]), bound hot water (HW)–extracted and
hot-bicarbonate (HB)–extracted carbohydrate fractions, as-
sociated uronic acid content of these fractions, the mono-
saccharide composition of different carbohydrate fractions,
liberation of reducing sugars as a measure of extracellular
enzyme activity, and shifts in the composition of the active
bacterial community over a tidal cycle, with emphasis on
short-term temporal changes with tidal cover.

Sampling—Sampling took place on 27–28 May 2003 at
Alresford Creek (51850.29N, 0859.59E), Essex, United King-
dom, situated midway along the Colne Estuary. Biofilms at
Alresford Creek are abundant and diatom-dominated, with
some euglenoids present (Underwood et al. 2005). The sa-
linity gradient ranges from 18–28% and the sediment has a
high proportion (80–95%) of clay particles. To allow com-
parison of sediment EPS dynamics over a duplicate tidal
cycle, an identical set of measurements was made on 11–12
June 2003 on an intertidal mudflat at Wivenhoe (51851.29N,
0858.09E), Colne Estuary (;3 km from Alresford Creek).
The mudflats at Wivenhoe have similar sediment and salinity
characteristics to those in Alresford Creek (Dong et al.
2000).

At the beginning of each sampling regime, twelve 1-m2
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quadrats were randomly placed in an area (300 m2) of dense
biofilm at approximately mean tide level. Two quadrats were
randomly designated to each sampling time. Within each
quadrat, 10 cores (internal diameter, 7.5 cm; length, 15 cm)
were removed from the sediment (total n 5 20 for each time
point). Each of these cores had the surface 2 mm of sediment
removed for analysis of carbohydrate fractions, chlorophyll
(Chl) a, and bacterial community composition by use of alu-
minum contact cores (Honeywill et al. 2002). Contact cores
are filled with liquid nitrogen and directly freeze, by contact,
the surface sediment within a 2-mm-deep recess on their
underside. Frozen samples were returned to the laboratory.
Overall, nine different carbohydrate fractions were mea-
sured: total, colloidal, cEPS, HW- and HB- extracted car-
bohydrates determined by the phenol-sulphuric acid assay
(Dubois et al. 1956), and the uronic acid content of the col-
loidal (colloidal uronics), HW-extracted (HW uronic content)
and HB-extracted (HB uronic content) fractions. Sediment
Chl a measurements were paired with carbohydrate mea-
surements.

To measure sugar release by extracellular enzyme activity,
monosaccharide composition and nutrient pore water con-
centrations, nine additional sediment cores, three for each
measurement (internal diameter, 7.5 cm; length, 15 cm; n 5
6 overall) were extracted from each quadrat at each time
point. The top 2 mm of surface sediment was removed and
frozen (2208C) on site.

Immediately preceding tidal cover, cores (internal diam-
eter, 7.5 cm; length, 15 cm), each connected by a 2-m line
to a plastic float, were placed with their upper rims flush into
the sediment within the designated quadrats. Sampling was
accomplished by snorkeling, using the lines to locate cores
(visibility was zero owing to high turbidity). The sites were
covered to a depth of 1.5 m of water by 19:00 h.

Sediment Chl a analysis—Sediment samples were taken
for Chl a analysis at each time point by use of contact cores.
All samples were frozen and stored at 2208C. Samples were
freeze-dried and crushed. Four microliters of 100% methanol
(saturated with MgCO3) was added to 100 mg of each sed-
iment sample, mixed, and incubated in the dark at 48C for
24 h. Samples were mixed and centrifuged (3,000g, 15 min).
Absorbance was measured at 665 nm and 750 nm (Lorenzen
1967). Samples were acidified and absorbance was deter-
mined at the above wavelengths to correct for phaeo-pigment
content. Chl a was quantified (mg g21 dry weight of sedi-
ment) by use of appropriate equations (Stal et al. 1984).

Sediment pore water nutrient analysis— Pore water was
extracted by centrifugation (3,000g) from thawed surface
sediment (top 2 mm), and filtered though glass-fiber filters
(GF/C, Whatman). Nutrient concentrations (NO , NO ,2 2

3 2

SiO , and PO ), were measured by use of a segmented flow2 32
3 4

autoanalyser (Skalar SANplus, Skalar Analytical) (Dong et al.
2000).

Sediment total carbohydrate analysis—Ten milligrams of
freeze-dried sediment samples from each time point was
placed into centrifuge tubes. One milliliter of dH2O was add-
ed to each sample and mixed. Total carbohydrate content

was measured by use of the phenol-sulphuric acid assay (Du-
bois et al. 1956); 5 mL of 0.5% phenol and 2.5 mL of con-
centrated H2SO4 were added to each sample and left to cool
for 30 min. Samples were centrifuged (3,000g for 15 min),
and supernatant was measured spectrophotometrically at 485
nm. H2O blanks were treated as above. Total carbohydrate
was quantified (mg g21, mg Chl a21 dry weight sediment) as
glucose equivalents.

Sediment water-soluble carbohydrate analysis—Colloidal
carbohydrate content was measured by weighing 100 mg of
freeze-dried sediment from each sampling point into centri-
fuge tubes. Four milliliters of saline (25%) was added and
vortex-mixed. Samples were incubated for 30 min at 258C.
After centrifugation (3,000g, 15 min), 1 mL of supernatant
was pipetted into boiling tubes, and colloidal carbohydrate
content was measured using the phenol-sulphuric acid assay
(see previous section). One milliliter of supernatant was re-
tained for uronic acid quantification (see next section).

One and a half milliliters of the remaining supernatant
from the colloidal fraction was added to 3.5 mL of ethanol
(i.e., 70% v/v final concentration) to measure the cEPS frac-
tion. Samples were covered and left for 24 h at 48C to pre-
cipitate. Following centrifugation (3000 g, 15 min), super-
natant was discarded and the cEPS pellets were resuspended
in 1 mL of dH2O and measured by use of the phenol sul-
phuric acid assay (Smith and Underwood 1998). Colloidal
and cEPS carbohydrates were quantified (mg g21, mg Chl a21

dry weight sediment) as glucose equivalents.

Sediment HW- and HB-extracted carbohydrate analysis—
After extraction of the easily solubilized colloidal material,
further carbohydrate fractions were extracted following pro-
cedures developed for diatom cells and sediments (Wustman
et al. 1997; Bellinger et al. 2005). Sediment pellets were
retained from the colloidal carbohydrate analysis (see
above), and all supernatant was discarded. Four milliliters of
ethanol was added to pellets to defat and remove pigments
(ethanol fraction discarded). Four milliliters of dH2O was
added to each pellet, mixed, and incubated in a water bath
(958C, 1 h). After centrifugation (3,000g, 15 min), this HW
soluble fraction was quantified for carbohydrates by use of
the phenol-sulphuric acid assay and for uronic acids (see
following).

Four milliliters of 0.5mol L21 NaHCO3 was added to the
remaining pellet, mixed, and incubated in a water bath
(958C, 1 h). After centrifugation (3,000g, 15 min), the HB
fraction was removed and quantified for carbohydrates by
use of the phenol-sulphuric acid assay and for uronic acids.
HW- and HB-extracted carbohydrates were quantified (mg
g21, mg Chl a21 dry weight sediment) as glucose equivalents.

Sediment uronic acid analysis—Aliquots of supernatant
retained from the colloidal and HW- and HB-extracted car-
bohydrate analyses were used to determine uronic acid con-
tent by use of the carbazole method (Bellinger et al. 2005).
One milliliter of supernatant from each of the above frac-
tions were placed in 5 mL frozen (2808C) sodium tetrabo-
rate in concentrated H2SO4 and kept on ice. Samples were
vortex-mixed and incubated in a water bath at 1008C for 12
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min. Samples were cooled on ice to room temperature
(208C), and 200 mL of carbazole reagent (1 g carbazole in
100 mL absolute ethanol) was added, mixed, and incubated
at 1008C for 15 min. Uronic acid was measured spectropho-
tometrically at 520 nm. Uronic acid content was quantified
as glucuronic acid equivalents. Measured uronic acids are a
subfraction of the total carbohydrate concentration deter-
mined by the method of Dubois et al. (1956). In this article
we use the term ‘‘carbohydrate’’ to define values obtained
by use of the Dubois method (which gives a combined mea-
sure of hexoses, pentoses, and uronic acids) and the term
‘‘uronic acids’’ specifically for the component of the car-
bohydrate pool measured by the carbazole method.

Monosaccharide composition by gas chromatography/
mass spectroscopy analysis—Monosaccharide determination
was carried out on cEPS, HW, and HB carbohydrate frac-
tions. From each quadrat, three large cores were collected
(internal diameter, 7.5 cm), and the 2 mm of surface was
freeze-dried. Four grams of dry sediment were sequentially
extracted as above using 40 mL of 25% saline followed by
ethanol (discarded), 30 mL of dH2O, and 30 mL of 0.5 mol
L21 NaHCO3 (958C for 1 h for both the HW and HB frac-
tions). cEPS was precipitated from the colloidal carbohy-
drate fraction in 70% ethanol (v/v); HW and HB soluble
carbohydrates were dialyzed in a 10- to 12-kD filter against
dH2O, and all samples were freeze-dried for analysis.

Monosaccharide profiles were determined in triplicate
(when applicable) for each fraction by use of the methods
described by Wustman et al. (1997). Briefly, 1–5 mg of
freeze-dried carbohydrate material was hydrolyzed in 2 mol
L21 triflouroacetic acid at 1218C for 3 h, followed by reduc-
tion to alditol acetates for identification/quantitation by gas
chromatography/mass spectroscopy (Finnigan-MAT Mag-
num Ion Trap Gas Chromatography/Mass Spectroscopy).
Identification and quantification were based on response fac-
tors relative to standards subjected to the same hydrolytic
procedure (Bellinger et al. 2005). Monosaccharide distribu-
tions are expressed as the relative abundance (RA) of indi-
vidual monosaccharides within the total analyzed fraction.

Quantification of carbohydrate hydrolyzing activity by ex-
tracellular enzymes—Hydrolysis by extracellular enzymes
of sediment carbohydrates to generate newly produced re-
ducing sugars was quantified by use of the method of Miller
(1959). Triplicate surface 2-mm sediment samples were col-
lected from each time point, frozen on site, and thawed for
analysis. Increases in reducing sugar concentration within
the sediment pore water were measured over a time course.
At the beginning of each time course, the metabolic inhibitor
sodium azide was added to the slurry to prevent new micro-
bial action. The increase of reducing sugars then depends on
the concentration of extracellular hydrolyzing enzymes pre-
sent at the time the sample was taken, rather than subsequent
enhanced microbial action within the slurry. One gram (wet
weight) of thawed sediment, 13.5 mL of dH2O, and 0.5 mL
of sodium azide (0.2% final concentation NaN3) were placed
in flasks (n 5 3) and subjected to a time course incubation
(258C, 140 rotations per minute) with samples extracted at
0 h, 1 h, 2 h, 3 h, and 4 h. At each time interval, 1 mL of

supernatant was extracted, centrifuged (3,000 3 g for 3
min), and diluted (1:10). Two hundred microliters of reagent
A (16 g anhydrous sodium carbonate, 0.9 g potassium cya-
nide made up to 1 L with dH2O) and reagent B (0.5 g L21

potassium ferric hexacyanide) were added to 200 mL of di-
luted sample, mixed, and boiled (1008C) for 15 min. Samples
were cooled in a water bath (208C) for 5 min, and 1 mL of
reagent C (1.5 g ferric ammonium sulphate, 1 g sodium do-
decyl sulphate, 4.2 mL of concentrated H2SO4 made up to 1
L with dH2O) was added to the samples, which were left to
stand for 1 h. Samples were measured spectrophotometri-
cally at 690 nm (Miller 1959). Sugar release by extracellular
enzymes was quantified as glucose equivalents.

Total nucleic acid extraction from sediments—Total nu-
cleic acids (DNA and RNA) were extracted from 0.1-g ali-
quots of sediment essentially as described by Osborn et al.
(2000) with the nucleic acid pellets resuspended in 100 mL
of diethylprocarbonate (DEPC)-treated water. Total nucleic
acids were visualized by agarose gel electrophoresis, in 0.7%
(w/v) agarose triphosphate EDTA gels.

RT-PCR amplification of 16S rRNA—Total RNA was pre-
pared by digestion of 30 mL of total nucleic acids by use of
DNase in the presence of DNase buffer containing 1 mol
L21 sodium acetate and 50 mmol L21 MgSO4 (pH 5.0), in
accordance with manufacturer’s instructions (Roche). cDNA
of 16S rRNA was generated by use of primer 518R (59-
CGTATTACCGCGGCTGCTCG-39) with Superscript III ac-
cording to manufacturer’s instructions (Invitrogen) before
PCR amplification using the labelled primers FAM63F (59-
CAGGCCTAACACATGCAAGTC-39) and HEX518R (see
above) (Girvan et al. 2003). Reaction mixtures contained
200 mmol L21 of each deoxyribonucleotide triphosphate
(dATP, dCTP, dGTP, and dTTP) (Roche), 5 mL of 103 PCR
buffer (KCl, [NH4]2SO4, Qiagen) 5 mL of a-casein (1 mg
mL21), 2.5 U of Taq DNA polymerase (Qiagen), 20 pmol
of each primer, 1 mL of template DNA, and DEPC-treated
water to a final volume of 50 mL. PCR amplification was
carried out by use of an initial denaturation at 958C for 5
min; 35 cycles of 948C for 1 min, 558C for 1 min, and 728C
for 2 min; and a final extension step of 728C for 10 min.
PCR products were analyzed by electrophoresis of 5 mL of
PCR product in a 1% (w/v) agarose gel.

Terminal restriction length polymorphism analysis—Am-
plified 16S rRNA genes were purified with a QIAquick PCR
purification kit (Qiagen) and digested separately with 10 U
of AluI and CfoI (Roche) at 378C for 3 h. Restriction digests
were mixed with 12 mL of deionized formamide and 0.5 mL
of ROX-labelled Genescan 500-bp internal size standard
(Applied Biosystems) and denatured by boiling for 5 min
and then immediately transferred to ice. Duplicate samples
were electrophoresed on an ABI 310 genetic analyzer (Ap-
plied Biosystems) at 15.0 V for 30 min, with resulting pro-
files analyzed by use of Genescan v3.1 software (Applied
Biosystems). Duplicate profiles were then compared by use
of T-Align (Smith et al. unpubl. data). The RA of each in-
dividual terminal restriction fragment (T-RF) was calculated
from its peak area by use of the following equation: relative
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Fig. 1. Temperature (8C), irradiance (KJ m22), total carbohy-
drate (CHO; mg g21), chlorophyll a (mg g21), and sediment water
content (%) in the top 2 mm of sediment at Alresford Creek, Colne
Estuary, United Kingdom, measured over a 16-h period over a tidal
emersion–immersion–emersion cycle on 27–28 May 2003. Values
are mean 6 SE, n 5 20.

Table 1. Pore water (top 2 mm sediment), nutrient content (mmol L21), and stoichiometric ratios (N : P, N : Si, and P : Si) measured during
a tidal emersion-immersion-emersion cycle at Alresford Creek, Colne Estuary, United Kingdom, on 27–28 May 2003.

Time
NO3

2 1 NO2
2

(mmol L21) N : P ratio
Phosphate

(mmol L21) N : Si ratio
Silicate

(mmol L21) P : Si ratio

13 : 00 h
15 : 30 h
17 : 30 h
18 : 00 h
19 : 00 h
04 : 30 h

202.49619.4
197.19617.7
193.39617.0
196.59611.4
160.70616.3
156.78614.1

25.346 3.48
20.7861.79
23.6762.15
17.7361.78
17.8861.77
20.4963.89

7.9960.9
9.4960.7
8.1760.8

11.0961.6
8.9960.5
7.6560.8

5.1360.62
4.9060.51
4.2961.70
3.7660.58
2.8160.31
3.4360.48

39.5164.0
40.2263.3
45.0464.9
52.3163.9
57.2163.2
45.6765.0

0.2060.03
0.2360.02
0.1860.03
0.2160.02
0.1660.02
0.1760.03

peak area for each T-RF 5 peak area of each T-RF/total peak
area of all T-RFs in the terminal restriction length polymor-
phism (T-RFLP) profile.

Statistical analysis—Temporal changes in sediment car-
bohydrate and Chl a data were analyzed by use of ANOVA.
Data were checked for normality by Bartlett’s test and where
necessary were transformed before analysis. There were no
significant differences between quadrats sampled at the same
time point, and mean values (6standard errors, n 5 20) are
presented. Significant differences between sample times
were determined when F5,119 . 2.29 for the whole data set,
or F2,59 . 3.159 when changes either over the emersion pe-
riod or between the end of the emersion and the first 1.5 h
of immersion were considered (individual F values are not
presented for brevity). Where significant differences were
found, post-hoc Tukey tests were used to determine differ-
ences between individual time points. Multivariate analysis
of RA of monosaccharide profiles and relative peak area as
a measure of abundance for individual T-RFs within the ac-
tive bacterial community composition were carried out by
use of Multivariate Statistical Package v3.13b (Kovcomp.

com). All RA data were transformed (log ratio for Principal
Component Analysis [PCA], arcsin for ANOVA) to remove
the effects of closure (MVSP) (Zar 1999). Temporal changes
in presence, absence, or RA of individual T-RFs were de-
termined after nesting quadrat data within temporal data (Zar
1999). Statistical analyses were conducted by use of MIN-
ITAB ver. 13.3.

Results

Environmental conditions May 2003—Light levels re-
mained relatively constant between 13:00 and 16:00 h, be-
fore declining. It was dark 3 h after the site had been im-
mersed, and sampling in the following emersion period was
conducted in darkness. Daytime temperature was ;188C, de-
creasing to 118C during the night (Fig. 1). Chl a content in
the top 2 mm of sediment ranged from 22–42 mg g21 over
the 15.5-h sampling period (Fig. 1). Chl a content did not
significantly vary over the low-tide period but declined sig-
nificantly 30 min and 1.5 h after tidal immersion (a 42%
loss, p , 0.001). Chl a content did not vary significantly
from early high tide to the following low tide (Fig. 1). Sed-
iment water content in the top 2 mm varied between 65%
and 69%, and there were no significant differences over the
15.5-h sampling period (Fig. 1). No nutrient limitation was
apparent over the low-tide or high-tide periods, with nutrient
ratios remaining relatively stable. Pore water nitrate, phos-
phate, and silicate concentrations were from 156–202 mmol
L21, 7–11 mmol L21, and 39–57 mmol L21, respectively, and
there were no significant temporal changes in N : P, N : Si
or P : Si ratios (Table 1).

Tidal changes in water soluble and bound carbohydrate
fractions—Total carbohydrate content (mg g21) increased
significantly by 47% during low tide, reaching a maximum
concentration of 8754 mg g21 at the end of the low-tide pe-
riod (p , 0.001; Fig 1). After tidal cover, total carbohydrate
content remained relatively stable. There were no significant
correlations between Chl a and total carbohydrate content
during low-tide periods.

There were significant temporal changes in water-soluble
carbohydrate fractions over the tidal cycle. Low-tide colloi-
dal carbohydrate content (mg g21 and mg Chl a21) increased
significantly (p , 0.01), reaching a maximum content of 682
mg g21 by the end of low tide (Fig. 2A). The rate of colloidal
carbohydrate increase over the emersion period was 2.03 6
0.59 mg glucose equivalents mg Chl a21 h21 (Fig. 2B). After
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Fig. 2. Changes in colloidal carbohydrate and cEPS content in (A) mg glucose equivalents g21 dry weight of sediment, (B) normalized
to chlorophyll a, (C) colloidal uronic acid fraction in mg g21, and (D) normalized to chlorophyll a measured over a 16-h period over a
tidal emersion–immersion–emersion cycle on 27–28 May 2003. Values are mean 6 SE, n 5 20.

30 min of tidal cover, colloidal content decreased signifi-
cantly (p , 0.001), and within 1.5 h of tidal cover, 62% of
colloidal carbohydrate was lost compared with the content
at the point of tidal immersion. After this initial loss, col-
loidal concentrations had not changed significantly by the
time of the next sampling, during a night-time tidal emersion
period (Fig. 2A,B).

The amount of cEPS increased significantly during low
tide (p , 0.001), reaching a maximum content of 198 mg
g21; an increase of 300% within a 2.5-h exposure period
(Fig. 2A). After the peak in cEPS during mid afternoon,
concentrations decreased, and there was not a significant de-
crease even after 30-min tidal cover. However, after a further
hour of tidal cover, cEPS concentrations increased signifi-
cantly (p , 0.05). cEPS was barely detectable (15 mg g21)
after exposure at the next tidal phase (Fig. 2A,B).

The uronic acid content of the colloidal fraction showed
a similar pattern of change to the cEPS subfraction of col-
loidal (r 5 0.94, p , 0.001, n 5 6) rather than to the overall
colloidal carbohydrate pool. After 2.5 h of exposure, colloi-
dal uronic content increased significantly (p , 0.001), reach-
ing a maximum content of 207 mg g21, an increase of 128%
(Fig. 2C). After decreases during the latter period of tidal
exposure and the first 30 min of tidal cover, colloidal uronic
content increased significantly after 1.5 h of tidal cover (p
, 0.001), a 348% increase from early phase tidal cover (30
min). Uronic acid was not present within the colloidal car-
bohydrate fraction after exposure at the next tidal phase (Fig.
2C,D). Biomass-normalized colloidal uronic content showed
the same overall trends (Fig. 2D).

HW carbohydrate content showed a decrease followed by
an increase over low-tide exposure, with a significant bio-
mass-normalized rate of production (1.92 6 0.9 mg glucose
equivalents mg Chl a21 h21) over the emersion period (Fig.

3A,B). After 30 min of tidal cover, HW carbohydrate content
decreased significantly by 33% (p , 0.01). Following a fur-
ther 1-h of tidal cover, the amount of HW-extracted carbo-
hydrates increased significantly (p , 0.01) by 26%. HW
carbohydrate content at the beginning of the next tidal emer-
sion period was not significantly different from the mea-
surement made after 90 min of tidal immersion. During the
first tidal emersion period, the uronic acid concentrations in
the HW fractions increased steadily, reaching a maximum of
509 mg g21; an increase of 66% from the beginning of the
emersion period (p , 0.001; Fig. 3C). Increases in HW
uronic acid content matched those of the HW carbohydrate
fraction. HW uronic content showed a strong correlation
with colloidal carbohydrates fractions (r 5 0.96, p , 0.001,
n 5 6). High-tide HW uronic content also increased after
1.5 h immersion (p , 0.001; Fig. 3C,D).

There was no significant variation in overall HB carbo-
hydrate content over the tidal cycle period. However, the
uronic acid content of the HB fraction increased significantly
(208%) at mid low tide (p , 0.001), reaching maximum
concentrations of 398 mg g21 (Fig. 3C), and significantly
correlating with cEPS content (r 5 0.97, p , 0.001, n 5
6). HB uronic content increased after 30 min of tidal cover
(p , 0.001), to a maximum of 407 mg g21. One hour of
further tidal cover led to a significant decrease in HB uronic
content (p , 0.001) to preimmersion values.

Changes in sediment carbohydrates through an emersion-
immersion-cycle during June—Light levels decreased during
the daytime emersion period in June, and were on average
lower than in May, although temperature was higher (Fig.
4). Chl a content (data not shown) showed a 14.2% increase,
from 37.3 6 2.9 to 42.6 6 2.2 mg g21 during the emersion
period. There was no significant loss of Chl a immediately
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Fig. 3. Changes in (A) Hot water (HW)-extracted and hot bicarbonate (HB)-extracted carbohydrate content (mg g21) and (B) normalized
to chlorophyll a, (C) HW- and HB-extracted uronic acid content (mg g21), and (D) normalized to chlorophyll a measured over a 16-h period
over a tidal emersion–immersion–emersion cycle on 27–28 May 2003. Values are mean 6 SE, n 5 20. Uronic HW, HW-extracted uronic
acids; uronic HB, HB-extracted uronic acids.

Fig. 4. Temperature (8C), irradiance (KJ m22), and total carbo-
hydrate (CHO), colloidal (Coll), cEPS, and hot water (HW)-extract-
ed and hot bicarbonate (HB)-extracted carbohydrate contents (mg
g21) in the top 2 mm of sediment measured over a 16-h period
during a tidal emersion–immersion–emersion cycle on an intertidal
mudflat on 11–12 June 2003. Values are mean 6 SE, n 5 20.

after immersion, but after 90 min of tidal cover, Chl a con-
tent had dropped by 21.6% to 35.6 6 2.1 mg g21. Total
carbohydrate content increased over tidal emersion, but there
were no significant increases in colloidal or cEPS during this
time (Fig. 4). After 90 min of tidal cover, there was a 5.7%

loss of colloidal and a 25% loss of cEPS. HW carbohydrates
rose significantly over the tidal emersion period, whereas HB
carbohydrate content fell. Both these fractions increased af-
ter tidal immersion, by 15% and 25%, respectively (Fig. 4).

Tidal changes in monosaccharide components and distri-
bution—RA of monosaccharides within each extracted car-
bohydrate fraction fluctuated over the tidal cycle with glu-
cose being the most abundant monosaccharide component of
the cEPS and HW-extracted carbohydrate fractions (Fig. 5).
RA of glucose in the cEPS fraction was between 40% and
60% in May but was lower in June, between 20% and 40%
RA (Fig. 5D). The RA of glucose in cEPS increased mid
low tide (Fig. 5A) in May, thereafter decreasing toward the
end of low-tide exposure. After 1.5 h of tidal immersion,
glucose RA increased, with a return to early low-tide RA
values at the next tidal phase. In the June samples, the RA
of glucose in cEPS was higher during tidal exposure com-
pared with during tidal immersion (Fig. 5D). The other ma-
jor sugars in cEPS were galactose, xylose, fucose, and man-
nose. A low RA of ribose (2–4%) was present in two of the
May cEPS samples, but otherwise, ribose was not present in
the May or June cEPS samples. The HW carbohydrate frac-
tions had higher RA of glucose, between 50% and 75% (av-
erage, 66%) of the total monosaccharide composition over
the tidal cycle in May (Fig. 5B). RA of glucose in the HW
fraction increased over the low-tide period, peaking at late
low tide in both May and June (76% and 66%, respectively;
Fig. 5B,E). Glucose RA in the HW fraction decreased with
the onset of high tide. The HB fraction showed the most
evenly distributed proportions of other sugars of all three
fractions, with glucose averaging 28% and galactose, man-
nose, fucose, and rhamnose averaging (combined) 46% of
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Fig. 5. Monosaccharide composition (% of total fraction) of (A, D) cEPS, (B, E) hot water–extracted, and (C, F) hot bicarbonate–
extracted carbohydrates extracted from intertidal sediments of the Colne Estuary, United Kingdom, sampled at early, mid, and late low
tide, early phase of tidal cover (30 min and 1.5 h) and next tidal phase on 27–28 May (A–C) and 11–12 June (E–F) 2003. glc, glucose;
gal, galactose; man, mannose; xyl, xylose; ara, arabinose; rib, ribose; fuc, fucose; rha, rhamnose. Values are % means, n 5 6). Monosac-
charides were measured by gas chromatography/mass spectroscopy analysis.

the monosaccharide composition over the tidal cycle in May
(Fig. 5C). In the June samples, the average RA of glucose
was higher (41%). The HB fraction contained between 4%
and 10% ribose, and ribose was consistently found in all HB
samples (Fig. 5C,F).

Principal components 1 and 2 from PCA of the May and
June monosaccharide data explained 70.7% of the variability
in the data (Fig. 6). The three carbohydrate fractions were
generally separated on the plot on the basis of their dominant
monosaccharides. Sugar components of the cEPS fraction

were more diverse, with a broad scatter along the PC1 axis
of glucose and galactose. Daylight emersion samples of
cEPS in May (13:00 h M1 and 15:30 h M2 samples) showed
enrichment with glucose (as did the 19:00 h M5 sample).
Compared with the May samples, June cEPS showed greater
enrichment with rhamnose and fucose, especially samples
J4–J6 taken after the daytime emersion period (Fig. 6).
Scores showed a trend toward predominately glucose-rich
HW carbohydrates (Fig. 6). There was a very clear increase
in glucose enrichment in the HW fraction during the expo-
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Fig. 6. Scatter plot of sample scores on principle components
1 and 2 from a PCA of the monosaccharide composition (relative
abundance) of cEPS, HW, and HB fractions of intertidal sediment
carbohydrates samples during two different 16-h emersion–immer-
sion–emersion periods on 27–28 May (M) and 11–12 June (J) 2003
at Alresford Creek and Wivenhoe on the Colne Estuary, United
Kingdom. (Vectors: glc, glucose; gal, galactose; man, mannose; xyl,
xylose; ara, arabinose; rib, ribose; fuc, fucose; rha, rhamnose).
Numbers relate to sampling time points: 1, 13:00 h; 2, 15:30 h; 3,
17:30 h; 4, 18:00 h; 5, 19:30 h; and 6, 04:30 h. Fig. 7. (A) Rate of production of reducing sugars (mg glucose

equivalents g21 wet weight of sediment h21) in intertidal sediments
by extracellular enzymatic activity over a tidal emersion-immersion-
emersion cycle on 27–28 May 2003 at Alresford Creek, Colne Es-
tuary, United Kingdom, calculated from changes in reducing sugar
concentration in abiotic sediment slurries over a 4-h incubation
(mean 6 SE, n 5 12). (B) Concentration of reducing sugars in
intertidal sediment (mean 6 SE, n 5 3) and predicted sediment
concentration applying the rates of production given in Fig. 7A and
assuming no loss.

sure period (M1–M3, J1–J3) in both May and June, followed
by a decrease during tidal cover and darkness. HB carbo-
hydrates were enriched with ribose, xylose, and mannose,
with an increasing mannose component as the tidal cycle
progressed.

Changes in extracellular hydrolysing enzyme activity and
reducing sugar concentrations—The rate of production of
reducing sugars (mg glucose equivalents g21 wet weight of
sediment h21) by extracellular hydrolytic activity increased
to its highest rate at mid low tide (15:30 h), before declining
(Fig. 7A). By the time of the final sample point (tidal emer-
sion, 04:30 h), production rates had decreased to levels be-
low those of the initial rate at the beginning of the illumi-
nated emersion period (13:00 h). The rate of reducing sugar
production was significantly correlated with sediment cEPS,
colloidal uronic acid, and HB-extracted uronic acid content
(r 5 0.92, 0.96, and 0.97, respectively; all p , 0.001; n 5
6). The in situ pore water concentrations of reducing sugars
in the thawed sediments (the initial concentration of each
time-course experiment) also increased over the illuminated
emersion period, before declining during tidal immersion
and darkness (Fig. 7B). Sediment reducing sugar content was
significantly correlated with colloidal carbohydrate (r 5
0.75, p , 0.05, n 5 6). Predicted pore water–reducing sugar
concentrations were calculated from the average rate of sug-
ar release between two sample points (from Fig. 7A) and
the time intervals between sample points. The predicted con-
centrations would be what would be expected if no loss oc-

curred of the newly produced reducing sugars. There is a
substantial mismatch between the predicted and actual con-
centrations of reducing sugars over the emersion–immer-
sion–emersion cycle. This indicates high potential loss rates
of this carbohydrate component, because of microbial activ-
ity and/or wash away during tidal cover.

Bacterial community dynamics during the diurnal cycle—
T-RFLP profiles were generated from the active bacterial
community (rRNA) at six time points during the tidal cycle.
A total of 59 T-RFs were identified, with an average of 33.9
6 0.89 (standard error) T-RFs per sample. There was no
significant difference in community richness between sam-
ples. Principal components 1 and 2 derived from PCA of the
active community data identified by T-RFLP explained
36.9% of the variability in the data. The active bacterial
communities did not generally form discrete clusters with
respect to the six sample times (except for samples taken at
17:30 h and 04:30 h; Fig. 8). Replicate T-RFLP profiles de-
rived from RT-PCR products from individual RNA samples
within quadrats did, however, cluster together. There was no
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Fig. 8. Principal components ordering of data (axes 1 and 2)
generated from the replicate 16S rRNA T-RFLP profiles describing
the active bacterial communities present in the top 2 mm of sedi-
ment from Alresford Creek during 27–28 May 2003.

Table 2. Terminal restriction fragments (T-RFs) derived from T-RFLP rRNA profiles of intertidal sediment (top 2 mm) from Alresford
Creek, Colne Estuary, United Kingdom, showing significant patterns of change in relative abundance (RA) of T-RF peak area over the
course of a tidal emersion-immersion-emersion period from 27–28 May 2003. Forty-six other T-RFs were identified in the profiles, but
these showed no signficant changes in RA over the period of study. T-RF fragment length, summary of pattern, significance of change,
and of correlation with enzyme activity (correl. enzyme activity) are shown.

Pattern of RA change T-RF size (nucleotides) Change in RA, signficance level

Decline over period 39.06 decline only over first emersion period, F2,957.1, p,0.05
159.24 from 3.9% to 1.3% RA, then increase to 5.6%, F5,6,125186.1, p,0.001
214.72 variable, from 20% down to 5%, then increase to 14–18%, F5,6,12525.2,

p,0.001
Increase over period 194.29 increase, from 3.1 up to 7.5–8.1% during immersion, F5,6,12511.9, p,0.001
Highest RA at 15 : 30 h (mid

low tide)
113.09 from 1–2% to 4.1% RA, F5,6,1256.85, p,0.01; correl. enzyme activity,

r50.73, p,0.05
117.36 from 1.3% to 3.4% RA, F5,6,12514.1, p,0.001; correl. enzyme activity,

r50.85, p,0.01
170.56 only present at 15 : 30 h, RA50.5%, F5,6,1253.43, p,0.05
216.84 only present at 15 : 30 h, RA51.5%, F5,6,1256.13, p,0.01
245.05 from 3.9% to 6.8% RA, F5,6,12566.5, p,0.001; correl. enzyme activity,

r50.83, p,0.05
Highest RA at 17 : 30 h (just

before immersion)
225 1% RA at 17 : 30 h , otherwise , 0.1%, F5,6,1256.13, p,0.01

243.1 1% RA at 17 : 30 h, otherwise , 0.05–0.01%, F5,6,1259.86, p,0.001
Highest RA at 04 : 30 h (sec-

ond emersion period)
155.69 7.8% RA at 04 : 30 h, rest ,0.3%, F5,6,1252346, p,0.001

clear pattern of any consistent temporal shift or clustering
with respect to the time of sampling during the tidal cycle.
In addition, there were no significant correlations found be-
tween the overall community structure of the active bacterial
community data (PC axes scores of samples) and the con-
centrations of carbohydrates, uronic acids, algal biomass, or
rates of extracellular enzyme activity (data not shown).

Analysis of RA data for individual T-RFs found that 12
T-RFs out of the total 59 did exhibit significant changes in

RA with time. Five different response patterns were identi-
fied, with between one and five R-TFs falling into each cat-
egory (Table 2). The RA of three T-RFs (113.09, 117.36,
and 245.05) that were present throughout the time course
were significantly correlated with the rate of hydrolysis of
sediment carbohydrates by extracellular enzymes to generate
newly produced reducing sugars (Table 2). Two other T-RFs
(170.56, 216.84) were only present at 15:30 h, when the rate
of enzymatic activity was highest.

Discussion

Changes in sediment carbohydrate fractions over time—
Colloidal extracts from estuarine sediments contain a broad
size range of carbohydrate materials, from mono- and oli-
gosaccharides through to polymers .100 kD in size (Stal
2003; Underwood and Paterson 2003). Precipitation of EPS
from such material, using 70% v/v ethanol, has been widely
used (Decho 1990; Smith and Underwood 1998; Underwood
and Paterson 2003), although with some uncertainty as to
which components of the colloidal material are actually pre-
cipitated (Stal 2003). A number of compositionally different
EPS can be extracted from cEPS extracts (de Brouwer and
Stal 2001; Magaletti et al. 2004; Underwood et al. 2004),
emphasizing the operational nature of these extraction pro-
cedures (Underwood and Paterson 2003). Despite these un-
certainties, clear patterns in changes in the concentrations of
water-soluble carbohydrate fractions on intertidal mudflats
over tidal emersion periods, related to microphytobenthic ac-
tivity are well described. There is usually a close relationship
between the rate of photosynthesis and increases in colloidal
carbohydrates, particularly the smaller-molecular-weight car-
bohydrate fractions (Staats et al. 2000; de Brouwer and Stal
2001), resulting in linear increases in colloidal and cEPS
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content over tidal emersion periods (Stal 2003; Underwood
and Paterson 2003). cEPS dynamics are more complex, with
production rates and carbon allocation patterns showing
varying patterns, but generally in a thick biofilm, the
amounts of colloidal and cEPS would be expected to in-
crease over a tidal exposure period. This is the pattern seen
clearly in the colloidal and, to some extent, in the cEPS data
over the tidal emersion period in May (Fig. 2). The rates of
increase in colloidal and cEPS (;2 mg glucose equivalents
mg Chl a21 h21) fall into the range reported in other field
and culture studies (Underwood and Paterson 2003). Nutri-
ent limitation can also result in significantly increased car-
bohydrate production (overflow hypothesis) (Stal 2003; Un-
derwood and Paterson 2003). However, the pore water
concentrations of nutrients and the stoichiometric ratios cal-
culated here suggest nutrient limitation was unlikely to be
influencing EPS production within the biofilms.

During June, colloidal and cEPS content remained rela-
tively constant over the immersion period rather than show-
ing expected increases. Although Chl a content was similar,
light levels decreased more rapidly during the exposure pe-
riod in June compared with May. This would have reduced
the overall rate of colloidal carbohydrate production (Smith
and Underwood 1998). However, increases in total and HW
fractions and in the RA of glucose in the HW fraction (Fig.
6) indicate that primary production was occurring (de Brou-
wer and Stal 2001; Underwood et al. 2004). However, loss
rates of colloidal exudates within sediments can be high (see
following), and if production rates of colloidal and cEPS
matched losses within the sediment, then no net change
would be seen. This mismatch between the flux of carbon
through particular pools and corresponding concentration
data patterns was shown in 14C-labelling studies on the Hum-
ber Estuary, where concentrations of EPS and colloidal car-
bohydrates decreased over an afternoon tidal exposure pe-
riod, despite active production of colloidal and cEPS (Smith
and Underwood 1998; Underwood and Smith 1998b). Re-
cent data have also shown that biofilm activity is not nec-
essarily linearly dependent on light but is affected by the
temporal patterns of species replacement, surface micromi-
gration, and endogenous rhythms of photoacclimation over
tidal emersion periods (Underwood et al. 2005). Such pro-
cesses can result in no net change in certain variables, de-
spite active fluxes of material through these pools (Under-
wood 2002). Perkins et al. (2003) have also recently shown
that sediment dewatering on intertidal flats can have a sig-
nificant effect on the values of measured sediment variables,
decreasing Chl a content (mg g21) by between 12% and 14%
and increasing concentration (mg cm22) data by up to 40%,
whereas colloidal carbohydrate data showed opposite trends.
The physical effects of dewatering on resultant content and
concentration data are greater the thinner the depth slice of
sediment taken and potentially can either mask or emphasise
real changes occurring in the sediments. Although we found
no significant change in water content in our 2-mm-deep
sediment slices over the course of the measurements, any
dewatering, if significant, would serve to reduce the mag-
nitude of any changes observed. Thus, the June data, al-
though not showing such clear patterns of low tide–carbo-

hydrate production as was found in May, are not
incompatible with such an interpretation.

Sequential extraction of colloidal, HW-, and HB-soluble
carbohydrate fractions resulted in ;50% of the total sedi-
ment carbohydrate pool being characterized. It is important
to emphasise that these extraction procedures do not isolate
specific polymer types but, within the spectrum of different
EPS present in sediments, broadly separate different carbo-
hydrates based on solubility and binding characteristics (Un-
derwood and Paterson 2003; Bellinger et al. 2005). That
these separations do isolate different components of EPS is
shown by the differences in temporal dynamics between
fractions and the grouping of fractions along independent
component axes in the PCA based on monosaccharide pro-
files. Fractions tended to clustered together, regardless of
sample month, although some variations were observed
within fractions between months, a pattern of grouping sim-
ilar to that reported for different carbohydrate fractions iso-
lated from various types of intertidal estuarine biofilms (Bel-
linger et al. 2005). The monosaccharide composition of
cEPS was similar to that of HB with regards to proportions
of galactose, xylose, fucose, and rhamnose, most notably in
May. In June, cEPS had decreased concentrations of glucose
and dramatically greater fucose and rhamnose contents.
Higher glucose content in EPS has been linked to photosyn-
thetic activity (de Brouwer and Stal 2001), whereas fucose
and rhamnose are more refractory sugar components (Gi-
roldo et al. 2003). The differences in glucose content in the
EPS between May and June may reflect the greater net ac-
cumulation of newly produced EPS over the emersion period
in May. Giroldo et al. (2003) reported relative increases in
the proportion of deoxy sugars during the degradation of
planktonic diatom EPS exudates, as glucose was preferen-
tially used. This hypothesis would explain the increased
rhamnose, fucose, and galactose and the decreased glucose
contents in cEPS after tidal cover, particular in June, when
‘‘wash away’’ of cEPS was less than in May. Rhamnose
enrichment in water-soluble carbohydrates relative to bound
carbohydrates has also been found in estuaries studied by de
Brouwer et al. (2003). In both May and June, cEPS tended
to have a lower mannose content and was generally lacking
in arabinose. This is consistent with previous culture and
field experiments that have found colloidal polymers to in-
clude, at most, only low levels of and, in some cases, no
arabinose (Taylor et al. 1999; Bellinger et al. 2005). The
cEPS fraction was enriched in glucose relative to HB soluble
polymers, but temporal patterns of the gain or loss of glucose
were identical in both cEPS and HB. The temporal changes
in uronic acid content in colloidal extracts mirrored those of
cEPS, strongly indicating a significant uronic acid compo-
nent of cEPS. A high uronic acid content promotes cross-
linking of polymer chains that can provide structural prop-
erties (Decho 2000; Stal 2003). Both cEPS and HB fractions
showed substantial, and similar, temporal changes in uronic
acid content, with a temporal shift of 30 min between peaks
of uronic content in HB and cEPS after tidal immersion.
These similarities lead us to hypothesize that a proportion
of the cEPS fraction is derived from HB polymers produced
by the diatoms.

All HW polymers were glucose dominated, however, glu-
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cose comprised a smaller proportion of the polysaccharide
in June when compared with May (50–65% vs. 60–75%,
respectively). Although the presence of some other mono-
saccharides in the HW fraction indicates some incorporation
of material from other carbohydrate pools, the patterns of
change with illumination indicates that the HW fraction pri-
marily represents solubilization of the diatom intracellular
storage glucan chrysolaminarin (Chiovitti et al. 2003; Un-
derwood et al. 2004). In both the May and June samplings,
increases in glucose content (as a part of the total detected
sugar total) were observed during daylight emersion, reflect-
ing photosynthetic activity and storage (de Brouwer and Stal
2001). During immersion or the darkened-emersed period,
the proportion of glucose decreased, probably owing to ca-
tabolism of glucan by the diatoms (Smith and Underwood
1998; Underwood et al. 2004). This close dependence on
irradiance suggests that changes in HW content are a good
proxy measure for diatom photosynthetic activity in sedi-
ments.

HB polymers showed dominance of xylose, mannose, and
galactose (representing 30–40% of the total) and, to a lesser
extent, rhamnose and fucose (10–20% of the overall total).
In June, a greater proportion of the polysaccharide was glu-
cose, and a reduced rhamnose and fucose content were ob-
served. HB carbohydrates are closely associated with the
diatom frustule, forming the primary mucilage coating
around the silica cell wall (Chiovitti et al. 2003; Bellinger
et al. 2005). The high proportions of mannose, xylose, and
uronic acids indicate structural properties for the HB fraction
(Wustman et al. 1997; Chiovitti et al. 2003). At the begin-
ning of the exposure period, when irradiance levels were
highest, HB carbohydrates tended to group along the man-
nose, xylose components. Goes et al. (1996) observed in-
creases in these sugars and galactose within the structural
carbohydrate pool for phytoplankton exposed to ultraviolet
light. Increased amounts of glucose in structural polysaccha-
rides were observed by Goes et al. (1996) in phytoplankton
and in the bulk carbohydrate fraction as determined by Tay-
lor et al. (1999). The composition of HB extracts from di-
atom cultures and sediments is remarkably similar (Bellinger
et al. 2005; Abdullah et al. unpubl. data), given the potential
for incorporation of non-diatom-derived polymers from oth-
er sediment components. There appears to be a pathway by
which HB-extracted material becomes available in the cEPS
pool (e.g., similarities in temporal changes in glucose and
uronic acid content), either by solubilization from cell walls
or by deposition as motility trails within the environment
(Chiovitti et al. 2003; Higgins et al. 2003), followed by prob-
able bacterial degradation. These processes require further
investigation.

Removal and deposition of carbohydrates during tidal
cover—The mean flow velocity of water across a mudflat is
greatest at the leading edge of the rising tide, just immedi-
ately after a portion of mudflat is initially covered, after
which mean flow velocity decreases. This causes a ‘‘turbid
tidal edge,’’ with suspended solid concentrations as high as
6 g L21 (Christie and Dyer 1998). This zone of high turbidity
passes rapidly and within 90 s suspended solid load can fall
to below 2 g L21. The turbid layer consists of organic debris,

algal cells, biofilm layers, and bubbles. This is a mechanism
by which materials are moved landward across a mudflat
profile. Mean velocities and suspended solid loads decrease
(down to 370 mg L21) as material settles out on the mudflats
(Christie and Dyer 1998). Evidence for deposition of detrital
material during early tidal cover was seen in both May and
June, with increases in carbohydrate content in the second
set of subtidal samples possibly owing to deposition of such
material. This would explain increases in total, HW, and HB
fractions in both the May and June data sets. Coagulation of
DOM, particularly polysaccharides, can be induced through
mixing and bubble scavenging, forming particles rich in the
deoxysugars rhamnose and fucose, as well as covalently
bound sulphate (Zhou et al. 1998, Giroldo et al. 2003). Such
particles can then settle in the lower flow velocities present
after the turbid tidal edge has passed. In June, cEPS sampled
after tidal cover had dramatically greater fucose and rham-
nose contents.

During the first 90 min of tidal cover, sediment Chl a
content decreased by ;40% in May and 16% in June. MPB
possesses endogenous rhythms of vertical migration, and mi-
grates down into the sediments generally just before tidal
cover (Consalvey et al. 2004). Migration occurs mainly
within the top few hundred micrometers, and within 2-mm-
depth slices, Chl a content does not significantly change with
migration (de Brouwer and Stal 2001; Kelly et al. 2001).
Therefore, decreases in Chl a content with tidal cover are
unlikely to be owing to migration of cells below the sedi-
ment sampling depth but instead indicate loss to the water
column. Up to 50% of MPB biomass have been estimated
to be ‘‘washed away’’ during tidal cover (de Jonge and van
Beusekom 1995), and physical removal of biofilm material
can be seen occurring in the turbid tidal edge, as described
by Christie and Dyer (1998). If we consider Chl a as a mark-
er for biomass, then there is a greater loss of colloidal (62%
loss in May and a 25% loss of cEPS in June) from the
sediment than can be explained by physical removal. These
decreases in colloidal carbohydrates are similar to recorded
losses of 40–50% over complete tidal immersion periods
(Underwood and Smith 1998; Orvain et al. 2003; Under-
wood and Paterson 2003), indicating that this major period
of loss actually occurs soon after tidal cover. It is noticeable
that greater loss of colloidal occurred in sediments with
higher colloidal content. Colloidal and EPS material located
on the top of the sediments in thicker biofilms during emer-
sion (Underwood et al. 1995) may be more likely to be re-
moved either physically (in parallel with cells/Chl a), by
dissolution into the overlying water column, or be lost
through bacterial utilization. Bacteria produce a range of ex-
tracellular enzymes (e.g., a- and b-glucosidases, aminopep-
tidases) to degrade extracellular polymers (Simon et al.
2002). However, cleavage of carbohydrates by glucosidases
to monosaccharides is not always necessary, and bacteria can
take up oligosaccharides by using glycoporins; this being
more energetically efficient than is extracellular hydrolysis
to monosaccharides (Meon and Jüttner 1999). Use of meth-
ylumbelliferyl-labelled substrates to determine enzyme ac-
tivities (Romanı́ et al. 2004) measures the maximum poten-
tial release rate (owing to the use of saturating
concentrations of labelled substrate), rather than direct mea-
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surements of in situ rates (Arnosti 2000, Simon et al. 2002).
Potential maximum b-glucosidase activity was found not to
change on a Dutch mudflat over tidal emersion or immersion
cycles, despite large changes in concentrations of low-mo-
lecular-weight carbohydrates and EPS (van Duyl et al. 1999).
We used a different approach here, measuring the increase
in reducing sugars as a product of hydrolysis of polymeric
material present in the sediment rather than adding saturating
concentrations of labelled substrate to determine potential
maximum rates (Arnosti 2000). The reducing sugars detect-
ed may be monosaccharides but also end units of oligo- and
polysaccharides exposed by hydrolysis of bonds along the
polymer chain (Arnosti 2000). The rates of enzymatic hy-
drolysis varied over the course of the experiment, correlating
with sediment cEPS, colloidal uronic acid, and HB-extracted
uronic acid content. The rates of hydrolysis indicate sub-
stantial potential production of reducing sugars that was not
reflected in the sediment standing stocks. The difference be-
tween in situ reducing sugar concentrations and production
rates can be attributed to rapid bacterial use of these reducing
sugar compounds. Low-molecular-weight saccharides are
rapidly used in marine sediments (van Duyl et al. 1999,
2000; Middelburg et al. 2000; Köster et al. 2005), with bac-
terial production significantly correlated with low-molecular-
weight compounds (van Duyl et al. 1999). Rapid bacterial
uptake of low-molecular-weight material can explain the
steep decreases in concentrations of low-molecular-weight
MPB exudates in the absence of photosynthesis, particularly
in sands (Underwood 2002). Loss of colloidal material dur-
ing immersion accounted for almost 80–90% of the colloidal
and EPS carbohydrate produced during the previous illu-
minated emersion phase; with ;50% of this washed away
and the remainder either lost through dissolution or bacterial
activity. These high turnover rates will result in only a slow
net accumulation of material over time (Orvain et al. 2003).

There were no major changes in the active bacterial com-
munity composition in the biofilms over the 24-h period de-
spite changes in the availability of diatom exudates. It is not
clear the extent to which increased bacterial activity in or-
ganic sediments and flocs is owing to new gene expression
in existing bacteria or selection of a new bacterial flora
(DeLong et al. 1993). Muddy sediments are rich in organic
matter, and the degree of algal-bacterial coupling has been
shown to be less than that seen in sandy sediments with a
lower organic matter content (Köster et al. 2005). Shifts in
community composition with increased organic input have
been recorded over longer time periods (Pinhassi et al. 1999;
Logue et al. 2004), with the greatest community shifts in
more oligotrophic environments (Eiler et al. 2003). Algal
activity resulted in an approximate doubling of sediment car-
bohydrate content during the present study, but given that
background carbohydrate levels were high, it seems unlikely
that a 6–8 h period of microphytobenthic production of labile
and less labile exudates would be sufficient to drive a large
shift in active bacterial community composition (Eiler et al.
2003). However, 12 taxa, out of the total 59 T-RFs identified,
did show significant temporal changes in activity over the
experiment. Of these, five T-RFs correlated with the peak in
sediment cEPS content, and three were significantly corre-
lated with the rate of extracellular reducing-sugar release.

Mesocosm enrichment studies of picobacterioplankton com-
munities also showed that a few bacterial species had a
greater response than the community as a whole (Pinhassi
et al. 1999; Eiler et al. 2003). These results emphasize the
importance of identifying taxa-specific responses rather than
grouping all bacterial activity. The identity of these taxa has
not been determined, but bacteria within the a-Proteobac-
teria, g-Proteobacteria, Cytophaga, and Flavobacterium
groups are likely candidates. These bacteria are important
degraders and colonizers of aggregates and sediments and
producers of hydrolytic extracellular enzymes (DeLong et al.
1993; Pinhassi et al. 1999). Although it is premature to sug-
gest that the taxa identified in the present study were re-
sponsible for the extracellular hydrolytic activity, the cor-
relations among particular T-RF abundances, enzyme rates,
and cEPS and HB carbohydrate content are intriguing and
suggest that specific algal–EPS–bacterial relationships may
occur in intertidal biofilms. Identification and isolation of
specific EPS-degrading bacteria is now potentially possible,
and characterization of their extracellular enzymes will also
provide information on the structure, hydrolysis points, and
relationships between structurally complex EPS molecules.

The changes in carbohydrate content and composition
over a tidal emersion–immersion period allows the devel-
opment of a conceptual model for EPS dynamics in intertidal
sediments. During illuminated tidal emersion periods, pho-
tosynthesis by diatom biofilms results in increasing concen-
trations of colloidal carbohydrates, cEPS, and intracellular
carbohydrates (HW). Photosynthetic activity leads to a rel-
ative enrichment of glucose in the various sediment EPS
fractions. The production of extracellular carbohydrates
stimulates the activity of a subset of bacterial taxa within
the sediments—activity correlating with extracellular hydro-
lytic activity and the dynamics of certain sediment carbo-
hydrate fractions (colloidal, cEPS). This bacterial activity
may be responsible for the conversion of tightly bound, com-
plex EPS associated with diatom cells (HB fraction) into
more labile cEPS present in sediments. Removal of biofilm
biomass, and proportionally greater losses of colloidal car-
bohydrates, is a rapid process, occurring during the first 90
min of tidal cover, rather than gradually over the whole tidal
immersion period. Losses of labile carbohydrates owing to
tidal removal and bacterial action result in an increase in the
relative importance of more tightly bound polymers within
sediments, coupled with the deposition of detrital material
(particles, flocs) onto the sediment surface later in the tidal
phase. Overall daily rates of net EPS accumulation are there-
fore low, despite high rates of production and loss. The va-
lidity of this model of biofilm functioning needs to be tested
under a wider range of environmental conditions, particular-
ly where biofilms are stressed by extremes of salinity, irra-
diance, temperature, and nutrient concentrations.
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