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Abstract

Membranes that mimic biological cell membranes are known as biomimetic membranes (BMs).
BMs with incorporated membrane proteins show exciting potential for biomedical and separation
applications, such as in platforms for novel biosensors, in high-throughput screening of potential
drug candidates and for hemodialysis systems. Another exciting application is to use BMs
containing aquaporins (water-selective proteins) in a water purification system. Among the
requirements for BMs used in separation applications are upscalability to square metres of
membrane, compatibility with bulk transport across the membranes, and membrane stability. In
order to realize a high-resistance membrane with an area of square meters, one method is to use a
hydrophobic partition with an array of micrometer-sized apertures and span membranes across
these apertures. However, challenges with poor membrane stability need to be met in order to
create commercially viable BM-based technologies. Several strategies for stabilizing and
supporting planar BMs are addressed in this thesis. First, lipid membrane array stability and
longevity were improved by in situ encapsulation in a soft porous hydrogel, with leak-free
membranes obtained for up to 9 days and functionality of inserted channel-forming peptides
demonstrated 5 days after insertion into the membranes. Second, lipid membranes were prepared
on a precast composite hydrogel support that was conjugated to the hydrophobic partition. Multi-
aperture arrays of thin, robust lipid membranes in which proteins can be reconstituted could
easily be formed on the support. By depositing a polyelectrolyte cushion support on the gel and
tethering the lipid membranes to the support, we obtained BMs with lifetimes up to 17 hours.
Third, lipid membranes were prepared on a versatile nanoporous diblock copolymer support,
which can be tailored to alter its morphology, porosity, surface roughness and hydrophilicity.
Lastly, biomimetic lipid bilayers were “doped” with lipid bilayer-like triblock copolymers.
Hybrid vesicles composed of both triblock polymer and lipids were deposited on solid supports.
The mixed lipid-polymer vesicles showed promise for formation of robust membranes and could
be designed either for tethering of vesicles or formation of planar, solid-supported membranes by

varying the polymer content of the vesicles.






Resumé

Membraner som efterligner biologiske cellemembraner benavnes ofte biomimetiske membraner
(BM). BM med indlejrede membranproteiner har stort potentiale for biomedicinske og
separeringsanvendelser, som f.eks. platforme for biosensorer, i high-throughput screening af
potentielle leegemidler og for hemodialysesystemer. En anden spandende anvendelse er at anvende
BM som indeholder aquaporiner (vandselektive proteiner) i et vandfiltreringssystem. Blandt kravene
til BM i separeringsanvendelser er at de kan opskaleres til kvadratmeter-arealer, at de er kompatible
med massetransport over membranen samt at de har den forngdne stabilitet overfor transmembrane
hydrostatiske/osmotiske trykforskelle. En made hvorpa en tet BM med et effektivt kvadratmeter-
areal kan fremstilles er, at anvende en hydrofob skilleveeg med en matrix af mikrometerstore
aperturer hvorover membraner kan formes. Dog ma udfordringen med stabilitet overvindes for at
skabe kommercielt anvendelige BM-baserede teknologier. | denne afhandling studeres fire
forskellige strategier for at stabilisere og understatte plane BM. | én strategi ggedes stabiliteten og
levetiden pa en matrix af lipidmembraner gennem in situ indkapsling i en blgd porgs hydrogel. Vi
opnaede teette membraner med levetider op til 9 dage, med funktionelle indlejrede ionkanaldannende
peptider som var funktionelle i op til 5 dage efter membran-fremstilling. I en anden strategi formedes
lipidmembraner pa et faerdigstebt porgst komposit-hydrogel-underlag som fastnedes til den
hydrofobe skilleveeg. Matricer af tynde, robuste lipidmembraner i hvilke proteiner kan indlejres
kunne fremstilles pa det porgse hydrogel-underlaget. Ved at deponere en polyelektrolyt-"pude’ pa
hydrogelen hvorpa lipidmembranen kunne faestnes, opnaede vi BM-levetider pa optil 17 timer. | en
tredje strategi dannedes lipidmembranen pa et nanoporgst diblok-copolymer underlag som kunne
tilpasses med hensyn til morfologi, porgsitet, styrke og hydrofobicitet. | en fjerde strategi formedes
membraner udfra en blanding af lipider og amfifile triblok-copolymerer. Hybrid-vesikler som bestod
af bade triblok-copolymerer og lipider deponeredes pa en fast overflade. Disse vesikler viste sig at
veere lovende i dannelsen af robuste membraner og kunne designes til enten at forblive i vesikelform
pa den faste overflade eller bringes til at danne plane membraner pa den faste overflade ved at variere

mengden af polymer i vesiklerne.



Vi



List of publications

Thesis papers
Paper 1.

Paper I1.

Paper I11.

Paper IV.

Hydrogels for in situ encapsulation of biomimetic membrane arrays
S. Ibragimova, K. Stibius, P. Szewczykowski, M. Perry, H. Bohr, C. Hélix-
Nielsen; Polymers for Advanced Technologies, doi 10.1002/pat.1850 (in press)

Tailoring properties of biocompatible PEG-DMA hydrogels with UV light
S. Ibragimova, J. Benavente, R. Berg, K. Stibius, M. S. Larsen, H. Bohr, C.
Hélix-Nielsen; European Polymer Journal; submitted

Biomimetic membrane arrays on cast hydrogel supports

M. Roerdink Lander*, S. Ibragimova*, C. Rein*, J. Vogel, K. Stibius, O.
Geschke, M. Perry, C. Hélix-Nielsen; Langmuir; in press (* shared first
authors)

Supported hybrid lipid-polymer membranes
S. Ibragimova, M. Marincel, M. Kumar, T. H. Nguyen, C. Hélix-Nielsen, J. L.
Zilles; to be submitted to Biomacromolecules

Secondary papers

Appendix I.

Appendix I1.

Appendix I11.

Electrochemical characterisation of hydrogels for biomimetic applications
L. Peldez, V. Romero, S. Escalera, V. Scileira, S. Ibragimova, K. Stibius, J.
Benavente, C. Hélix-Nielsen; Polymers for Advanced Technologies; submitted

Structure and stability of the spinach aquaporin SoPIP2;1 in detergent micelles
and lipid membranes

I. Plasencia, S. Survery, S. Ibragimova, J. S. Hansen, P. Kjellbom, C. Helix-
Nielsen, U. Johanson, O. G. Mouritsen; PLoS ONE 2011:6(2):e14674.

Supported lipid bilayers on engineered nanoporous polymers
C. Rein*, S. Ibragimova*, S. Kaufmann, P. Szewczykowski, E. Reimhult, T.
Bjarnholm, C. Helix-Nielsen; in preparation (* shared first authors)

vii



viii



The story of the papers

The papers presented in this thesis reflect the work that was done during the three years of the
PhD project. Their focus was on improving stability of biomimetic membranes. Although not
mentioned specifically in the papers, biomimetic membrane stability was improved with the
purpose to develop a novel water filtration device based on biomimetic membranes containing
aquaporin proteins. Only papers I-1V are thesis papers. | contributed to the two papers in
appendix | and Il in a small way through collaboration with our project partners, but this work is
outside the scope of my thesis. Appendix Il is an early manuscript which deals with the work
presented in chapter 6 and it is included for information about the methods used.

Paper |

The aim of paper | was to stabilize black lipid membranes (BLMs) formed across apertures in a
hydrophobic ethylene tetrafluoroethylene support. These membranes were to be used as a matrix
for aguaporin proteins in a reverse osmosis (RO)-type water filtration membrane. Paper |
investigated hydrogels for in situ encapsulation of BLMs. To be compatible with a water
filtration device, the gels had to be porous and have high water permeability, but at the same
time be dense enough to provide stabilization and increase longevity of the BLMs. The
encapsulation gels consisted of networks of poly(ethylene glycol)-dimethacrylate (PEG-DMA)
or poly(ethylene glycol)-diacrylate (PEG-DA) that were polymerized using either a chemical
initiator or a photoinitiator. All four gels were nanoporous and showed high water permeability.
Lifetimes of free-standing BLM arrays in gel precursor solutions were short compared to arrays
formed in buffer. However, polymerizing (crosslinking) the photoactivated PEG-DMA gel
stabilized the membranes and resulted in BLM arrays that remained intact for up to nine days - a
substantial improvement over lifetimes for free-standing BLM arrays. Incorporation of
gramicidinA ion channels showed that the BLMs retained their integrity and functionality after

encapsulation with hydrogel and channel activity after 5 days is demonstrated.

Paper 11

Paper Il continued characterization of the PEG-DMA photoactivated hydrogel. The
polymerization reaction starts when the gel precursor solution is exposed to UV light. Fourier
Transform Infrared Spectroscopy (FTIR) and Raman Spectroscopy (RS) showed that the optimal

IX



crosslinking time for the gel was 6-10 minutes. Also, we found that the gel’s properties can be
tailored by varying the photocrosslinking time, namely that the water content of the gels can be
varied between 50-90 wt%, which could be important for the gels’ flux properties, for their
interaction with lipid membranes and also later for shipping and handling of hydrogel-
encapsulated membranes. The specific electrical resistance of the gel could be varied between
0.8-3.5 Qm. For comparison, phosphate buffered saline has a resistivity of 8.4 Qm (lbragimova,
unpublished results) and deionized water a resistivity of 1.8:10° Qm?*. This showed that the gel
had a low resistivity (and a high conductivity) and thus that ion channel-containing hydrogel-
encapsulated membranes are compatible with biosensor applications. With FTIR and RS we
identified spectral features of the hydrogel, which may be applicable as a diagnostic tool to study

changes in the gel due to variation in parameters.

Paper 111

Paper 11l describes the stabilization of BLMs with a composite ETFE/hydrogel sandwich. The
sandwich consists of a perforated surface-treated ETFE film onto which a hydrogel composite
support structure (based on 2-hydroxyethyl methacrylate, PEG-DMA and silica beads) is cast.
The hydrogel structure is porous and water-permeable and was covalently tethered to the ETFE
film to improve membrane stability. The hydrogel provides a backing in the apertures and
promotes rapid self-thinning of the lipid bilayers. BLMs supported by the ETFE/hydrogel
sandwich had lifetimes of at least 60 minutes, a significant improvement over free-standing
BLMs which had minimum lifetimes of 15 minutes. A successful incorporation of a-hemolysin
demonstrated that the BLMs were fully functional. The paper presents a simple method to
prepare arrays of lipid bilayer membranes with low intrinsic electrical conductance on the highly

permeable, self-supporting ETFE/hydrogel sandwiches.

Paper IV

Paper IV, which arises from my external research stay carried out at the University of Illinois,
deals with stabilization of lipid vesicles by addition of synthetic triblock copolymers and
formation of planar membranes from these mixed vesicles on solid supports. Biomimetic
membranes constructed of self-assembling triblock copolymers with a hydrophilic-hydrophobic-

hydrophilic pattern are typically more stable than lipid membranes and they can be easily
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modified to control membrane properties. Lipids have the advantage of being better understood
and of being similar to the native environment for membrane proteins. In this paper, PMOXA s-
PDMSp-PMOXA 5 triblock copolymer was mixed with zwitterionic or positively charged lipids
at several ratios to form hybrid vesicles. The rupture propensity of hybrid triblock copolymer-
lipid vesicles could be tuned to create either vesicular or planar membranes on solid supports,

depending on the lipid/polymer ratio and the lipid headgroup charge.

Appendix |

In this paper the electrochemical properties of the four hydrogels presented in paper | were
investigated by electrochemical impedance spectroscopy. The chemically crosslinked hydrogels
had lower effective electrical resistance and higher electrical capacitance than hydrogels with
photoinitiated crosslinking. Electromotive force measurements demonstrated that at low salt
concentrations both PEG-400-DA hydrogels presented an electropositive character, PEG-1000-
DMA (photoinitiated) was approximately neutral and PEG-1000-DMA (chemically initiated)
showed electronegative character. Sodium transport numbers approached the bulk NaCl
electrolyte value at high salt concentrations for all hydrogels indicating screening of fixed
charges in the hydrogels. Chemically initiated gels had higher average salt diffusional
permeability <Ps > and water permeability <Pw > than photocrosslinked hydrogels. The paper
shows that hydrogel electrochemical properties can be controlled by the choice of polymer and
type of crosslinking used, and that their water and salt permeability properties are compatible

with the use of hydrogels for biomimetic membrane encapsulation.

Appendix Il

This paper addresses the structural stability of the spinach leaf plasma membrane aquaporin,
SoPIP2:1 (the aquaporin used in the water filtration device) in various lipid and detergent
environments. This is done in order to optimize reconstitution of the purified protein into
biomimetic membranes. The paper characterizes the protein structural stability (secondary
structure) after purification and after reconstitution into detergent micelles and liposomes using
circular dichroism and fluorescence spectroscopy. Generally, SoPIP2;1 secondary structure was
found to be predominantly a-helical in accordance with crystallographic data. The protein has a

high thermal structural stability in detergent solutions, with an irreversible thermal unfolding

Xi



occurring at a melting temperature of 58°C. Incorporation of the protein into lipid membranes
increased the structural stability as evidenced by an increased melting temperature of up to 70°C.
The paper suggests suitable choices of detergent and lipid composition for reconstitution of
SoPIP2;1 into biomimetic membranes.

Appendix 11

This early manuscript draft addresses formation of supported lipid membranes on a nanoporous
diblock copolymer support, based on 1,2-polybutadiene-b-polydimethylsiloxane with gyroid
pore morphology. Four conformations of the support surface are analyzed by atomic force
microscopy (AFM): hydrophobic and smooth, hydrophobic and corrugated, hydrophilic and
smooth as well as hydrophilic and corrugated. The hydrophilic and smooth support was shown to
be similar to a silicon dioxide surface in terms of roughness and hydrophilicity. Planar lipid
membranes are formed on the silicon dioxide support, and the two hydrophilic block copolymer
supports by vesicle deposition. The deposited vesicles contained a low molar fraction of PEG
chain-conjugated lipids. The rationale for including the PEG chains was to provide a cushion
layer for the lipid membrane. Supported lipid bliayer formation was confirmed by quartz crystal
microbalance with dissipation monitoring (QCM-D) on silicon dioxide and by AFM on the

diblock copolymer supports.
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My contribution to the papers

Paper I.

Paper II.

Paper I11.

Paper IV.

Appendix I.

Appendix I1.

Appendix 11

I was significantly involved in designing the experiments. | prepared the
hydrogels for all measurements and performed volumetric stability and voltage

clamp measurements. | evaluated the results and drafted the manuscript.

I was significantly involved in designing the experiments. | prepared hydrogels
and performed swelling and FTIR experiments. | evaluated most of the results
and drafted the manuscript.

I was significantly involved in designing, performing and analyzing voltage
clamp and fluorescence microscopy experiments. | participated in writing the

manuscript.

I was significantly involved in designing and performing all the experiments. |

evaluated the results and drafted the manuscript.

| prepared hydrogels for all measurements and had a small part in writing the

manuscript.

| prepared DPhPC vesicles, performed DLS measurements and had a small part

in writing the manuscript.
I was significantly involved in designing all experiments, prepared vesicles,

performed DLS experiments, analyzed DLS and QCM-D experiments and had

a significant role in writing the manuscript.
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1. Introduction

There are many different types of biomimetic membranes - membranes that mimic biological
cell membranes. These include free-standing planar membranes (made by painting or folding),
spherical membranes known as vesicles and solid-supported planar membranes (made by
Langmuir-Blodgett and Langmuir-Schaefer technique or by vesicle deposition). In this thesis, |
have mostly focused on painted biomimetic membrane arrays (BMASs) and to a lesser degree
addressed planar and vesicular membranes supported on porous and corrugated or solid and flat

substrates.

BMAs with incorporated membrane proteins show exciting potential for biomedical and
separation applications. Some examples of potential applications of BMAs in biomedicine are
platforms for novel biosensors and high-throughput screening of potential drug candidates.
BMAs present appealing alternatives to cell-based screening of drug candidates, because they
allow information to be obtained using extremely low sample volumes and provide the ability to
directly address specific drug-target interactions®. This is because cell membranes are complex
and contain a large variety of lipids, proteins and other complexes®, whereas the content of

biomimetic membranes can be specified by the user®.

BMASs also present interesting possibilities as platforms for addressable, multiplexed biosensor
arrays. Advantages presented by using BMAs are that extremely low sample volumes can be
used on which multiplexed measurements could be carried out to obtain a lot of information®.
Potentially, a biomimetic membrane scaffold can be created that allows simultaneous monitoring
of each individual membrane in the protein-containing membrane array electrically, optically and
by monitoring transport of solutes and ions across the membrane. It is easy and straightforward
to address each membrane in a BMA optically®. It is possible to detect interactions of G-protein
coupled receptors with fluorescently labeled ligands?®, which shows that fluorescence microscopy
could be used to screen receptor-ligand interactions in a BMA. Biomimetic membrane designs
which support electrical measurements of membrane and ion channel electrical properties
combined with fluorescence microscopy have been presented®. Electrical voltage-clamp
measurements of a BMA are a very useful tool to quantify membrane thickness and ensure that



functional membranes are established®. It should in principle be possible to electrically address
each individual membrane in a BMA by adding a material underneath the apertures to make
wells which can be individually addressed. The principle has been demonstrated by Suzuki et al
who electrically addressed each well in a 96-well plate membrane arrays with 3x3 membranes in
each well’. A third way to address BMAs could be by forming individually well-defined wells
underneath the arrays and detecting transport of small solutes, ions or water through
transmembrane proteins across the membrane. This principle has been demonstrated by
Hemmler et al®, who visualized transport of the fluorescent dye calcein across individual
membranes with incorporated o-hemolysin pores. There are many exciting possibilities for
multiplexed measurements using addressable, protein-containing BMAs and new exotic

possibilities for addressing BMAs may arise’.

If BMAs with large incorporated protein arrays can be scaled to a sufficiently large effective
area, they can be used for separation applications. An exciting application which is being
pursued by a Danish company, Aquaporin A/S, is to use BMAS containing aquaporins (water-
selective proteins'®) in a water purification system. Such aquaporin-containing arrays show
promise as a revolutionizing technology for production of ultrapure water and desalination of
seawater. Aquaporins, nature’s own water filters rapidly and selectively transport water
molecules and have the potential to improve purity of ultrapure water 1000-fold*! ** compared to
state-of-the-art reverse osmosis membranes. For more about this interesting field see the review
by Nielsen'®. Another envisaged application of aquaporin-containing large scale BMAs is for
faster hemodialysis systems®. Requirements for BMAs used in separation applications are
upscalability to square metres of membrane, compatibility with bulk transport across the
membranes, impermeability of the membrane matrix, membrane stability, relatively low

production complexity and cost-effectiveness.

The basic building block of a BMA is a biomimetic membrane, which can be constructed in
several ways. One possibility is to support membranes on a flat, solid, hydrophilic support.

7. 18 silicon®®, silicon nitride®,

Favoured supports include silica**™®, freshly cleaved mica
alumina®* and gold®. These systems in their basic form have severe drawbacks, such as

denaturation of integral membrane proteins due to limited space between the lipid membrane and



the solid support®®. Another drawback is that the limited aqueous compartment on the support

side of the membrane limits bulk transport of water, ions and solutes across the membrane®® .

25, 26 21, 27-29

Some of these substrates (such as silicon nitride?®, silicon and alumina ) have been

made porous and free-standing lipid membranes created across the pores by vesicle fusion?®%,
Langmuir-Blodgett technique® or by painting® 2 %. Issues that were encountered with creation
of membranes on nanoporous substrates by vesicle fusion were related to low membrane
coverage and leak currents/decrease in membrane resistance?* and membranes formed by
Langmuir-Blodgett technique are not compatible with incorporation of most transmembrane
proteins®. A drawback of painting membranes in submicron apertures is that the functional
membrane area in such small apertures is significantly decreased, due to the presence of a
solvent annulus®. Although materials such as mica, silica and gold provide good stabilization for
biomimetic membranes, the materials and fabrication techniques for producing aperture arrays in
these materials would not be cost-effective for square meter areas and could therefore not be

used for commercial separation applications.

Another BMA conformation is to span solvent-containing membranes across apertures in a
hydrophobic scaffold between two aqueous compartments, where the organic solvent forms an
annulus around the edge of the aperture and the lipid monolayer leaflets meet in the middle of
the aperture to form a lipid bilayer resembling the lipid bilayer of a cell membrane®" *.
Functional transmembrane proteins are inserted into this region. These membranes can be free-
standing or supported on a porous substrate. In this thesis, porous substrates which are
nanoporous and compatible with bulk transport across the membrane as well as relatively easy
and cheap to produce were introduced as membrane supports. These are more corrugated than
the typical flat silica, mica and gold substrates and therefore presented an interesting challenge in

creating stable membranes.

Free-standing solvent-containing membranes have an inherent instability, which is best
explained by examining the dimensions of the system. The lipid bilayer has a thickness of 4-10

nm33, 34

, Whereas the walls of an aperture in a partition scaffold have a height between 20-200
pm, which means that the lipid membrane has to compensate for more than a 1000-fold

difference in thickness to span the aperture. The role of the solvent is to help the membrane to



match the height of the aperture by forming an annulus around the perimeter of the aperture®.
The solvent slowly diffuses from the annulus, which is believed to cause membrane
destabilization over time and eventually lead to membrane collapse®® *". To make a free-standing
4 nm-thick biomimetic membrane that spans over a single aperture with an area of square meters
is not feasible due to lack of stability. In order to realize a high-resistance membrane with an area
of square meters, one method is to use an aperture array with micrometer-sized holes and span

supported membranes across these apertures.

Although creation of a single solvent-containing lipid membrane across an aperture in Teflon is a
well-established technique, dating back to the 1960°s*!, solvent-containing BMAs across
aperture arrays have emerged fairly recently. Some reasons for this are the difficulty of creating
reproducible membrane arrays® and that planar membranes suspended over apertures have
generally low stability. Advances have been made in this field in recent years, where fast and
reproducible methods for creating aperture arrays in Teflon® and automated painting of lipid
membranes across such aperture arrays® > have been demonstrated, allowing reproducible
membrane arrays to be created. However, challenges with poor membrane stability still need to
be met in order to create commercially viable biomimetic membrane-based technologies. A
benchmark for BMA stability is that it should have a lifetime exceeding 1 day®*. This has been

36, 40-44 as We”

achieved in some formats for single-aperture solvent-containing lipid membranes
as for submicron-aperture BMAs?” %. However, in apertures of this size, the solvent torus would
take up a large percent of the aperture area and the functional membrane area would be small®.
To increase the functional membrane area, the aperture diameter should be increased, but this

leads to a decrease in membrane stability® 2 2> %

An intriguing way to improve the stability of biomimetic membranes is to replace lipids with
lipid-bilayer-like amphiphilic block copolymers. These are chemically and mechanically stable*®
4" and provide an amphiphilic structure that allows incorporation of membrane proteins*. Their
stability is accredited to that they have a higher thickness than lipids*® *°. However, this may be a
drawback in terms of lower functional transmembrane protein incorporation compared to a lipid
bilayer due to a hydrophobic mismatch between the hydrophobic block of the polymer and the

hydrophobic band of the membrane protein®. A promising compromise could be to mix lipids

4



and polymers to obtain their favourable qualities — high stability gained from the polymer and a
protein-favourable environment provided by the lipids. In this thesis, | present a method for

making mixed lipid-polymer vesicular membranes and producing planar membranes from these
on solid substrates.






2. Aim

This PhD-project was scientifically and financially a part of the project “Industrial biomimetic
water membranes” funded by the Danish National Advanced Technology Foundation
(Hgjteknologifonden, J.nr 023-2007-1). The latter project is devoted to the development of a new
membrane filter technology for the production of ultra pure water. The technology copies
nature’s own way of water filtration where specific water channels — aquaporins — in living cells
filter and transport water. The central aim of my PhD project was to stabilize the biomimetic
membrane arrays used in the water filtration devices, but these stabilization strategies are
applicable for a broader audience, essentially for anyone who is interested in obtaining more
stable biomimetic membranes. Some applications of these membranes can be as model systems
for study of transmembrane proteins or with incorporated proteins in biosensor or separation

devices.

| started by addressing free-standing biomimetic membranes made from lipid bilayers suspended
in a suitable solvent incorporated into multi-aperture hydrophobic ethylene tetrafluoroethylene
(ETFE) partitions. Perforated ETFE partitions for the project were available through DTU-

Nanotech and the fabrication procedure is described by Vogel et al®

. Lipids were deposited into
the multi-aperture partition by a painting technique described by Hansen et al, who was also a
part of the “Industrial biomimetic water membranes” project’. Membrane stability was
quantified by voltage clamp electrophysiology (VCE), which allowed temporal measurement of
the capacitance and conductance of the membrane, providing a measure of the thickness of the
membranes, how well they seal the apertures and the membrane array’s longevity. Also, it was
possible to assess membrane functionality by incorporating transmembrane ion channels and
demonstrating current flow across a single channel. | also used fluorescence microscopy to
characterize the lipid membranes, the supports used for lipid membranes, vesicles, fluorescently-

dyed proteins and other components of the system.

Several strategies for stabilizing and supporting planar biomimetic membranes are addressed in
this thesis. One important criterion when selecting a stabilization strategy was that it should be

possible to make the system porous, allowing for bulk transport of water and small molecules



across the membrane when the relevant transporter proteins were incorporated. These strategies

are summarized in Figure 1 and will be discussed in detail in the following chapters.

2.1. Encapsulation of membranes with hydrogel

The first strategy used to improve lipid membrane array stability and longevity was to
encapsulate it in a soft porous hydrogel (Fig. 1A). Hydrogels are hydrophilic polymer networks
that can absorb up to thousands of times their dry weight in water®”. In this strategy, the lipid
membrane array is created in a hydrogel precursor solution, which is subsequently crosslinked in
order to place a hydrogel cushion on each side of the lipid bilayer. An advantage of
encapsulating lipid membrane arrays with a hydrogel, is that the hydrogel could lie close to the
membrane and interact strongly with the polar groups of the lipids, improving membrane
stability. Hydrogel encapsulation is also claimed to slow down solvent diffusion out of the
annulus®, which addresses a problem which is typical for solvent-containing lipid membranes.
The problem is leakage of the solvent from the torus of the membrane to the aqueous phase,
leading to effective thinning of the membrane and a decrease in membrane stability over time®®.
There were several requirements placed on the gel. Firstly, it should be liquid and crosslinkable
in situ at room temperature, in order to maintain the lipid membranes in the liquid crystalline
state® and to be compatible with the method of making the membrane arrays®. Secondly, the
crosslinking process should not result in large gel volume changes as this would destabilize the
biomimetic membrane. Thirdly, the porosity of the encapsulating gel should be able to provide
sufficient stability while preserving good water and solute permeabilities. Poly(ethylene glycol)-
di(meth)acrylate (PEG-D(M)A) based hydrogels fulfill these requirements. | characterized these
hydrogels and showed successful hydrogel encapsulation of multiple black lipid membranes
(BLMs) formed across an aperture array. Methods that | worked with for analyzing the hydrogels
are Fourier Transform Infrared spectroscopy, Raman spectroscopy, size exclusion
chromatography and water flux measurements (the latter two mainly done by P.
Szewczykowski). Electrical impedance spectroscopy on the hydrogels to determine their
resistivity and ionic permeability were carried out by a project partner at the University of
Malaga, the group of J. Benavente. Lipid membranes in hydrogel precursor solution and
encapsulated in hydrogel were studied using VCE and bright-field microscopy. This work is
covered in papers | and Il and appendix paper | and will be discussed in chapter 4.
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Figure 1. Strategies used in this thesis for stabilizing biomimetic membranes. (A) Black lipid membranes (BLMSs)
(red) spanning an aperture array in plasma-treated (yellow) ethylene tetrafluoroethylene (ETFE) (green) with
incorporated transmembrane proteins (white dots) encapsulated in hydrogel (transparent layer). This strategy is
addressed in papers I, I, appendix | and chapter 4. (B) BLMs (red) spanning an aperture array in plasma-treated
(yellow) ETFE (green) with incorporated transmembrane proteins (white dots) supported on a precast nanoporous
hydrogel slab (white layer). This strategy is addressed in paper Ill and chapter 5. (C) Supported lipid membranes
(red) prepared by vesicle deposition on a nanoporous polymer support (white layer). This strategy is described in
chapter 6 and appendix Ill. (D) Vesicular or planar supported mixed lipid-polymer membranes (red) on a solid
support (green). This strategy is addressed in paper 1V and chapter 7.

2.2. Membranes on a nanoporous hydrogel support

The second strategy involved using a hard, flat, hydrophilic porous substrate on which a lipid
bilayer is created (Fig. 1B). The support had to be hydrophilic in order to be able to support a
hydrated lipid bilayer on it and it had to be porous to allow small solute transport across the lipid
membranes. Flat substrates are preferred due to ease of forming and studying the formed

membrane and hard substrates, because these should provide a good mechanical stability to the



membranes. | worked with an ETFE/hydrogel sandwich support on which the lipid membrane

array was painted.

The hydrogel support was formed by polymerization of an aqueous solution of 2-hydroxyethyl
methacrylate (HEMA) and PEG-DMA in the presence of silicon dioxide beads. The hydrogel
was cast using a mold such that the polymerized hydrogel would form a supportive layer under
the apertures. The rationale behind this design was to optimize the lipid-partition interactions at
the aperture rim, while providing maximal support for the membranes across the aperture arrays.
In order to ensure good contact between the composite hydrogel and the ETFE partition, the
ETFE surface was surface-modified with HEMA using surface plasma polymerization on the
partition side facing the hydrogel. The polyHEMA support was further modified by layer-by-
layer deposition of polyelectrolyte layers. Polyelectrolytes mimic the cell cytoskeleton®™, which
has a supporting and stabilizing function in cells. An avidin-biotin linkage is used to tether the
biomimetic cytoskeleton to the biomimetic membrane. The rationale is that adding a
“cytoskeleton” and tethering the membrane to it will improve membrane stability. The thickness
of the polyelectrolyte cushion can be controlled by the number of deposited layers. | used a
single layer of poly(sodium styrene sulfonate) (PSS) or nine alternating layers of PSS and
poly(ethyleneimine). Methods that | used here are VCE and fluorescence microscopy. This work

is covered in paper I11 and will be discussed in chapter 5.

2.3. Membranes on a nanoporous polymer support

The third strategy involved formation of lipid bilayers by vesicle deposition on a porous diblock
copolymer substrate (Fig. 1C). The rationale for choosing this substrate was the same as for
polyHEMA, that it had to be hydrophilic, porous, flat and hard. The diblock copolymer used was
a 1,2-polybutadiene-b-polydimethylsiloxane (PB-PDMS) with a gyroid morphology, with the
PDMS etched away to create a nanoporous substrate®®. The support surface was photooxidized to
make it hydrophilic®’. Lipid membranes were deposited on the nanoporous, hydrophilic PB
support by vesicle deposition instead of painting of solvent-containing membrane arrays for two
reasons. Firstly, an ETFE-PB sandwich support with half-way filling of the PB through the
apertures was not available. Secondly, vesicle deposition is a favoured method for formation of
lipid bilayers, because it presents the fewest obstacles to transmembrane protein insertion into

10



the planar lipid bilayer*®, Methods that | worked with in this strategy are dynamic light
scattering (DLS) to characterize vesicle size, quartz crystal microbalance with dissipation
monitoring (QCM-D) to characterize vesicle deposition on a reference silica substrate (practical
work done by S. Kaufmann, analysis of data by me) and atomic force microscopy (AFM) to
characterize vesicle deposition on PB (mostly done by C. Rein). This work will be discussed in

chapter 6 and is the basis for appendix Il1.

2.4. Hybrid lipid-polymer membranes on a solid support

The fourth strategy, which was carried out during my external research stay at the University of
Mlinois explored using hydrophilic-hydrophobic-hydrophilic triblock copolymers as a
replacement for lipids to create biomimetic membranes. While lipids have the advantage of being
better understood and of being similar to the native environment for membrane proteins,
copolymer membranes also have some advantages, particularly in the area of stability. There are
also many possibilities for engineering block copolymer membranes to achieve the desired
combination of properties, by adjusting parameters such as the block length, molecular weight,
chemical composition, hydrophilic/hydrophobic balance and molecular architecture™. Lipid-
polymer membranes were deposited on a solid substrate (quartz or mica) by vesicle deposition
(Fig. 1D) instead of painting of solvent-containing membrane arrays for the same reasons as for
the PB support. I synthesized vesicles with different ratios of poly-(2-methyloxazoline)-
polydimethylsiloxane-poly-(2-methyloxazoline) triblock copolymer to zwitterionic or positively
charged lipids and investigated the deposition and rupture of these vesicles on quartz and mica.
These mixed lipid-polymer vesicles show promise for formation of robust membranes and can be
designed either for tethering of vesicles or formation of planar, solid-supported membranes. I
used DLS, electrophoretic light scattering and stopped-flow osmotic measurements to
characterize the vesicles in terms of size, charge and water permeability and used transmission
electron microscopy to inspect the vesicles visually. Vesicle deposition on two solid supports,
quartz and mica, was characterized by QCM-D and AFM respectively. This work is addressed in
paper IV and will be discussed in chapter 7.

The last section of this thesis provides a summary of the achieved goals and addresses possible

future directions.
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3. Background

3.1. Biomimetic membranes

Transmembrane proteins have many functions in biological systems, and act for example as
channels, receptors or transporters. There is considerable interest in studying the function of
these proteins. To study functional transmembrane proteins, the protein must be embedded in a
matrix compatible with protein structure and function®®, such as a cell membrane (Fig. 2).
However, cellular membranes have a complex composition, which makes it difficult to address
and study specific proteins in them. A typical cell membrane is made up of a lipid bilayer with a
complex lipid composition and contains a variety of proteins, carbohydrates, glycolipids and

cholesterols and other membrane-bound components and is supported by a cytoskeleton®.

Extracellular Fluid Carbohydrate

Protein channel
(transport protein)

Globular protein

Hydrophilic heads

Glycoprotein

e Sl
\\EN( ’ } su s l } : .‘-!A ; Phospholipid bilayer
' /Phosphollpld

Cholesterol Integral protein

{Globular protein) Surface protein

Glycolipid

Filaments of / Alpha-Helix protein

- Hydrophobic tails
cytoskeleton (Integral protein)

Peripherial protein

Cytoplasm

Figure 2. Sketch of a cell membrane showing membrane-associated and transmembrane proteins, cytoskeleton,
cholesterols, glycoproteins, glycolipids and carbohydrates. This sketch does not capture the full complexity of a cell
membrane. For example, it does not reflect that the lipid bilayer is made up of a variety of lipids, which can
assemble to form patches, which vary in fluidity and can also change layer by flip-flop motions. Also, it does not
give a correct representation of the complexity of signaling pathways and membrane fusion and budding events that
take place at the membrane. Figure from *

To make it easier to study membrane-associated and transmembrane proteins, artificial cell
membranes which mimic the cell membrane are used. These are known as biomimetic

membranes. The fundamental component of a biomimetic membrane is a lipid bilayer.
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Recently, artificial cell membranes consisting of diblock and triblock copolymers have also been
presented® & 2.

Lipids are amphiphilic molecules with a polar head group and hydrophobic acyl chains. When in
aqueous solution, lipids self-assemble into ordered structures. The hydrophilic head groups
interact readily with water, because of they can form hydrogen bonds with the water molecules.
The hydrophobic acyl chains are insoluble in water, because they are non-polar and cannot form
hydrogen bonds with water molecules. In an aqueous environment the hydrophobic acyl chains
force the adjacent water molecules to arrange themselves in well-ordered structures®®. To
minimize this effect, the hydrophobic acyl chains cluster together, exposing as few hydrophobic
groups as possible to the aqueous environment. Other forces acting on the lipids that affect their
conformation are ionic and dipole-dipole interactions between the head groups as well as steric
interactions and van der Waals forces. In biological membranes, phospholipids spontaneously
arrange themselves in a spherical bilayer, because it is the conformation with the lowest total
energy for the forces acting on the lipids. In artificial cell membranes, three conformations are
prevalent. These are free-standing membranes (Fig. 3A), vesicles (Fig. 3B) or planar supported
membranes (Fig. 3C).
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Figure 3. Biomimetic membrane formats. (A) Free-standing membrane. Black lipid or polymer membranes (red)
spanning an aperture in a hydrophobic scaffold (green) with an incorporated transmembrane protein (white rods).
The membrane separates two aqueous compartments. The white triangular sections between the membrane
monolayers and the scaffold contain an organic solvent. (B) Vesicular membranes. Vesicles with lipid or polymer
membranes (red) separating two aqueous compartments. The intravesicular aqueous compartment is coloured blue.
Incorporated transmembrane proteins are shown as white squares. (C) Planar supported membranes. Lipid or
polymer membranes (red) supported on a solid support (green) with an incorporated transmembrane protein (white
rods).
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Depending on whether the free-standing membranes are made up of lipids or polymers they are
known as black lipid membranes (BLMs) or black polymer membranes (BPMs). They are
termed “black”, because they are dark in reflected light. This phenomenon arises, because the
membranes have a thickness of only a few nanometers, so that light reflecting from the front of
the membrane destructively interferes with light reflecting from the back of the membrane.
These membranes span an aperture in a hydrophobic scaffold and contain a solvent annulus.
Vesicles composed of lipids are called liposomes, and vesicles made up of polymers are called
polymersomes. If these vesicles also contain reconstituted protein, they are often referred to as
proteoliposomes and proteopolymersomes respectively. Vesicle size and lamellarity (number of
lipid bilayers in the vesicle) can be decided by the method of preparation. Vesicles can be
divided into multilamellar (containing multiple lipid bilayers) and unilamellar (containing a
single lipid bilayer) vesicles. Unilamellar vesicles can be further subdivided by size into small
unilamellar vesicles (SUVSs), large unilamellar vesicles (LUVS) and giant unilamellar vesicles
(GUVs). The third conformation of biomimetic membrane is as solid-supported membranes,
which can consist of lipids or polymers. Issues with denaturation of transmembrane proteins due
to the proximity of the bottom membrane leaflet to the solid support in this format®, led to

approaches to increase the spacing to the support while maintaining the mechanical stabilization.

Figure 4. Biomimetic supported membrane formats (A) Cushion-supported biomimetic membrane. A polymer
cushion (blue) is introduced between the solid support (green) and the biomimetic membrane (red) and interacts
with both non-covalently. (B) Hydrophilic cushion spacers (yellow) which are covalently linked to the solid support
(green) and non-covalently interacting with the biomimetic membrane (red) or covalently attached to lipids or
proteins (white) in the biomimetic membrane. (C) Porous solid-supported membrane. Lipid or polymer membranes
(red) supported on a porous solid support (green) with an incorporated transmembrane protein (white rods).
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These approaches are shown in Figure 4 and include introducing a non-covalently bound cushion
layer® (Fig. 4A) or a covalently linked cushion®® (Fig. 4B) or making the support porous® (Fig.
4C). In the next section I will present some typical and some more “exotic” biomimetic

membrane components.

3.2. Biomimetic membrane components

The lipid composition in biomimetic membranes is selected based on requirements for stability,
as well as requirements placed on the membrane by the proteins to be reconstituted™®. Some
typical biomimetic membrane components are shown in Figure 5. Free-standing membranes
(Fig. 3A) are typically made from phospholipids (such as 1,2-diphytanoyl-sn-glycero-3-
phosphocholine (DPhPC); Fig. 5A) in an organic solvent (such as decane; Fig. 5E)°. Vesicular
(Fig. 3B) or supported (Fig. 3C) lipid membranes are typically made from phospholipids (such as
1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC); Fig. 5B) without an organic solvent®®. A
desire to increase the stability of the biomimetic membranes together with advances in lipid
polymerization chemistry led to the use of polymerizable lipids with reactive moieties in the
headgroup®” (1,2-diphytanoyl-sn-glycero-3-phosphoethanolamine-N-acrylate (DPhPE-A): Fig.
5C) or acyl chain region® (1,2-di-10,12-tricosadiynoyl-sn-glycero-3-phosphocholine (DTPC);
Fig. 5D). These are used to crosslink the lipids to create stable biomimetic structures. Also,
crosslinkable organic solvents (such as n-butylmethacrylate; Fig. 5F) have been used to obtain
more stable biomimetic membranes®®. Another interesting approach to improve membrane
stability is to use lipids from organisms from Archaea, because they live in extreme
environments such as high temperatures and low pH’®. Many Archaean membranes are formed
from bipolar lipids, bolalipids,”, which span the membrane and in this way increase structural
stability’®. Synthetic bolalipids (such as 2,2-di-O-(3,7,11,15-tetramethylhexadecyl)-3,3-di-O-
(1",32"-ditriacontanyl)-bis-(rac-glycerol)-1,1-diphosphocholine (C2,PhytBAS); Fig. 5G) can be
produced in milligram quantities”, making it possible to use them in large-scale biomimetic

membrane designs.

Recent developments in block-copolymer research have led to the use of diblock (such as
polyethyleneoxide-polyethylethylene (PEO-PEE); Fig. 5H)* and triblock (such as poly(2-
methyloxazoline)-block-poly(dimethylsiloxane)-block-poly(2-methyloxazoline) (PMOXA-
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Figure 5. Biomimetic membrane components. (A) Phospholipid used for BLMs 1,2-diphytanoyl-sn-glycero-3-
phosphocholine (DPhPC). (B) Phospholipid used for vesicles and supported membranes 1,2-dioleoyl-sn-glycero-3-
phosphocholine  (DOPC). (C) Head-group crosslinkable  phospholipid  1,2-diphytanoyl-sn-glycero-3-
phosphoethanolamine-N-acrylate (DPhPE-A). (D) Acyl chain crosslinkable phospholipid  1,2-di-10,12-
tricosadiynoyl-sn-glycero-3-phosphocholine (DTPC). (E) Organic solvent used for BLMs and BPMs decane. (F)
Crosslinkable solvent n-butylmethacrylate. (G) Bolalipid 2,2-di-O-(3,7,11,15-tetramethylhexadecyl)-3,3-di-O-
(1",32"-ditriacontanyl)-bis-(rac-glycerol)-1,1-diphosphocholine  (C,,PhytBAS).  (H)  Diblock  copolymer
polyethyleneoxide-polyethylethylene ~ (PEO-PEE). (1)  Triblock  copolymer  poly(2-methyloxazoline)-
blockpoly(dimethylsiloxane)-block- poly(2-methyloxazoline) (PMOXA-PDMS-PMOXA\). Figure adapted from *.

17



PDMS-PMOXA); Fig. 51)% copolymers as replacements for lipids in biomimetic membranes.
Diblock copolymers consist of a hydrophilic block covalently linked to a hydrophobic block,
thus resembling the amphiphilic nature of lipids. Triblock copolymers have a hydrophilic-
hydrophobic-hydrophilic composition reminiscent of bolalipids or of a phospholipid bilayer.

6. 47 and provide an amphiphilic

Block copolymers are chemically and mechanically stable
structure that allows incorporation of membrane proteins*. Their stability is accredited to that
they have a higher thickness than lipids* *°, There are also many possibilities for engineering
block copolymer membranes to achieve the desired combination of properties, by adjusting
parameters such as the block length, molecular weight, chemical composition,
hydrophilic/hydrophobic balance and molecular architecture®®. In the following sections 1 will
discuss strategies that are used for forming lipid and polymer membranes and how they are

functionalized with proteins.

3.3. Biomimetic membrane formation

Free-standing membranes (Fig. 3A) are formed across an aperture in a hydrophobic scaffold,
where the scaffold separates two aqueous compartments. First, a small aperture is created in a
hydrophobic material such as Teflon. Typically the diameter of such an aperture is tens of
micrometers’. Formation of free-standing membranes has traditionally been carried out by either
the ”painting” method or the “folding” method’™®. In the “painting” method (Fig. 6), the
hydrophobic scaffold is placed in a chamber, separating two aqueous compartments. The lipid™

or polymer™ ®

components are dissolved in a hydrocarbon solvent (typically decane or
squalene) and the solution is applied with a brush or pipette and spread across the aperture in the
hydrophobic material. A lipid monolayer spontaneously forms at the interface between the
organic and aqueous phases on either side of the lipid/solvent droplet. Thinning occurs in the
center of the droplet, because the lipid/solvent solution primarily wets the hydrophobic aperture
walls. Once the two sides of the droplet come close enough together, the lipid monolayers fuse
and form a lipid bilayer. The solvent is squeezed out to the perimeter of the aperture and forms a

solvent annulus, which is important for stabilizing the membrane®.
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Figure 6. Sketch of BLM and BPM formation by the ”painting” method. A droplet of lipids or polymers (red)
dissolved in an organic solvent (yellow) is deposited in an aperture in a hydrophobic scaffold (green) separating two
aqueous compartments (blue). The solvent is squeezed out to the perimeter of the aperture and a lipid bilayer (or
diblock polymer bilayer or triblock polymer monolayer) is formed in the center of the aperture.

In the ”folding” method, a vertical set-up with two aqueous compartments separated by an
aperture is used and the height of the solutions in each compartment is independently controlled
(Fig. 7). Both compartments are filled with aqueous buffer and a monolayer of lipids™ or
polymers®® in a low molecular weight hydrocarbon solvent (e.g. pentane'®) is spread at the air-
water interface. One way of folding the membrane is to lower the solution level in one
compartment below the aperture and then raise the level again, depositing a lipid monolayer on

each pass to form a completed lipid bilayer across the aperture.

Figure 7. Sketch of BLM and BPM formation by the ”folding” method. Two aqueous compartments (blue) are

separated by a hydrophobic scaffold (green) with an aperture. Lipids or polymers (red and black) are spread as a
monolayer on top of one of the aqueous compartments. Lowering and raising the water level of this compartment
forms a lipid bilayer/diblock copolymer bilayer/triblock copolymer monolayer across the aperture.

A commonly used method for forming liposomes is the film-hydration technique’’. The film
hydration technique can also be used for diblock®’ and triblock copolymers®. In the film
hydration technique the lipid components are first dissolved in an organic solvent to ensure
homogeneous mixing of the lipids or polymers. Then, the solvent is evaporated using nitrogen
gas or argon gas and residual solvent is removed using a vacuum pump. The dry lipid film is
hydrated by adding an aqueuos solution and agitating. When thin lipid films are hydrated, stacks
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of liquid crystalline bilayers become fluid and swell (Fig. 8A). The hydrated lipid sheets detach
during agitation and self-close to form large, multilamellar vesicles (MLVSs) to prevent
interaction of water with the hydrocarbon core of the bilayer at the edges. Another method to
make vesicles with polymers is the co-solvent method where the polymer is dissolved in a
solvent such as ethanol and added drop wise to an aqueous solution®® "®. Many other methods for

7980 and others’’. Reducing the size of

forming vesicles are available, such as detergent dialysis
the multilamellar vesicles requires energy input in the form of sonic energy (sonication®, Fig.

8C) or mechanical energy (extrusion®, Fig. 8B).
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sonication homogenization

multilamellar vesicles

dry lipid film

Figure 8. Preparation of vesicles. (A) Preparation of multilamellar vesicles. First, a dry lipid or polyemer film is
prepared. Addition of water causes the lamella of lipid bilayers/diblock copolymer bilayers/triblock copolymer
monolayers to swell. Agitation helps them to detach and form closed MLV structures. (B) Extrusion of MLVs
through a polycarbonate membrane with a defined pore diameter is used to form smaller MLVs (for pore diameter >
0.2 pm) or large unilamellar vesicles (LUVs, for pore diameter < 0.2 pm). (C) LUVs and MLVs form small
unilamellar vesicles (SUVs) upon sonication. Figure from .

Sonication typically produces small, unilamellar vesicles (SUVs) with diameters of 15-50 nm.
The most common instrumentation for preparation of sonicated vesicles is a bath sonicator. A

test tube of the MLV solution is placed in a bath sonicator and sonicated for 5-10 minutes above
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the gel-crystalline phase transition temperature of the lipid. Mean size and size distribution of
vesicles produced by sonication vary between batches. Sonication has been used to obtain

polymersomes from diblock*” and triblock copolymers®”.

Figure 9. Extruder used for the production of large unilamellar vesicles. Figure from .

Extrusion typically produces large unilamellar vesicles. The most common instrumentation for
preparation of extruded vesicles is an extruder (Fig. 9). The MLV solution is placed in the
extruder and forced through a polycarbonate membrane with a defined pore size. This yields
LUVs with a diameter similar to the pore diameter used and the size is quite reproducible from
batch to batch. Prior to extrusion, MLV solutions are prefiltered though a larger pore size
(typically 0.2 pm-1 pm) or submitted to several freeze-thaw cycles to make a homogeneous
solution and reduce fouling of the polycarbonate membrane®2. Extrusion has been used to obtain

polymersomes from diblock*’ and triblock copolymers®.

Giant unilamellar vesicles can be formed by the electroformation method. In this method the

lipids®, diblock copolymers®® ®’ 50, 83

or triblock copolymers are dissolved in an organic solvent
such as chloroform and sprayed onto electrodes. The organic solvent is removed under nitrogen
gas. The electrodes are immersed in aqueous buffer and GUVs are formed by applying an ac
voltage, typically around 3V (1-10 Hz) for lipids*’ and around 10V (5-10 Hz) for block

copolymers®®.

The third format of biomimetic membranes is planar supported membranes (Fig. 3C). Planar
supported lipid membranes on a solid support can be made by Langmuir-Blodgett (vertical)
transfer followed by Langmuir-Schaefer (horizontal) transfer from a water-air interface (Fig.
10A)% or through vesicle collapse (Fig. 10B)%. The first deposition method generally results in
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fault-free micron-sized bilayers whereas the vesicle deposition method requires tuning of
conditions to obtain micro-sized fault-free bilayer areas'®. A combination of the Langmuir-

Blodgett technique followed by vesicle fusion has also been used®. For vesicle collapse, the

solid supports must be hydrophilic, and common support materials include silica'*™® ** %

borosilicate glass™ * 17,18

and freshly cleaved mica

A

Figure 10. Techniques for forming supported lipid bilayers. (A) A hydrophilic substrate is pulled vertically through
a lipid monolayer spread at an air-water interface (Langmuir-Blodgett technique), followed by horizontally pushing
it through another lipid monolayer (Langmuir-Schaefer technique). (B) Vesicles in solution adsorb and
spontaneously fuse to the hydrophilic surface to form a solid-supported lipid bilayer.

Solid-supported planar diblock copolymer bilayers have been made by Langmuir-Blodgett
transfer followed by Langmuir-Schaefer transfer™ or by vesicle deposition®*. Supported planar

triblock copolymer monolayers have been made by Langmuir-Blodgett transfer®™

or by vesicle
deposition, where a charged polymer was used to induce vesicle rupture®”. However, the high

rupture strength of triblock copolymer vesicles presents difficulty with using this method for
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uncharged polymers. Solid-supported, planar triblock copolymer membranes have also been
made by a “grafting from” synthesis on a gold surface®™. The “grafting from” approach is a
method used to tether polymers on a solid substrate surface. The initiators are immobilized onto
the surface followed by in situ surface-initiated polymerization to generate tethered polymers™.
However, the “grafting from” approach gives rise to highly packed polymer chains with a low

membrane fluidity, which could reduce protein incorporation®.

In general, protein incorporation into biomimetic membranes is difficult. At this point | will

overview state-of-the-art in protein incorporation into biomimetic membranes.

3.4. Protein incorporation into biomimetic membranes

Protein incorporation during membrane formation

Some of the above-mentioned techniques for creating biomimetic membranes are compatible
with incorporation of protein during membrane creation, whereas for others protein
reconstitution is carried out after the membrane is formed. Also, at which stage the protein is
added depends on the experimental requirements. Often, proteins are incorporated after
membrane formation in order to be able to confirm, quantify or characterize their insertion. For a
long time, lipid membranes have enjoyed the spotlight in the biomimetic membrane field, but
recently protein incorporation into polymeric membranes has started to emerge. Interestingly,
this was often despite a mismatch between the hydrophobic block of the polymer and the
hydrophobic band of the membrane protein®'. An explanation put forward for why these proteins
are still functional within the polymeric membrane is that the flexibility of the hydrophobic block
as well as its polydispersity give rise to regions with a matching hydrophobic thickness in the
vicinity of the protein’®. These systems are expected to have better stability than lipid-based
systems, but may experience lower protein incorporation due to the thickness mismatch. | will
first discuss protein incorporation that can be carried out in lipid and polymer membranes (free-

standing, vesicular or planar supported) during membrane creation.

Free-standing lipid and polymer membranes (Fig. 3A) require the addition of solvent to create
the membrane. Some robust peptides (e.g. gramicidin®’) and proteins (e.g. pig surfactant protein

type 1'%) can withstand this and be added directly to the membrane forming solution (lipid or
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polymer dissolved in solvent). Most transmembrane proteins, however, would be denatured by
this treatment and can not be added during bilayer formation. These are added by other methods

to the formed free-standing membranes.

To incorporate transmembrane peptides and proteins into vesicles (Fig. 3B), the proteins are first

purified and then solubilized with detergent'®. The purification and stabilization procedure

C

-
)L"

@Q@: @@Q@:

involves several steps that must be optimized for each protein to be incorporated*®,
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Figure 11. Strategies for incorporating transmembrane proteins into planar lipid and polymeric membranes. Small
peptides (light blue) may be inserted directly from solution (arrow 1) to the membrane (grey). Some proteins
(purple) can be inserted with the aid of a suitable detergent (green). When the detergent concentration is brought
below the critical micelle concentration the protein is free and inserts (arrow 2), leaving small amounts of detergent
in the membrane. Many proteins are prepared in detergent (red) and mixed with liposomes (grey circles) containing
detergent (arrow 3). Detergents are then removed by dialysis (arrow 3a). The resulting proteoliposomes can be
modified with fusion promoters (arrow 4) and fused with the membrane (arrow 5). Fusion can be confirmed via
various assays, e.g. the nystatin/ergosterol (yellow/blue semicircles) assay. Fusion (arrow 7) may be promoted by
having charged amphiphiles (brown and green triangles), e.g. anionic PS lipids and cationic DOTAP in the
interfaces (arrow 6) or with the aid of fusion peptides (pink). Proteoliposomes may also be obtained directly from
native sources (dark blue shape) (arrow 8). Figure from .

24



The solubilized proteins are then mixed with liposomes containing a small percentage of

detergent (Fig. 11 arrow 3). Thereafter, detergents are removed by dialysis (Fig. 11 arrow 3a)'®

or with the aid of macroporous polymeric spheres (biobeads)'®*

, resulting in proteoliposomes.
Although incorporation of proteins into proteoliposomes has been dominant in the biomimetic
membrane field, recently successful reconstitution of proteins into polymersomes made from
triblock copolymers has been achieved® 8 %1% |ncorporation of protein into polymersomes in
these cases was carried out by using drop-wise addition of polymer-protein-ethanol solutions to
the aqueous phase. However the use of solvent can be detrimental to protein stability™®. Solvent-
free protein reconstitution into triblock polymersomes has also recently been achieved*® 1 .
Interaction of the peptide alamethicin (but not transmembrane penetration) with diblock

copolymer vesicle membranes has been reported**?

. Suprisingly, protein incorporation into
diblock copolymer membranes has not been shown (or at least published yet), but in principle it
should work, because these membranes are structurally similar to lipid bilayers with a
hydrophilic-hydrophobic-hydrophilic environment and the possibility to obtain a similar

membrane thickness.

Planar supported membranes (Fig. 3C) are made, as mentioned above, by the Langmuir-Blodgett
(LB) and Langmuir-Schaefer (LS) technique or by vesicle deposition. Proteins can be
incorporated into the vesicles which are used for vesicle deposition as described above. The
proteoliposomes are subsequently collapsed on a solid support surface. This is the most common
method for forming solid-supported lipid membranes. A drawback of solid-supported lipid
membranes is that the distance between the lipid membrane and the support is less than 2 nm?
and the inserted protein which can typically extend up to tens of nm from the membrane®® hits
the surface and becomes denatured or immobilized. This problem has been addressed by
increasing the distance to the surface by adding a non-covalently bound spacer layer® (Fig. 4A),

65, 113115 (Fjg. 4B) or by using a nanoporous support’> % (Fig. 4C). The

spacer layer is typically a cushioning polymer layer®, such as poly(ethylene glycol)**® or

30, 64, 121,

a tethered spacer layer

polyelectrolytes®™ 12 For reviews of polymer-supported planar lipid membranes, see
122 Another approach, which is less common, is to tether the proteins on to a surface and then
subsequently construct a lipid environment around them*? *, However, this approach requires

that the protein is stable during immobilization before lipid is added.
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The second common techngiue for creating planar supported lipid bilayers is the LB/LS
technique. It is difficult to incorporate transmembrane proteins into the lipid bilayer with this
technique, because prior to transfer portions of the proteins within the monolayer are exposed to
air and can become irreversibly denatured®. This should also apply to membranes created from
diblock copolymers by LB and LS techniques, since these would (similarly to lipids) form a
monolayer at the air-water interface and could irreversibly denature incorporated transmembrane
proteins. However, recent work has shown that by using triblock copolymers, it is possible to
obtain Langmuir films composed of ABA monolayers at the air-water interface with the
hydrophilic A-block uppermost and that this orientation is preserved upon transfer to a gold
substrate®. This construct resembles a lipid bilayer and the authors demonstrate incorporation of
functional transmembrane proteins (bacteriorhodopsin and cytochrome oxidase)®. This work is

at odds with an article by Haefele et al'®

which shows that ABA monolayers at the air-water
interface consist of ”U-turn” ABA monomers, which have both of their hydrophilic chains in the

aqueous phase (Fig. 12).

ciga

T AAAR

brush

R

mushroom

i
%ﬁﬁ‘@ pancake

Figure 12. A schematic representation of ABA Langmuir film organization during polymer monolayer compression
at the air-water interface. The lowest surface pressure is for the pancake conformation and increases
counterclockwise. The bottom phase is an aqueous solution and the top phase is air. Hydrophobic and hydrophilic

blocks are depicted in grey and black, respectively. Figure from .

26



With increased pressure, the hydrophobic and hydrophilic chains become more and more
stretched out, until at high surface pressures, the monolayer collapses and flips so that the
hydrophilic A-block is uppermost, but then directly curls up to form micelles. Another limitation
of the LB/LS techniques for transmembrane protein incorporation is that even if it is possible to
obtain the correct ABA conformation at the air-water interface, high surface pressure is required
to do so. At high pressure Langmuir-Blodgett copolymer films become densely packed'?, which
may reduce transmembrane protein incorporation and/or lead to denaturation of transmembrane
proteins. Also, relatively large quantities of proteins would be required for incorporation by this

method®*.

Protein incorporation after membrane formation

Various strategies are used for incorporation of membrane proteins into preformed lipid or
polymer biomimetic membranes. These are explained thoroughly in a review by Nielsen®3. Small
hydrophobic molecules and peptides (e.g. gramicidin and alamethicin) can directly insert into

free-standing or supported lipid*?® 61, 127

and polymer membranes from solution (Fig.11 arrow 1).
Some proteins can be solubilized in a detergent (such as Triton X-100) above the detergent’s
critical micelle concentration (CMC) and be inserted by dilution below the CMC leading to
release of free protein and incorporation of the protein into planar (free-standing or supported)
lipid membranes*? (Fig.11 arrow 2). Insertion of proteins by this method has been demonstrated

48, 127

for black triblock copolymer membranes and planar supported triblock copolymer

membranes®®,

However, most large transmembrane proteins can only be added by inserting them into
proteoliposomes (Fig.11 arrow 3) or obtaining proteoliposomes from native sources (Fig. 11
arrow 8), and subsequently fusing these proteoliposomes with the planar lipid membrane (Fig. 11

13, 129

arrows 5 and 7) Insertion of transmembrane proteins into liposomes and polymersomes

was addressed in the above section.

Fusion of protein-containing vesicles with the planar membrane can be confirmed via various

assays, such as the nystatin/ergosterol assay*®. In this assay, vesicles containing nystatin,
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ergosterol and the transmembrane protein to be delivered are fused to a planar ergosterol-free
lipid membrane. Nystatin monomers assemble to form ion channels, which are stabilized at the
edges of ergosterol-rich domains™. Upon fusion, ergosterol diffuses away into the excess lipid
matrix and the nystatin channels dissociate. Voltage clamp electrophysiology is used to monitor
fusion events, which can be observed as characteristic conductance spikes followed by a slow
decrease in conductance as the nystatin channels gradually dissociate (Fig. 13). Vesicle fusion
can be enhanced by using charged lipids, e.g. by using anionic lipids (e.g. lipids with
phosphatidylserine headgroups) in the vesicles and cationic lipids (e.g. 1,2-dioleoyl-3-
trimethylammoniumpropane (DOTAP)) in the planar membrane'*?. Fusion can also be promoted

133, 134

by applying an osmotic gradient’*" ¥ by polymer-induced crowding or by fusion-

inducing proteins (e.g. Soluble N-ethylmaleimide-sensitive-factor attachment protein receptor
(SNARE) complexes)™.
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Figure 13. Bilayer current versus time observed for a nystatin/ergosterol vesicle fusion with a planar lipid bilayer
showing the characteristic “current spike”, followed by a slow decrease in conductance as the nystatin monomers
dissociate, causing collapse of the ion channels. Vesicle composition was 8 mg/ml POPE:POPS:POPC:Ergosterol
(45:25:20:10 mol:mol) with 50 pg/ml incorporated nystatin in 1.2 osmolar buffer. Vesicles were extruded through
200 nm filters. The receiving membrane composition was 25 mg/ml DPhPC:DOTAP (80:20 mol:mol) in decane.
Membranes were painted on 8x8 aperture arrays in ETFE (aperture diameter 300 pm). Osmolarity of the buffer in
the cis chamber to which vesicles were added was raised to 3 Osm after vesicle addition. Osmolarity of buffer in the
trans chamber was 436 mOsm. A 60mV DC potential was applied across the membrane and the signal filtered at 20
Hz. Figure from Ibragimova and Rein, unpublished results.
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3.5. Stabilization of biomimetic membranes

Challenges with poor membrane stability still need to be met in order to create commercially
viable biomimetic membrane-based technologies. In this section, I will provide an overview of
the strengths and weaknesses of the various formats of biomimetic membrane and how they can

be stabilized.

Solid-supported membranes

Solid-supported membranes are per se favoured due to their stability and robustness®. Another
advantage of solid-supported membranes is that they can are accessible for study by a plethora of
powerful analytical techniques that are surface-specific (such as quartz crystal microbalance with
dissipation, fluorescence recovery after photobleaching, atomic force microscopy,

13, 30, 122

electrochemical impedance spectroscopy, surface plasmon resonance, etc ). However, the

choice of substrate used for supporting biomimetic membranes is somewhat limited. In order to
support a high quality membrane with few membrane defects and high lipid mobility the surface
should be hydrophilic, smooth, and clean®**. Commonly used solid supports for biomimetic
membranes include silica**®, freshly cleaved mica'” *8, silicon nitride?® and gold® *3* 3", Other

138, 139 140

supports which have been used include titanium oxide , silver,

21, 142

, indium-tin oxide
alumina and platinum®®. These systems in their basic form also have a severe drawback,
namely denaturation of most integral membrane proteins due to limited space between the lipid
membrane and the solid support®. Also, solid-supported membranes provide access to only one
side of the membrane'*. Another drawback, which effectively eliminated the use of these
substrates in the “Industrial biomimetic water membranes ” project, is that the limited aqueous
compartment on the support side of the membrane limits bulk transport of water, ions and solutes

13.24 ' making it incompatible with separation applications™.

across the membrane
Polymer-supported membranes

A solution used to address denaturation of proteins on a solid support is to decouple the
biomimetic membrane from the support by a polymeric cushion layer (see Fig. 4A, Fig. 4B).
This system still provides a good support for the membrane and can be studied by surface-
senstive techniques, while reducing the risk of integral protein denaturation®® ®. An important

criterion when choosing an appropriate polymer is that the supported membrane must be
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thermodynamically and mechanically stable. This requires careful adjustment of the wetting
behaviour at the surface-polymer interface, the surface-membrane interface and the membrane-
polymer interface®. The surface-polymer-membrane system is only stable if there is complete
wetting between the surface and the hydrated polymer, and between the membrane and the
hydrated polymer and the membrane-surface interaction is repulsive. In this way, polymer
cushions mimic the extracellular matrix and the cell-surface glycocalyx, which maintain distinct
distances between neighbouring cells. An alternative for stabilizing the system is to covalently
attach the polymer layer to the substrate and/or to covalently attach the lipid membrane to the
polymer layer. Desirable properties for the polymer support are that it should be soft,

hydrophilic, not too highly charged, and not extensively cross-linked'**. Polymer supports that

146, 147 149-151

have been explored include dextran , cellulose™®, chitosan . polyacrylamide®,

117, 151-154

polyelectrolytes and lipopolymers™3 115 155159 “pojyelectrolytes and lipopolymes are

popular choices for the cushion material. Polyelectrolytes can be adsorbed from solution onto a

153, 161 d152,

variety of substrates (such as mica'®® and quartz
154

or on gold via mercaptoundecanoic aci
) by layer-by-layer deposition, and allow control over the resulting film thickness by choosing
the number of layers deposited. A disadvantage of polyelectrolytes is that the strength of the
attractive forces to the support is based on electrostatic interactions and is thus influenced by the
ionic strength and pH of the solution, placing limitations on the experimental conditions that can
be used. Also, too much charge can adversely affect the function and mobility of membrane
constituents and incorporated proteins®. Lipopolymers consist of a soft hydrophilic polymer
layer with lipid-like molecules at their surface which can insert into a phospholipid membrane
and tether it to the polymer spacer. They are less affected by solution conditions than
polyelectrolytes, but can interfere with lipid and protein mobility in the membrane depending on
the degree of tethering™®. However, for the “Industrial biomimetic water membranes” project,
polymer-supported membranes were not usable as they do not solve the issue of limited

transmembrane transport.

Membranes on a nanoporous support
The use of biomimetic membranes in separation applications requires a massive flux across the
biomimetic membrane. Problems with bulk transport and transmembrane protein denaturation

can be addressed by making porous substrates. For planar bilayers, this implies that the support
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must be sufficiently porous in order to allow substantial flow while being dense enough to

support the membrane. Some of the substrates used for solid-supported membranes (such as

25, 26 21, 27-29, 163

silicon nitride®, silicon® %, silica'®® and alumina ) have been made porous and free-
standing lipid membranes have been created across the pores (Figs. 14A and 4C). However,
problems with membrane coverage, leak currents across the membrane®* or membrane

functionality® *°

remained to be resolved. Most importantly for the “Industrial biomimetic water
membranes ” project, using materials such as mica, silica and gold for stabilization of biomimetic
membranes and the fabrication techniques for producing the aperture arrays in them would not
be cost-effective for square meter areas and could therefore not be used for commercial

separation applications.

In general flat, hydrophilic supports such as silica, mica and gold have been favoured for lipid
bilayer formation and stabilization, because stable membranes could be formed on these
substrates and because these substrates are compatible with a number of analytical techniques (as
discussed earlier). Novel applications of biomimetic lipid bilayers, such as commercial
separation applications, have created a demand for novel substrates which are cheap, porous and
not necessarily atomically flat. Novel porous substrates that are capable of supporting lipid
bilayers are emerging and some examples include nanofiltration membranes'®*, microfiltration

membrane5165-168 43, 44, 169-173

, agar'®®, agarose and silica xerogel’™ ™. In this thesis, two
nanoporous polymeric substrates that are compatible with bulk transport across the membrane as
well as relatively easy and cheap to produce were introduced as membrane supports. These
substrates were polybutadiene-polydimethylsiloxane (PB-PDMS) and poly(2-hydroxyethyl
methacrylate) (polyHEMA). These substrates are more corrugated than the typical flat silica,
mica and gold substrates and therefore presented an interesting challenge in creating stable

membranes.
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Figure 14. Cross-sectional representations of porous-supported biomimetic membranes with an incorporated
transmembrane protein (purple). (A) Free-standing biomimetic membrane formed across a porous support (such as
ETFE® or silica’®). The membrane (solvent-free or solvent-containing) is formed in an aperture (light grey). (B) A
biomimetic membrane formed across a porous support and supported by a porous cushion (dark blue). (C)
Hydrogel-encapsulated biomimetic membrane. The hydrogel polymer meshwork (yellow) is formed in situ around
the biomimetic membrane. (D) A surface layer-encapsulated biomimetic membrane. The monomolecular layer of
protein (red) self-assembles into a two-dimensional lattice creating identical pores 2-8 nm in diameter'”. Figure
from =,

PB-PDMS is a versatile material, because many of its properties (such as porosity, geometry,

hydrophobicity and roughness) can be modified. PB-PDMS can self-organize into a variety of

176 171y which is maintained after cross-

linking. Subsequently, the PDMS block can be etched away with hydrogen fluoride'”” or

178

nanoscale morphologies "> (such as a gyroid morphology

tetrabutylammonium fluoride™™ to obtain a porous structure which makes the material
compatible with separation applications'””. The hydrophobic, nanoporous PB substrate can be
made hydrophilic (both on the surface and/or within the pores) by photooxidation®’, making it
suitable as a biomimetic membrane support. In this thesis, | will present planar lipid bilayer
formation by the vesicle deposition method on the hydrophilic polybutadiene support (Fig. 1C).

A nanoporous substrate comprising polyHEMA, PEG-DMA and silica beads is also presented in
this thesis. The presence of silica particles in the polymer hydrogel greatly enhances both the
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mechanical stability of the gel and the flux of water through the hydrogel'?® and the substrate
permeability can be modulated by the amount of silica present in the hydrogel composite®.
These properties make the composite polymer material suitable for separation applications. The
substrate was used as a support for an ETFE-suspended lipid membrane array created by the
painting method (Figs. 1B and 14B). Surface-functionalization of the ETFE enabled covalent
coupling of the composite polyHEMA substrate and the ETFE support, which we showed to give

a drastic improvement of lipid membrane longevity and effective functional area.

Free-standing membrane (on a microporous support)
Black lipid membranes are suspended across an aperture in solution and have no unwanted
interactions with an underlying support (Fig. 14A). This means that transmembrane proteins

embedded within the lipid bilayer remain fully mobile and functional®

. Other advantages of
free-standing membranes are also that both membrane leaflets are accessible and that bulk
transport across the membrane is feasible. Fewer analytical methods are currently used for
studying black lipid membranes than those available for supported membranes, and these
typically include electrical measurements and fluorescence microscopy®. Also, since the
membrane lacks a support, it suffers from poor stability which limits the lifetime of the lipid
bilayer®®. A free-standing lipid bilayer with incorporated proteins formed across an aperture is

not sufficiently stable to be used in a technological separation device®.

The inherent instability of free-standing lipid membranes is best explained by examining the

dimensions of the system. The lipid bilayer has a thickness of 4-10 nm** 34

, Whereas an aperture
in the partition scaffold has a thickness of circa 20-200 pm, which means that the lipid
membrane has to compensate for more than a 1000-fold difference in thickness to span the
aperture. The role of the solvent is to help the membrane to match the height of the aperture by
forming an annulus around the perimeter of the aperture®. The solvent slowly diffuses from the
annulus, which is believe to cause membrane destabilization over time and eventually lead to

membrane collapse®® ¥

9, 20, 25, 45

. Membrane stability can be increased by decreasing the aperture
diameter . However, in smaller apertures, the solvent torus takes up a larger percent of

the aperture area and the functional membrane area is reduced®.
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Advances in lipid polymerization chemistry have given rise to new biomimetic membrane

180

components— which can improve the stability of free-standing membranes. These include

%.%7 or acyl chain region®® 144 181184,

polymerizable lipids with reactive moieties in the headgoup
These are used to crosslink the lipids to create stable biomimetic structures. Shenoy et al found
some limitations regarding which polymerizable lipids easily form BLMs and atrributed this to
the propensity of the lipids to phase-separate into domains and to the surface elasticity of the
films (estimated from LB monolayer pressure-area isotherms)***. Heitz et al found that
membrane fluidity was reduced by the use of acyl chain-polymerizable lipids, and showed that it
can be increased by using a mixture of polymerizable and nonpolymerizable lipids'®. They also
found that lipid cross-linking near the headgroup provides the best combination of BLM
electrical integrity, stability, and maintenance of a-hemolysin (a-HL) activity™!. The use of acyl

d'8. A drawback of these

chain-crosslinkable lipids increased BLM lifetime more than twenty-fol
lipids is that they need to be handled in yellow light (placing special requirements on the

laboratory conditions) before polymerization to avoid autopolymerization'®’,

Another approach for stabilization of free-standing membranes could be to use crosslinkable
organic solvents. Although this approach was demonstrated for proteoliposomes®, it may work
for free-standing membranes as well. This stabilization approach was shown by Graff et al, who
formed proteoliposomes and allowed them to swell with solvent, which inserted between the
lipid monolayers. They showed that the lipid membranes maintained their lateral mobility, while
their stability was improved. Some issues remain to be addressed. Proof is needed that this
stabilization method is generally compatible with the presence of active embedded
transmembrane proteins. The authors demonstrated that OmpF channel activity was preserved
after polymerization of the solvent. However, OmpF is a robust protein, because it is a B-barrel

protein® 1%

, so the approach needs to be addressed with a more “fragile” protein as well.
Additionally, the authors show that polymerization of the solvent reduces OmpF activity and
speculate that this is due to expulsion or closure of some of the reconstituted proteins due to the
internal stress in the membrane caused by crosslinking®. This suggests that activity of other
incorporated proteins should be reduced as well. Also, the presence of solvent in the membrane

should increase membrane thickness and result in a hydrophobic mismatch between the
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hydrophobic part of the membrane and the hydrophobic domain of the embedded transmembrane

protein, which should influence protein incorporation and functionality.

Another interesting approach to improve membrane stability is to use lipids from organisms from
Archaea, because they live in extreme environments such as high temperatures and low pH™.
Many Archaean membranes are formed from bolalipids’®, which span the membrane and in this
way increase structural stability’®. An intriguing way to improve the stability of biomimetic
membranes is to replace lipids with lipid-bilayer-like amphiphilic block copolymers, namely
diblock* or triblock® copolymers. Block copolymers have been used to create black polymer

%662 and supported polymer membranes®® ° ®®. Block copolymers

46, 47

membranes®®, polymersomes
are chemically and mechanically stable and provide an amphiphilic structure that allows
incorporation of membrane proteins®®. There are also many possibilities for engineering block
copolymer membranes to achieve the desired combination of properties by adjusting parameters
such as the block length, molecular weight, chemical composition, hydrophilic/hydrophobic
balance and molecular architecture®®. The stability of block copolymer membranes is accredited
to that they have a higher thickness than lipid membranes* *°. However, this may be a drawback
in terms of lower functional transmembrane protein incorporation compared to a lipid bilayer
due to a hydrophobic mismatch between the hydrophobic block of the polymer and the
hydrophobic band of the membrane protein®. A promising compromise could be to mix lipids
and polymers to obtain their favourable qualities — high stability gained from the polymer and a
protein-favourable environment provided by the lipids. In this thesis, | present a method for
making planar mixed lipid-polymer vesicular membranes and producing planar membranes from

these on solid substrates.

Encapsulation of free-standing membranes

Potential for stabilization of free-standing biomimetic membranes has also been demonstrated by
encapsulation strategies using hydrogels®® 4042 ¢7- 18 (Figs 1A and 14C) and bacterial surface
layers (S-layers, Fig. 14D)*" 167387191 The encapsulated free-standing membranes gain stability
and are compatible with bulk transmembrane flux. Hydrogels are based on an aqueous gelling
solution which contains monomers and polymerization initators. They polymerize to form gels

that are highly absorbent with a flexibility determined by the polymer and the degree of
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crosslinking. The hydrogel-encapsulation strategy involves bilayer formation in a hydrogel
precursor solution, followed by crosslinking (driven by chemical initiation, photoinitiation or
thermal initiation) which results in a lipid bilayer that is tightly sandwiched within the hydrogel.
This approach has been shown to be compatible with incorporation of a-hemolysin, a
polypeptide which forms heptameric pores in lipid membranes, in the membrane and channel
currents could be measured up to three weeks after membrane formation*. In this thesis, | have

investigated the hydrogel-encapsulation approach for stabilizing biomimetic membrane arrays.

The S-layer approach (Fig. 14D) uses surface-layer proteins found on the exterior of walled
bacteria'®’. S-layers typically consist of a single type of protein or glycoprotein and form lattice
structures. They are added after lipid bilayer formation and assemble at lipid-water interfaces,
and form a scaffold similar to that at the bacterial membrane. They can be added to one or both
sides of the membrane®®. The assembly is driven by electrostatic interaction between exposed
carboxy groups on the inner face of the S-layer lattice and the zwitterionic lipid head groups. S-
layer proteins can form very tight structures, with sieving properties™’. lonophores (such as

valinomycin'®, alamethicin'®” and a-hemolysin®®

) have been shown to retain their functionality
when incorporated in S-layer-supported lipid membranes. However, a-hemolysin could not be
incorporated when added on the S-layer side due to the sieving properties of the S-layer lattice.

167

S-layers were shown to increase the longevity™" and mechanical stability of lipid membranes,

but surprisingly they decreased the membranes’ electrical stability (i.e. the applied

transmembrane voltage that could be maintained before membrane rupture)®’.

Stabilization of arrays

To make a free-standing 4 nm thick biomimetic membrane that spans over a single aperture with
an area of square meters is not feasible due to lack of stability. In order to realize a high-
resistance membrane with a large area (square meters), one method is to use an aperture array
with micron- or submicron-sized holes and span membranes across these apertures. For
membrane arrays, as for single-aperture free-standing membranes, the membrane stability and
longevity increase with a decrease in aperture size®*. Membrane arrays with lifetimes exceeding

1 day have been created across submicron-aperture arrays in silicon nitride and silicon®® 2°.
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Unfortunately, using square meters of these materials as well as fabrication of apertures for such

large areas in them is not compatible with separation applications due to low cost-efficiency.

In principle, the same stabilization strategies as are used for single-aperture membranes should
be applicable for stabilizing membrane arrays. Besides aperture diameter, parameters that affect
the stability of a membrane array are the aperture-to-aperture distance®, aperture rim shape and
smoothness®, the number of apertures® and their geometrical arrangement®. It has been
suggested that membrane stability would be improved by placing apertures sufficiently close
together, so that the membrane array can form a continuous, self-repairing membrane®. A
smooth, round and uniform rim is believed to improve ease of membrane formation and
membrane stability by stabilizing the contact between the lipid bilayer and the aperture rim® %,
Control of the rim geometry and topography is also important for obtaining reproducible
membrane characteristics. Intuitively, membrane stability should decrease as the number of
apertures in the array is increased. Interestingly, Hansen et al® found that an increase in the
number of apertures in a membrane array increased membrane longevity, which is ascribed to
the fact that lipid transfer between neighbouring membranes gives a self-healing property to the
membrane and that the membranes spanning the edge of the array have fewest neighbouring
membranes and are more likely to rupture. By increasing the number of apertures in the array the
percentage of “edge apertures” is decreased, which leads to membrane stabilization. Stabilizing
membrane arrays is challenging, because the membrane area is much larger than the area of a
single-aperture membrane and for separation applications, rupture of even a single membrane in
the array is unacceptable. In the following chapters | will present advances in membrane array

stabilization that were achieved in this thesis.
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4. Encapsulation of membranes with hydrogel

In the ”Industrial biomimetic water membranes” project, we designed novel water filtration
membranes which were based on free-standing lipid membranes painted across an aperture array
as a biomimetic matrix for the aquaporin water channels. As outlined in the background, free-
standing lipid membrane are accessible on both sides and are compatible with bulk
transmembrane flux, but lack the stability necessary for separation applications. Several
strategies for increasing the stability of free-standing biomimetic membranes were outlined in the

background section.

4.1. Motivation for the encapsulation strategy

In the hydrogel encapsulation strategy, the lipid membrane array is created in a hydrogel
precursor solution, which is subsequently crosslinked in order to place a hydrogel cushion on
each side of the lipid bilayer (Figs. 1A and 14C, described in papers | and Il and appendix II).
We used this strategy for several reasons. Firstly, gels are appealing materials for membrane
supports, because they can provide mechanical stability while giving the membrane access to a
bulk aqueous environment, allowing transport of water, ions and analytes to incorporated

transmembrane proteins.

The second advantage is conferred by using in situ polymerized gels instead of a precast gel slab.
In this way, a defect-free high resistance biomimetic membrane array can be formed in the
hydrogel precursor solution. The hydrogel monomers are hydrophilic and can interact with the
polar groups of the lipids and lie close to them. Polymerization would thus make a gel which
followed the contours of the preformed defect-free membrane instead of trying to create a defect-
free membrane on a precast gel slab. The close interaction between the membrane and the gel
achieved using the hydrogel-encapsulation method should provide a good support for the
membrane and improve membrane longevity. Further modification of the lipid headgroup with
an acrylate moiety was carried out to obtain covalent attachment of the gel to the membrane

(similar to the strategy of tethering lipid membranes on polymer layers on a solid support).
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The third advantage was that hydrogel encapsulation of the membrane confines the solvent in the
annulus and slows down solvent diffusion out of the annulus®. Leakage of the solvent from the
torus of the membrane to the aqueous phase leads to effective thinning of the membrane and a
decrease in membrane stability over time®®. Thus, containing the solvent should improve
membrane stability as well. Furthermore, in situ hydrogel encapsulation of free-standing single

aperture membranes has been shown to improve membrane stability and longevity®® 442 18,

4.2. Requirements for the gel

There were several requirements placed on the gel to make it compatible for a water filtration
device. Firstly, the gel should be liquid at room temperature in order to be compatible with the
method of making the membrane arrays®. Free-standing membranes are made by folding or
painting and both methods require the presence of an aqueous compartment on each side of the
lipid bilayer (Figs. 6 and 7). Secondly, the gel should be crosslinkable in situ at room
temperature, in order to maintain the lipid membranes in the liquid crystalline state®.
Crosslinking of gels can be initiated thermally* #?, chemically®® or using photoinitiation®. The
requirement of crosslinking at room temperature eliminated thermal initiation, leaving chemical
initiation and photoinitiation as available options. Thirdly, the crosslinking process should not
result in large gel volume changes as this would destabilize the biomimetic membrane. Fourth,
the porosity of the encapsulating gel should be such that the gel can provide sufficient stability
while preserving good water and solute permeabilities. Lastly, the hydrogel-encapsulation
method should be compatible with incorporation of transmembrane proteins.

A O B ‘ O
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Figure 15. Chemical structures of polymers used for hydrogel encapsulation.. (A) Poly(ethylene glycol)-1000-
dimethacrylate (PEG-1000-DMA), (B) Poly(ethylene glycol)-400-diacrylate (PEG-400-DA).

Hydrogels based on poly(ethylene glycol)-dimethacrylate (PEG-DMA) or poly(ethylene glycol)-
diacrylate (PEG-DA) fulfill the first two requirements. | crosslinked these monomers (Fig. 15)
either with the help of a chemical initiator or a photoinitiator (table 1). The chemical initiator

used was ammonium persulfate (APS) and the catalyst N,N,N’ N’-tetramethylethylenediamine
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Table 1. The four hydrogel precursor solutions (HPSs) investigated. An X in front of the sample name signifies that
the gel is crosslinked. Table from ®.

Sample Polymer Initiator

400 P PEG-400-DA 100 mM Darocur 5 mM

400C TEMED 15 mM, APS 15 mM
1000P  PEG-1000-DMA 65 mM Darocur 5 mM

1000C TEMED 10 mM, APS 10 mM

(TEMED) was added. The photoinitiator used was 2-Hydroxy-2-methyl-1-phenylpropan-1-one
(Darocur). For all hydrogels, concentrations of PEG and initiator were selected so that the
hydrogels crosslinked within 10 minutes of initiation. | characterized the hydrogels shown in
table 1 and showed successful hydrogel encapsulation of multiple BLMs formed across an
aperture array in photoinitiated PEG-1000-DMA. The monomer forms a crosslinked polymer

meshwork after gelation (Fig. 16).
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Figure 16. Chemical structure of PEG-1000-DMA and of a crosslinked PEG-1000-DMA meshwork found in the
gel. Gelation occurs through radical polymerization in which the methacrylate groups participate in an addition
reaction to form a branched polymeric network. The C=0 (a) and C=C (b) bonds to which FTIR spectral peaks are
assigned are indicated. Figure from %,

4.3. Characterization of the hydrogels

In paper | the volumetric stability, water permeability and porosity of the gels were
characterized. The crosslinking process should not cause large gel volume changes as this would
destabilize the biomimetic membrane. We found that the gels shrink slightly upon crosslinking
and that the change in volume does not exceed 1.2 vol%. They shrink further upon refrigeration

(4 °C) from room temperature, but the final reduction in volume is less than 2.4 vol%. We
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concluded that the hydrogels had volumetric stability, and were not likely to break membranes

due to crosslinking.

Lipids are often kept as a stock solution in chloroform, but the chloroform is removed by
nitrogen gas and further drying in a vacuum chamber and the lipid dissolved in another solvent,
such as decane to make the bilayer forming solution. The gels were tested for compatibility with
organic solvents which could be used in the bilayer forming solution (hexane, heptanes, octane,
decane, dodecane, tetradecane, hexadecane or ethanol) or in the lipid stock solution (chloroform)
to ensure that the hydrogel did not degrade due to interaction with solvent present in the lipid
membrane. The gels did not show any visible disruption upon addition of organic solvents which
could be used within the bilayer forming solution (Fig. 17A), but were broken down by
chloroform (Fig. 17B). We concluded that the hydrogels were compatible out of a solvent point-

of-view with membrane formation, as long as all traces of chloroform were removed.

Figure 17. Solvent resistance of hydrogels. (A) A representative “good” gel sample, which did not show any visible
break down of the gel upon addition of solvent. (B) A gel sample broken down by chloroform. Figure from
Ibragimova, unpublished results.

Next, the transport properties of the different gels were analyzed to quantify transport of water,
ions and small solutes through the gel. The gels had water permeabilities ranging between 30—
150 -10™2 m.s™.Pa™. Photoinitiated gels were less water permeable than chemically initiated gels
with no correlation between the hydrogel PEG chain length and flux reduction. For comparison,
the water permeability of a typical reverse osmosis (RO) membrane (the membranes that are
used on the market for obtaining ultra pure water) is 5.6:10" m.s™.Pa’ 2 The water

permeability still exceeded the permeability of a typical RO membrane at least five-fold. We
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concluded that the hydrogels are not the permeability limiting factor in biomimetic separation
devices, allowing the overall device permeability properties to be determined by the biomimetic

membrane.

Transport of small solutes to the membrane is limited by gel pore size. The cut-off pore size of
the gels was determined using PEG beads to be circa 10 kDa, corresponding to 7 nm pore
diameter (determined by DLS) and circa 8 kDa for X1000P, corresponding to 6 nm pore
diameter. Transport of ions through the gels was characterized using electrochemical impedance
spectroscopy by our project partner in Malaga, and is the subject matter of the paper in Appendix
I1. They find that chemically initiated gels had higher average salt diffusional permeability <Ps >
(1-107 m/s) than photocrosslinked (3-10° m/s) hydrogels. The <Ps > of the chemically initiated
gels is only 3-7 fold less than what has been reported for microfiltration polysulfone membranes
with a nominal pore size of 200 nm**, which is much larger than the nm size pores for the gels
and reflects the high water content of the gels. The paper in Appendix Il shows that hydrogel
electrochemical properties can be controlled by the choice of polymer and type of crosslinking
used, and that their salt permeability properties are compatible with the use of hydrogels for

biomimetic membrane encapsulation.

Furthermore, variation of photocrosslinking time was an additional parameter that could be used
to tailor gel properties of photoinitiated gels, as is described in paper Il. We showed in paper 1l
that the water content of the gel can be varied from 50-90 wt%, which could be relevant for the
gel’s flux properties, the gel’s interactions with lipid membranes, as well as for long-term use,
handling and shipping of a hydrogel-encapsulated membrane. Also, the specific resistance of the
photoinitiated gels depended on the photocrosslinking time and could be varied between 0.8-3.5
Qm. For comparison, phosphate buffered saline has a resistivity of 8.4 Qm (lbragimova,
unpublished results) and deionized water has a resistivity of 1.8:10° Qm®. This showed that the
gel had a low resistivity (and a high conductivity) and thus that ion channel containing hydrogel-
encapsulated membranes are compatible with biosensor applications. Using Fourier Transform
Infrared Spectroscopy to analyze dried gels (C=C and C=0 peaks for the gel coincided with
peaks for water), we observed a characteristic peak shift in the C=0O groups from the

methacrylate moieties (Fig. 16 arrow a) due to crosslinking. We found that a crosslinking time of
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at least 6 minutes was necessary to obtain a fully crosslinked gel, as evidenced by the position of
the C=0 peak and the reduction in the number of C=C bonds in the methacrylate moieties (Fig.
16 arrow b). Using Raman spectroscopy, we obtained a spectral signature of the hydrated gel,
observed a decrease in peaks assigned to C=C bonds with an increase in crosslinking time (up to
10 minutes) and identified rest products from the photoinitiator for the gel crosslinked for 15
minutes. From this we concluded that an optimal crosslinking time for the gel was 6-10 minutes,
and by varying the crosslinking time we could vary the gel’s water content and resistivity. With
FTIR and RS we identified spectral features of the hydrogel, which may be applicable as a

diagnostic tool to study changes in the gel due to variation in parameters.

4.4. Membrane formation and encapsulation with hydrogel

Having established that the PEG-DMA- and PEG-DA-based hydrogels have mesh size, water
flux, ion flux, solvent resistance and volumetric stability parameters compatible with their use as
encapsulation material, | investigated in situ encapsulation of biomimetic lipid membranes. The
membranes were created in an 8x8 aperture array in ETFE by the painting method, with the
aqueous compartments filled with hydrogel precursor solution (Fig. 18). After membrane
formation, the hydrogel precursor solution was polymerized in situ, to form a gel around the lipid
membrane array. | selected to use photoinitiated hydrogels for membrane encapsulation for
several reasons. Firstly, the initiator can be added directly to the HPS yielding a homogeneous
distribution of initiator without spontaneous onset of polymerization, whereas the chemical
initiator had to be added after membrane formation to avoid polymerization of the gel before the
membrane was formed. This meant that proper mixing was not possible and the initiator could
not be homogeneously distributed. If the chemical initiator was added to the HPS before
membrane formation, the timeframe within which a membrane could be formed was short (under
5 minutes) and the level of control over membrane formation was low since crosslinking started
directly. Secondly, UV irradiation yielded precise control of the time point at which the
polymerization reaction began, which increased controllability of membrane formation and
improved the chance of a “good membrane” being formed. Thirdly, variation of
photocrosslinking time was an additional parameter that could be used to tailor gel properties, as

is described in paper II.
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I characterized lipid membrane lifetimes in hydrogel precursor solutions. Two lipids, DPhPC
(Fig. 5A) and DPhPE-acrylate (Fig. 5C) were used for membrane formation. DPhPC is a
commonly used lipid for BLM formation®® and DPhPE-acrylate had a crosslinkable headgroup,
which should allow the gel to become covalently tethered to the lipid membrane upon
crosslinking. We found that the stability of painted BLMs was drastically reduced in hydrogel
precursor solutions compared to BLMs in buffer, with the majority of membranes rupturing
within 5 minutes. We found that the destabilization is caused by the initiator, the presence of
which affects BLM lifetime, but does not compromise BLM formation per se. The pre-
encapsulation step, where both polymer and initiator are present, generally tends to destabilize
the BLMs.

-

Figure 18. Schematic representation of the hydrogel-encapsulated lipid membrane (closed and exploded views). For
BLM encapsulation BLMs (semi-transparent red circular area) are painted across the 8x8 aperture array in the ETFE
partition (green disk) and encapsulated by hydrogel on both sides (blue disks). Figure from .

We selected PEG-1000-DMA instead of PEG-400-DA for encapsulation as it showed slightly
better minimum lifetimes (although still very small) and concluded that due to the low stability
of BLMs in HPS it is necessary to start the crosslinking immediately upon membrane formation.
Several membranes ruptured during crosslinking. If they did not, the DPhPC BLMs survived for
up to 1.5 days once they were encapsulated. DPhPE-acrylate membranes performed significantly
better than DPhPC membranes with lifetimes ranging from 2 days (minimum) to 9 days. We
performed a control experiment where the PEG-1000-DMA was omitted to deduce whether the

stabilization effect was due to crosslinking of the lipid headgroups to each other or due to
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covalent bonds forming between the lipid headgroups and the gel, and the results indicated that
the stabilization effects were due to the presence of the gel. By tethering the membrane to the
hydrogel, we obtain a support that is similar to a polymer-supported membrane on a solid
surface, also making a biomimetic system that resembles a cytoskeleton-supported plasma

membrane®.

This is a novel stabilization strategy for supporting biomimetic membrane arrays, so it is difficult
to directly compare to state-of-the-art. Stabilization of membrane arrays formed on aperture
arrays in silicon (aperture diameter 300 nm) gave lifetimes of up to 24 hours® and lifetimes of
up to 4 days were achieved in aperture arrays in silicon nitride (aperture diameter 200 nm)¥.
Although our apertures have a thousand-fold larger diameter, we still obtain higher membrane
lifetimes. Some groups have used the hydrogel encapsulation strategy for stabilization of single-
aperture membranes and shown that it improves membrane longevity. When comparing to these
results, one should keep in mind that using single-aperture membranes, per se increases
membrane stability compared to using a membrane array. Shim et al obtained up to 66 hour
lifetime (2.8 days) for single-aperture (100 pum diameter) DPhPC membranes in an in situ
polymerized agarose gel*'. Jeon et al obtained lifetimes of up to 5 days for single-aperture (200
um) PEG-DMA-encapsulated DPhPC membranes*. Malmstadt et al increased the lifetime of
PEG-DMA-encapsulated single-aperture (200 um) membranes to 11 days by using a mixture of
DPhPC and headgroup crosslinkable acrylate-modified DPhPE lipids (20:1)®*. Kang et al
showed up to 3 week lifetime of agarose-encapsulated single aperture (100 um) DPhPC
membranes*’. We obtained lifetimes of up to 9 days when we used headgroup crosslinkable
lipids which could tether to the hydrogel, a system similar to that used by Malmstadt et al. The
reason that we are able to obtain similar membrane lifetime (up to 9 days) as Malmstadt et al
despite an almost 150-fold increase in membrane area (8x8 membrane aperture arrays, 300 um
diameter), could be because our lipid membranes consist entirely of headgroup-crosslinkable
lipids that can tether the membrane more strongly to the hydrogel than if only one in twenty
lipids is tetherable. Another factor that could improve the lifetime of our membranes is the

presence of a rather large stabilizing solvent annulus (Fig. 19).
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The electrical characteristics, namely the capacitance and conductance, of the hydrogel-
encapsulated membranes were monitored using voltage-clamp measurements. The hydrogel-
encapsulated membranes were electrically tight (conductance of circa 200 nS), and had similar
conductance values to free-standing membranes. The capacitance values corresponded to an
overall specific membrane capacitance of 0.035-0.088 pF.cm™, which is much lower than the
specific capacitance for fully thinned solvent-containing membranes (0.4-0.6 puF.cm™) reported
in the literature®®. The low specific capacitance value measured does not preclude the existence
of bilayer patches, but if they exist they only constitute 9-22% of the total aperture area and the
rest of the aperture array area has solvent-containing lipid patches. This is consistent with the

bright field image of the membrane arrays where large solvent annuli are clearly visible (Fig.19).

Figure 19. Optical microscope image of a hydrogel-encapsulated lipid membrane. showing lipid membranes with
annular regions which reflect the existence of Plateau-Gibbs borders. Scale bar 300 um. Figure from .

Of course, an optimized thinning of the BLMs would increase the effective bilayer area. It was
not possible to thin the membranes after the crosslinking was completed. No spontaneous
thinning (quantified by membrane capacitance) during UV exposure or after encapsulation in the
gel was observed. The presence of X1000P seemed to ‘‘freecze’’ the membrane array, by
stabilizing the solvent at the membrane boundary and protecting the membrane from rupture.
Thus, membranes would need to be thinned before encapsulation. On the other hand this would
also tend to make membranes even more unstable before crosslinking. Thus we are faced with a
compromise between larger bilayer areas and reasonable BLM formation success rates and

lifetimes.
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4.5. Protein incorporation

We proved that we have areas where the lipid bilayer thickness is compatible with the
hydrophobic spanning segments of transmembrane proteins by incorporating the channel-
forming peptide gramicidin A into the BLMs followed by X1000P encapsulation (Fig. 20). We
demonstrated single gramicidin channel currents in a 5-day old membrane. This also shows that

the tethered membrane is sufficiently fluid to accommodate insertion of gramicidin.
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Figure 20. Single channel gramicidin current trace from an X1000P-encapsulated 5 day old DPhPE-A membrane in
buffer adjusted to 1M KCI. A 60mV DC potential was applied across the membrane and the signal filtered at 10 Hz.
Figure from ©'.

The hydrogel-encapsulation method is compatible with incorporation of small ionophores before
crosslinking. Due to the short lifetimes of the BLMs in hydrogel precursor solution (<1 minute),
methods of protein incorporation such as incorporation of detergent-stabilized protein from
solution or delivery of protein by vesicle fusion cannot be efficiently used for delivery of
transmembrane proteins to BLMs suspended in the hydrogel precursor solution. This entails that
the peptide or protein that is incorporated should preferably to be added to the bilayer forming

solution, which limits the choice of proteins that can be incorporated.

The gel’s cut-off pore size was found to be 6 nm, which means that peptides can be added on top
of the gel after crosslinking and should be able to diffuse to the membrane, as was shown for the
PEG-1000-DMA gel with the 33.2 kDa'®* polypeptide a-hemolysin by other groups® *. Also
the available bilayer area restricts incorporation of a large amount of protein. Bulky, sensitive
proteins (such as aquaporins) need to be inserted into vesicles to be incorporated into BLMs and
cannot be inserted by the hydrogel-encapsulation method as described here. For proteoliposome
fusion with the BLMs to take place, it is necessary to improve stability of BLMs in the hydrogel

precursor solution.
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5. Membranes on a nanoporous hydrogel support

5.1. Motivation for the nanoporous hydrogel support strategy

The second strategy involved using a hard, flat, hydrophilic nanoporous substrate deposited
under the ETFE partition as a support for BLMs (Figs. 1B and 14B). Lipid membranes were
created across the apertures by the painting method and stabilized by the nanoporous support.
This strategy has shown promise for supporting single-aperture-suspended BLMs with support
materials made of precast agarose gels*® # 1™ 173195 The nanoporous support presented here
was a composite hydrogel formed by polymerization of an aqueous solution of 2-hydroxyethyl
methacrylate (HEMA, Fig. 21A) and poly(ethylene glycol) dimethacrylate (PEG-DMA) in the

presence of silicon dioxide beads.
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Figure 21. Chemical structures of (A) 2-hydroxyethyl methacrylate (HEMA), (B) poly(sodium 4-styrene sulfonate)
(PSS), (C) poly(ethyleneimine) (PEI). Figure from **’.

This material was attractive as a BLM support for several reasons. Firstly, the hydrogel can
provide mechanical stability while giving the membrane access to a bulk aqueous environment,
allowing transport of water, ions and analytes to incorporated transmembrane proteins and not
hampering flux. Secondly, the presence of silica beads increases the porosity (and hence water
permeability) and the mechanical stability of the support*®. Thirdly, the polyHEMA-based
hydrogel was harder than PEG-DMA hydrogel, which we believed would better protect the
membrane against high hydraulic pressure. Lastly, the entire system was readily upscalable as it
was easy and cheap to prepare. Using a precast support for the biomimetic membranes would,
albeit making defect-free membrane formation dependent on the topography of the support
surface, in principle be compatible with delivery of transmembrane proteins to the biomimetic
membrane on the unsupported side of the membrane by vesicle fusion. The hydrogel was cast
using a mold such that the polymerized hydrogel would form a supportive layer under the
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apertures. The rationale behind this design was to optimize the lipid-partition interactions at the

aperture rim, while providing maximal support for the membranes across the aperture arrays.

To further improve BLM stability we coupled the hydrogel support to the ETFE partition, a
strategy which has shown success in membrane stabilization by providing the membrane with
mechanical stability and slowing leakage of the solvent annulus®*®. In order to ensure good
contact between the composite hydrogel and the ETFE partition the ETFE surface was surface-
modified with HEMA using surface plasma polymerization on the partition side facing the

hydrogel.

The polyHEMA support was further modified by layer-by-layer deposition of polyelectrolyte
layers. Polyelectrolytes have previously been used as a cushion layer on solid supports for
stabilizing lipid membranes®” 152154 160. 161 " po|yelectrolytes mimic the cell cytoskeleton®,
which has a supporting and stabilizing function in cells. An avidin-biotin linkage was used to
tether the biomimetic cytoskeleton to the biomimetic membrane. The rationale for this design
was that adding a “cytoskeleton” and tethering the membrane to it would improve membrane
stability. The thickness of the polyelectrolyte cushion can be controlled by selecting the number
of deposited layers. As the polyelectrolyte cushion, | used a single layer of the polyanion
poly(sodium 4-styrene sulfonate) (PSS, Fig. 21B) or nine alternating layers of PSS and the
polycation poly(ethyleneimine) (PEI, Fig. 21C).

5.2. Characterization of the support

The composite hydrogel precursor solution was an aqueous solution containing HEMA, PEG-
DMA and silica particles (0.5-10 pum diameters). The HPS polymerized upon addition of a
chemical initiator, ammonium persulfate. Characterization of the polyHEMA support was carried
out by the other co-authors of paper Ill. The presence of silica particles in the polymer hydrogel
was shown by Roerdink Lander et al (who were also a part of the “Industrial biomimetic water
membranes ” project) to greatly enhance both the mechanical stability of the gel and the flux of
water through the hydrogel*®. The permeability increased with the amount of silica present in
the hydrogel composite, with permeabilities up to 24 g.m?.min™ obtained at 1 bar for a 1 mm
thick slab of composite hydrogel, which contained 44 wt % silica. This corresponds to 4-10*
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m.s*.Pa™. In comparison, the water permeability of a 1 mm thick slab of photoinitiated PEG-
1000-DMA hydrogel presented in the previous chapter was 39-10* m.s'.Pa®. A pore size
distribution analysis of the composite hydrogel showed that the majority of the pore diameters
was 2-5 um, with a minority of pore diameters below 500 nm. The smaller pores indicate that an
interfacial skin layer forms to some extent on the polyHEMA surface, which explains why lower
water flux is observed for this composite gel than for the PEG-DMA gel. The water flux

obtained for the polyHEMA gel was sufficiently high for a water filtration device.

Jorg Vogel (also involved in the “Industrial biomimetic water membranes ” project) investigated
three different methods for integrating the composite hydrogel support into the ETFE apertures:
physical clamping of the gel with the ETFE partition (in this case the gel was not conjugated to
the partition), mold casting with direct integration of polyHEMA with the ETFE partition (with
conjugation) and a “negative plug” method in which the apertures are first plugged with a
sacrificial material, filled with polyHEMA (with conjugation to the ETFE) and subsequently the
plug is removed'®®. The “negative plug” method was shown to be incompatible with conjugation
of the hydrogel to the support due to creeping of the plug material onto the HEMA-treated side
of the ETFE partition'®. In the mold-casting method, a Teflon mold was filled with the hydrogel
precursor solution (Fig. 22A) and an ETFE partition with two polymethylmethacrylate (PMMA)
rings was placed on top, with the HEMA-treated side down towards the HPS. The hydrogel
polymerized to form a support below each aperture over the entire aperture array. | investigated

formation of membranes on clamped and mold-cast polyHEMA supports.

The surface topography of the hydrogel areas in the apertures was analyzed by focus-variation
optical scanning, showing the desired backing of the ETFE partition apertures with the
composite hydrogel, with marginal penetration of the hydrogel into the apertures (Fig. 22B). The
hydrogel had a surface roughness of circa 1 um, increasing the surface area in the apertures
(compared to an ideally flat surface) by around 11%. The surface roughness is higher than the
surface roughness of flat solid supports typically used for supported lipid membranes, such as
mica, gold and silicon, which presents a challenge in formation of defect-free long-lived
membranes. Despite this, we obtain thin lipid membranes which are electrically tight with

relatively good stability.
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Figure 22. (A) Schematic of the ETFE scaffold (grey) with PMMA rings (red) and the Teflon mold used for casting
of the hydrogel support. The hydrogel-forming solution (green) is contained in a reservoir with a depth of 500 um.
(B) Profile scan across five apertures. The dashed red lines indicate the surface of the ETFE sheet. Figure from %,

We found dependence between the evenness factor of the polyHEMA support and the success of

4

r.
forming tight, long-lived membranes (table 2). The evenness factor, E;, is defined as ZH
i=1 i

where r; is the distance from the top of the ETFE partition to the highest polyHEMA surface in
an aperture and d; is the distance from the top of the ETFE partition to the lowest polyHEMA
surface in an aperture. The evenness factor is calculated for four neighbouring apertures in a row
and the value is averaged to obtain an evenness factor for the sample. The closer the calculated
value is to 1 the more even the filling is. The distribution of the polyHEMA should be even and
no large height differences of the polyHEMA between apertures should exist in order to obtain
leak-free long-lived membranes. The depth of filling of the polyHEMA support (below or partly
inside the apertures) was not critical for membrane formation and quality (Vogel, Ibragimova

and Rein, unpublished results).

Table 2. Relationship between polyHEMA evenness and membrane quality (n=21). The number of samples with a
specific polyHEMA evenness factor and membrane quality is indicated. Table from **.

Evenness factor Membrane
good bad none
0.77+0.09 4 0 1
0.53+0.18 0 2 3
<0.4 2 1 8
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Figure 23. (A) The polyelectrolyte binding assay. The idea is to deposit the first polyelectrolyte in droplets (blue
circles) on the polyHEMA surface (grey circle), rinse thoroughly, deposit the second polyelectrolyte layer over the
entire surface, rinse thoroughly, deposit avidin-FITC over the entire surface and rinse thoroughly. The presence of
polyelectrolyte layers is visualized through the binding of fluorescently labelled avidin to said layers. (B) PSS
droplets deposited on polyHEMA, followed by avidin-FITC (C) PEI droplets deposited on polyHEMA, followed by

avidin-FITC. (D) PEI droplets deposited on polyHEMA, followed by PSS over the entire surface and subsequently

avidin-FITC. Figure from %,

Adsorption of the polyelectrolytes PEI and PSS and subsequent adsorption of avidin labelled
with fluorescein isothiocyanate (avidin-FITC) onto polyHEMA was confirmed with a
fluorescence assay (Fig. 23) carried out by Mark Perry (also involved in the “Industrial
biomimetic water membranes” project). The assay was based on depositing droplets of the first
polyelectrolyte on the polyHEMA substrate, rinsing thoroughly, depositing the second
component (second polyelectrolyte or avidin-FITC) over the entire surface, rinsing thoroughly
and using avidin-FITC as the last layer and rinsing thoroughly and finally visually inspecting the

samples under a fluorescence microscope to view the distribution of avidin-FITC. The presence
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of polyelectrolyte layers is visualized through the binding of fluorescently labelled avidin to said
layers (Fig. 23A).

Both PSS (Fig. 23B) and PEI (Figs. 23C and 23D) were found to bind to the polyHEMA, as
observed by the presence of the droplet rim. PSS was found to bind more strongly to PEI than to
polyHEMA (Fig. 23D), which is as expected since the polyanionic PSS and the polycationic PEI
should experience strong electrostatic attractive forces to each other. Avidin-FITC was found to
bind more strongly to PSS than to PEI (compare Fig. 23B and 23C). Avidin was also found to
bind to the silica particles (small green dots on the bulk substrate seen in Figs. 23B and 23C). In
other studies, avidin has been shown to have a net positive charge at neutral pH and bind to
negatively charged surfaces®®. This is in agreement with the results observed here, since SiO;
particles and PSS are negatively charged.

A

Figure 24. Fluorescent image of PEI-PSS-Avidin-FITC deposition on polyHEMA/ETFE sandwiches. Scale bar 300
pum. (A) clamped polyHEMA ETFE imaged in ETFE plane (B) and in the polyHEMA plane. (C) well-bonded
polyHEMA/ETFE imaged in ETFE plane (D) and in the polyHEMA plane. Figure from '*.
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Conjugation of the composite hydrogel to the ETFE partition was confirmed by depositing PEI
onto the polyHEMA/ETFE sandwich, followed by PSS and fluorescently labelled avidin. Avidin
was located over the entire polyHEMA support for clamped polyHEMA and ETFE (Figs. 24A,
B), but localized only inside the apertures for the mold-cast polyHEMA-ETFE (Figs. 24C, D).
No avidin-FITC was found underneath the diamond structures of the ETFE in the mold-cast

samples, indicating that a tight bonding has been obtained here.

5.3. Membrane formation

Lipid membranes were established across the 8x8 aperture arrays in polyHEMA/ETFE
sandwiches. Free-standing lipid membranes suspended across aperture arrays in an unsupported
ETFE partition were prepared for comparison. Membranes were formed in the apertures by the
painting method. The bilayer forming solution consisted of a mixture of lipids (36 mol DPhPC: 9
mol DOTAP: 5 mol DSPE-PEG2000-biotin) in decane. The cationic lipid DOTAP was included
for two reasons. Firstly, because the membrane was intended as a receiving membrane for
vesicle fusion and we wanted to have positive charges in the receiving membranes and negative
charges in the vesicles to enhance vesicle-bilayer fusion (a strategy described in the background
section). Secondly, DOTAP has been shown to electrostatically “stitch” gel-state bilayers
together to form defect-free membranes of several square micrometers; therefore, DOTAP can
be seen as a bilayer-stabilizing agent’®*. PEG-conjugated lipids were included to provide a soft
cushion for the bilayers resting on top of the hydrogel surface. The biotin moiety at the end of
the PEG chain was included for tethering the lipid membrane to the underlying support via

biotin-avidin linkages.

Membranes were characterized by voltage clamp and fluorescence microscopy measurements.
The membrane conductance indicated that electrically tight membranes that covered all 64
apertures were formed in all cases (Fig. 28B). The array electric specific capacitance, Cy, for the
free-standing and the hydrogel-supported membranes are shown in Figure 25. A high Cp, value
indicates the presence of thin BLMs, with values of 0.3-0.4 pF/cm?® expected for thin decane-

containing free-standing bilayers™.
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Figure 25. Schematic representation of free-standing and supported BLMs made from DPhPC:DOTAP:DSPE-
PEG2000-biotin (36 mol:9 mol:5 mol) in decane painted across 8x8 aperture arrays in ETFE. (A) Free-standing
membranes (lipid headgroups are represented by red circles and lipid acyl chains by black lines) spanning an
aperture in an ETFE (black) scaffold showing PEG-biotin tethers (PEG is represented by wavy purple lines, biotin is
represented by blue circles) extending from the membrane. (B) Mean C,, vs time (n=9) for the membranes in (A).
(C) BLMs supported on a clamped polyHEMA/ETFE sandwich. PolyHEMA is represented by a grey block. (D)
Mean Cy, vs time (n=10) for the membranes in (C). (E) BLMs supported on mold-cast conjugated polyHEMAJ/ETFE
sandwich. (F) Mean C, vs time for the membranes in (E). Two trends were observed: (1) development of C, to a
mean value of 0.3 uF/cm? (red triangles, n=4); (2) development of C,, to a mean value of 0.6 uF/cm? (black triangles,
n=4). images in the left column were made by Erik Backstrém. Figure from 1%,
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Free-standing BLMs (Fig. 25A) appeared thick and did not thin automatically, as evidenced by a
stable, low membrane array specific capacitance not exceeding 0.06 puF/cm? (Fig. 25B) and by
the apertures being evenly filled with fluorescently labeled lipids (Fig. 26A). This is similar to
Cn values (up to 0.09 pF.cm®) obtained for PEG-DMA hydrogel-encapsulated BLMs.
Membranes supported on clamped polyHEMA/ETFE supports (Fig. 25C), did not decrease in
thickness as can be seen by the decrease in the specific capacitance (Fig. 25D) and decreased in
the mean membrane lifetime (Fig. 28A). We concluded that clamped polyHEMA supports do not
improve membrane characteristics, which may be due to mechanical stress on the membranes

induced by clamping.

In contrast, C,, values for membranes formed on mold-cast polyHEMA/ETFE (Fig. 25E)
indicated formation of thin, decane-containing lipid bilayer membranes directly upon formation.
Thereafter, the membranes either stabilized at a specific capacitance of 0.30 uF/cm2 or thinned

2 \were observed and

further to obtain average specific capacitance values of 0.6 pF/cm
occasionally up to 0.9 pF/cm? (Fig. 25F). In comparison, a specific capacitance of 0.78 pF/cm?
was reported for “solvent-free” membranes formed from squalene?®. The high C, values
obtained suggested that the membranes that were formed contained very little or no solvent.
Fluorescence images of the formed membranes (membrane formation was confirmed by
concomitant electrical voltage clamp measurements) showed negligible Plateau-Gibbs tori (Fig.
26B) and a reduced amount of lipid in the diamond-shaped areas between apertures, indicating
that excess decane solvent had been “squeezed out” during membrane self-assembly and
thinning. We found that the hydrogel facilitated self-thinning of the BLMs, without the need for
manual thinning, which may be due in part to the presence of silica particles. Silica is a
commonly used solid support for lipid membranes and the material is known to have sufficiently
strong interactions with lipid vesicles to facilitate spreading and rupture of the vesicles and self-
assembly into a lipid bilayer on the surface. Thus, it may be due to interactions with the silica

particles in the composite hydrogel that the lipid membranes thin to bilayers.

The minimum lifetime of the membranes until the first out of 64 membranes ruptures, is shown
in Figure 25. After 15 min, membrane rupture occurred in the free-standing, non-thinned

membranes and after 20 min for non-thinned membranes supported on clamped
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polyHEMAJ/ETFE. By comparison, the first membrane ruptured after 60 min in the mold-cast
hydrogel-supported membrane arrays. Thus, addition of the composite hydrogel support

significantly increased the time until first rupture.

A

Figure 26. (A) Fluorescent images of established unsupported free-standing membranes immediately after
formation. (B) Same for mold-cast polyHEMA/ETFEI-supported membrane arrays directly after formation. Scale
bars are 300 um. Figure from .

To further stabilize the lipid membranes, we deposited a single layer of PSS on the polyHEMA
and tethered the lipid membrane to this support using avidin-biotin linkages (Fig. 27A). Average
Cn values of 0.26 pF/cm? (Fig. 27B) were observed for membranes formed on these supports
directly after membrane formation, indicating that thin, decane-containing lipid bilayer
membranes were formed. These membranes also thinned automatically, albeit they were slightly
thicker than the membranes supported on mold-cast polyHEMA/ETFE. The mean lifetime of the
membranes was increased from 1.7 h for polyHEMA/ETFE supported membranes to 4.5 h for
polyHEMA-PSS-avidin supported membranes and the maximum lifetime from 2.8 h to 8.4 h
(Fig. 28A). We concluded that deposition of the membrane on PSS and tethering of the

membrane to the underlying support successfully improved membrane stability.

Increasing the thickness of the cushion by using nine polyelectrolyte layers (Fig. 27C) increased
membrane longevity further, to a mean membrane lifetime of 5.1 h and lifetimes up to 17 h (Fig.
28A\). The variability in lifetime also increased, showing that it is important to have control over
the polyelectrolyte deposition.
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Figure 27. Schematic representation of supported BLMs with the same composition as in Figure 25 painted across
8x8 aperture arrays in ETFE. (A) PolyHEMA-PSS-Avidin-supported membranes. The negatively-charged
polyelectrolyte PSS (yellow rectangle) lies on top of the polyHEMA (grey block). Avidin (green shape) lies on top
of the PSS. The biotin moieties on the PEG chains should tether the membrane to the avidin on the support. (B)
Mean C,, vs time (n=7) for the membranes in (A). (C) PolyHEMA-9xPE-avidin-supported membranes. Negatively-
charged PSS and positively charged PEI (purple rectangle) are deposited alternating layer-by-layer. (D) Mean C,, vs
time (n=5) for the membranes in (C). images in the left column were made by Erik Backstrém. Figure from 1%,
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Figure 28. Electrical characteristics of free-standing and supported BLM arrays consisting of 8x8 individual
membranes. (A) Lifetime and (B) average conductance (measured 10 min after membrane formation) of free-
standing BLMs (n = 9) and BLMs supported on clamped polyHEMA/ETFE (n=10), mold-cast polyHEMA/ETFE
(n=8), polyHEMA-PSS (n=7) and polyHEMA-9xPE (n=5). Figure from **.
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Figure 29. Membrane signals for high conductance membranes supported on polyHEMA-9XPE (black) obtained
when triangular and square input signals are applied. Membrane signals for membranes supported on polyHEMA
(blue) is shown for comparison. The lack of transient spikes in the lower blue signal is an artefact. The upper signals

are used to calculate membrane capacitance and the lower signals to calculate membrane conductance. Figure from
199

The mean specific capacitance of membranes formed on the polyelectrolyte multilayer support
was 0.62 pF/cm? (Fig. 27D), which indicates that thin membranes are formed on this support.
However, the membrane conductance was also increased, which could indicate the presence of
defects in the membrane and give rise to the high capacitance values observed. The shape of the

transmembrane signal (which is used to calculate the capacitance, see °%

) obtained when a
triangular waveform is applied can give an indication of the membrane quality, with square-like
signals corresponding to defect-free membranes and more triangular-like signals corresponding
to leaky membranes (a completely triangular signal would correspond to an ohmic resistor-like
membrane). The membrane capacitance signals for membranes supported on polyHEMA with
nine polyelectrolyte layers (polyHEMA-9XPE, Fig. 29 black) had a square-like shape, typical of
leak-free membranes. For comparison, | show the membrane capacitance signals for a
polyHEMA-supported membrane with a similar conductance which was observed directly before
membrane rupture. The membrane capacitance signal was more triangular (Fig. 29 blue) and
could be observed for less than 2 minutes. On the other hand, the signals shown for the
polyHEMA-9XPE were observed during the entire membrane lifetime. This suggests that the
increase in membrane conductance is due to a contribution from the polyelectrolyte multilayers,

and not due to the presence of defects in the formed BLMs.
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Some groups have used the nanoporous hydrogel support strategy for stabilization of single-
aperture membranes and shown that it improves membrane longevity. The support that was used
in these cases consisted of agarose slabs placed on one or both sides of the lipid membrane.
When comparing to these results, one should keep in mind that using single-aperture membranes,
per se increases membrane stability compared to using a membrane array. Beddow et al obtained
membrane lifetimes up to 24 hours in a 100-200 um aperture in poly(tetrafluoroethylene)
(PTFE)*. Maurer et al show lifetimes up to 48 hours in a 100-200 pm aperture in silicon
nitride'”®. Costello et al used 1-palmitoyl-2-stearoyl-sn-glycero-3-phosphocholine (PSPC) lipids
and obtained membranes with lifetimes of up to 20 days in single apertures (250-500 pm
diameter) in PTFE*. Here, we present a novel composite hydrogel support which facilitated
formation of thin BLMs in the ETFE aperture arrays. The membranes formed rapidly, thinned
automatically and were stable with lifetimes up to 3 hours. The lifetime could be increased to up
to 17 hours by building up a cytoskeleton-like support consisting of polyelectrolytes and
tethering the membrane to the underlying support using avidin-biotin linkages. In comparison,
encapsulating membranes in situ in PEG-DMA hydrogels gave lifetimes up to 219 hours, a 13-
fold improvement in lifetime. However, the PEG-DMA encapsulated membranes also had a
specific capacitance that was tenfold lower than the specific capacitance of membranes
supported on polyHEMA. Since the specific capacitance is inversely proportional to the
membrane thickness®®, this means that the membranes encapsulated by PEG-DMA hydrogel
were also approximately ten times thicker. Thinner membranes provide a larger area of lipid
bilayer, without solvent, which also favours higher transmembrane protein incorporation. These
results demonstrate the delicate balance when choosing membrane thickness, as thicker
membranes should be more stable, but thinner membranes should be able to incorporate more

protein.

5.4. Protein incorporation

We demonstrated the functionality of BLMs formed on mold-cast polyHEMA/ETFE supports by
showing functional incorporation of the polypeptide a-hemolysin (a-HL). a-HL was added to the
unsupported side of the BLMSs. In less than 1 min, o -HL heptamer channel formation in the

membrane was observed (Fig. 30).
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Figure 30. Current trace of a hydrogel-supported BLM indicating the formation of o -HL heptameric pores. A

stepwise increase in the current with a mean single channel current amplitude of 57 pA was obtained. Figure from
120

The specific capacitance values for the polyHEMA-supported membranes together with the
fluorescence microscope images of the membranes show that thin, almost “solventless”
membranes were obtained, and these should be favourable for protein incorporation. Delivery of
proteins by vesicle fusion should in principle be possible on the unsupported side of the BLMs,
because the membranes are accessible for vesicle fusion and stable sufficiently long (at least an

hour) for vesicle fusion to be carried out. This still needs to be investigated.
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6. Membranes on a nanoporous polymer support

6.1. Motivation for the nanoporous polymer support strategy

Membrane supports for separation applications such as water filtration need to be upscalable (to
square meter areas) and porous to be compatible with transmembrane flux. The commonly
favoured solid supports for lipid membranes (such as mica, silicon and gold) are not porous, and
making them porous would be laborous and costly and using square meter areas of these
substrates would not be cost-efficient. One of the reasons that mica, silicon and gold have for so
long dominated as supports for membranes is that they are very flat, which makes it easier to
form defect-free membranes. The need for large areas of supported biomimetic membrane has
led to the emergence of novel nanoporous supports. These are, however, often more corrugated
(than mica etc.), which creates a challenge with creating defect-free membranes. This field is still

very new and only few supports have been reported in the literature. These include agarose*® *"*

165-168

172 “agar*®, chitosan'®®, nanofiltration membranes®®, microfiltration membranes and silica

xerogel* 7,

In this chapter, | present a nanoporous substrate (developed by project partners at DTU Nanotech
and DTU Chemical Engineering) based on a diblock copolymer. We show that lipid membranes
can be created on this support (Fig. 1C) by the vesicle deposition method. The diblock
copolymer used was a 1,2-polybutadiene-b-polydimethylsiloxane (PB-PDMS, Fig. 31).
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Figure 31. Chemical structure of 1,2-polybutadiene-b-polydimethylsiloxane (PB-PDMS).

PB-PDMS is a versatile material, because many of its properties (such as porosity, geometry,
hydrophobicity and roughness) can be modified. PB-PDMS can self-organize into a variety of

nanoscale morphologies'’

(Fig. 32). By selecting the appropriate volume fraction of the PB
block (in this case 0.57°°) and heating the sample to an appropriate temperature (in this case 140

°C*%), a gyroid morphology*’” can be obtained, which is maintained after cross-linking. Cross-
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linking is initiated using the thermal initiator dicumyl peroxide®. The mechanical stability of the
substrate can be modulated by the degree of cross-linking (which can be tuned by controlling the
amount of cross-linker and the reaction time). There are also many possibilities for engineering
diblock copolymer substrates to achieve the desired combination of properties, by adjusting
parameters such as the block length, molecular weight, chemical composition,

hydrophilic/hydrophobic balance and molecular architecture®.
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Figure 32. Phase diagram showing the different morphologies obtainable by diblock copolymers depending on the
volume fraction of one block and temperature. Figure from .

Subsequently, the PDMS block can be etched away with hydrogen fluoride!”” or

tetrabutylammonium fluoride*’

to obtain a porous structure which makes the material
compatible with separation applications'’”. The permeability of the porous gyroid PB substrate is
determined by the pore size and the number of pores. The pore size can be controlled by the
length of the PDMS chain and the number of pores by the length of the PB chain®® ", The
hydrophobic, nanoporous PB substrate can be made hydrophilic (both on the surface and/or
within the pores) by photooxidation®’, making it suitable as a biomimetic membrane support.

The entire preparation procedure is shown schematically in Figure 33.

Advantages of PB-PDMS nanoporous substrates are their versatility, mechanical stability as well
as porosity which makes them compatible with flux applications. The substrate could in prinicple

be upscaled to square meters since it conforms into a gyroid morphology by self-assembly,
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Figure 33. Conceptual scheme showing processing of the PB-PDMS diblock copolymer to create a support suitable
for biomimetic membranes. (a) The diblock copolymer self-assembles and assumes a gyroid morphology and is
crosslinked to fixate the structure. The PDMS block is selectively etched away. A hydrophobic nanoporous substrate
is formed. (b) Controlled photofixation of oxygen onto the pore walls creates hydrophilic pores. Hydrophilic
patterns can be created by application of UV masks. Figure from *’.

making it easy to obtain a porous structure. Using a precast support for the biomimetic
membranes would, albeit making defect-free membrane formation dependent on the topography
of the support surface, in principle be compatible with delivery of transmembrane proteins to the

biomimetic membrane on the unsupported side of the membrane by vesicle fusion.

6.2. Characterization of the support

The support had average pore diameters of 14 nm®’ with a surface porosity of 0.54 (meaning that
54% of the surface area is pore area)®. Water fluxes up to 1.10° m.s.Pa™ could be obtained for
a 50 um thick polished slab of PB (Bolinger et al, unpublished data), which was sufficient for a
water filtration application. In comparison , the polyHEMA composite gel had fluxes up to 4.10°
2 m.s™.pa? for a 1 mm thick gel slab and the PEG-1000-DMA hydrogel had fluxes up to 39-10°

2 m.s™.Pa for a 1 mm thick gel slab.

The PB substrate was cured in a glass petri dish with one surface cured against air and one
surface cured against glass (Fig. 34A). Study of the air-cured surface with atomic force
microscopy showed that this surface was often covered with a “skin-layer”, which reduced the
porosity of the surface (Fig. 34B). The skin layer could be removed by gentle polishing,
exposing the gyroid pore morphology of the substrate (Fig. 34C), characterized by a “knitting-
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needle” pattern, similar to what has previously been observed with scanning electron microscopy
(Fig. 35)°°.
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Figure 34. AFM images of the PB substrate. (A) Schematic representation of the processing of the crosslinked,
nanoporous PB substrate. The PB substrate is cured in a glass petri dish with one surface cured against air and one
surface cured against glass. The surface cured against air is polished as described in . Both the air-cured and the
glass-cured surfaces are subsequently photo-oxidized to make them hydrophilic. AFM topographic images are
obtained in tapping mode. AFM images are 1 pm x 1 pm. Height scales are the same in all images, colouring as
indicated by the scale bar. Samples shown are (B) PB air side, (C) PB air side polished, (D) PB air side polished and
UV-treated, (E) PB glass side, (F) PB glass side UV-treated, (G) Silicon dioxide surface used as a reference. Figure

from 2%,
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Figure 35. Scanning electron microscopy (SEM) image of ”knitting needle” pattern observed for gyroid

morphology of an etched PB-PDMS sample The bright phase corresponds to PB and the dark phase corresponds to

the pores (where PDMS was etched away). Figure from *.

The glass-cured PB surface was less corrugated than the air-cured surface (Fig. 34E). The
topographic image of this surface shows that it is porous, but does not have the same clear
gyroidal pore morphology as the air-cured surface. Also, the “skin layer” is absent on the glass-
cured side. Photo-oxidation of the surfaces changed the surface chemistry without changing the
surface topology (Figs. 34D and F). A silicon dioxide wafer surface was used as a reference

surface. It had a surface roughness (Fig. 34G) similar to that of the glass-cured PB surface.

Force-distance measurements of the polybutadiene and silicon dioxide surfaces were carried out
with an AFM tip coated with hexanedecanethiols, which rendered the tip hydrophobic. The
adhesion energy of the probe to the substrate in MilliQ water was used to quantify substrate
hydrophilicity relative to another substrate (table 3). A low adhesion energy indicates a more
hydrophilic support surface compared to one with a high adhesion energy. We found that the
silica surface had a similar hydrophilicity to the photo-oxidized glass-cured PB surface. Both
surfaces are expected to be negatively charged at physiological pH (as photo-oxidation of PB
adds hydroxyl groups to the substrate surface), but a comparison of the surface chemistry has not
yet been carried out. We regarded the two surfaces as similar in this study. Photo-oxidation
drastically reduced the adhesion energy of both the glass-cured and air-cured sides of the PB,
showing that the substrate has been made hydrophilic. The adhesion energy of the UV-treated
air-cured side was approximately 10 times higher than that of the UV-treated glass-cured side,
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indicating that the air-cured side was more hydrophobic. This could be due to reduced access of

UV-light to the substrate during photo-oxidation, because of the increased surface roughness.

Table 3. Adhesion strength of the PB and silica surfaces obtained from force-distance measurements using a
biolever coated with a monolayer of hexadecanethiols. n indicates number of force-distance curves used for the
statistics. For the unpolished PB air surface, the skin layer interferes with the probing, causing problems with

adhesion calculations. Table from 2%,

Surface n Adhesion energy (aJ)
PB air side As is 400 N/A

Polished 400 770+1100

UV —treated 400 49+190

PB glass side As is 100 38+ 27
UV-treated 2500 3.7+17
Si As is 100 4.7£10

6.3. Membrane formation

Membranes were created by vesicle deposition on the silicon dioxide surface and the air-cured
and glass-cured hydrophilic polybutadiene surfaces (Fig. 36). The vesicles consisted of mainly
DOPC lipids, with a small molar fraction of DOPE lipids conjugated with poly(ethylene glycol)
(My= 2000 g/mol) chains. The PEG chains were included in order to provide a cushioning
polymer layer on the substrate for the lipid membranes.
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Figure 36. Lipid membranes were formed by vesicle (green circles filled with blue) deposition on the silicon
dioxide surface and the UV-treated PB surfaces (both air-cured and glass-cured sides). Vesicle deposition was
monitored by QCM-D on silicon dioxide surfaces and by AFM on PB surfaces.

The compositions of the vesicles used for deposition on the surfaces were chosen such that the
fractions of PEG2000 represented two different conformation-regimes. Vesicles containing only

2 mol% PEG2000 would have the PEG-chains in the more collapsed “mushroom-regime”, while
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vesicles containing 5 mol% PEG2000 would be in the transition region between having the PEG
chains in the “mushroom-regime” or in a more elongated “brush-regime”?®. Large unilamellar
vesicles were prepared by film rehydration followed by extrusion through a 200 nm
polycarbonate filter. Vesicles with a hydrodynamic diameter of 130-140 nm (table 4) were

obtained.

Table 4. Vesicle hydrodynamic diameter obtained by DLS. All vesicle solutions are extruded 21 times through a
200 nm polycarbonate filter (n=3). Table from 2.

Vesicle composition (mol%) dy (hm) PDI
DOPC DOPE-PEG2000

95 5 133+1  0.125
98 2 142+2  0.095

The two types of PEG-containing vesicles were deposited on silica and the deposition monitored
by quartz crystal microbalance with dissipation monitoring (QCM-D) in order to verify the
vesicles’ ability to form self-assembled lipid bilayers. The rationale was that if the vesicles could
not rupture on silica, then they would not be likely to do so on polybutadiene either. The QCM-D
experiments were also used to identify what vesicle concentration and deposition time were
necessary for lipid bilayer formation on silicon dioxide and to thus identify a starting point for
the experimental conditions necessary for deposition of vesicles on polybutadiene.
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Figure 37. Vesicle deposition kinetics on silica obtained by QCM-D. Kinetics of DOPC:DOPE-PEG2000 (98 mol:
2mol) vesicles with concentrations of 0.1 mg/ml (black/grey), 0.5 mg/ml (red/mauve) and 5 mg/ml (blue/royal blue).
Figure from %%,
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We found that the vesicle deposition Kinetics increase with vesicle concentration (Fig. 37), but
reach a similar equilibrium, which is what we expected. We observed lipid bilayer formation on
silicon dioxide within 5 minutes of vesicle addition for 0.1 mg/ml DOPC:DOPE-PEG2000
(98:2) vesicles and within 10 seconds for 5 mg/ml. From this, we assumed that when using 8
mg/ml of vesicles, a 5 minute adsorption time on polybutadiene would be sufficient for the
system to reach equilibrium. To be on the safe side, we allowed the vesicles to adsorb for up to 1
hour. Similar kinetics as for DOPC:DOPE-PEG2000 (98:2) on silica were also observed for
vesicles containing 5 mol% PEG2000, but these had a pronounced crystal dependency with 2 out

of 6 experiments showing no vesicle rupture.

The changes in frequency and dissipation (from vesicle injection to stabilization of the
deposition Kinetics, table 5) obtained for 2 mol% PEG2000 vesicles and 5 mol% PEG2000
vesicles are similar to values reported for PEG-conjugated supported POPC lipid bilayers®®.
Also, the deposition kinetics (with first a decrease in f and an increase in D upon vesicle
injection, followed by an increase in f and a complementary decrease in D) indicate that vesicles
adsorb until a critical surface coverage is reached, whereupon the vesicles start to rupture on the
surface, releasing water and self-assembling into a lipid bilayer. This is typical adsorption
behaviour on silicon dioxide for vesicles made of lipids with PC headgroups®. The QCM-D data
also shows that a high bilayer area can be obtained on silicon dioxide using these vesicles. The
modelled layer thickness obtained is close to theoretical values predicted by deGennes theory for
PEG2000-supported lipid bilayers as reported by 2°°. From the QCM-D results, we concluded

that both vesicle systems could form lipid bilayers on silicon dioxide.

Table 5. Change in dissipation and change in frequency obtained for adsorbed vesicles on silicon dioxide obtained
with QCM-D (n=6 for 2 mol% PEG2000, n=4 for 5 mol% PEG2000). The frequency and dissipation data were used
to model the thickness of the adsorbed layer (with the inbuilt Voigt model in the Q-tools software and modelling a
single adsorbed layer) and to calculate the bilayer area. The bilayer area was calculated as described in *. How the
thickness and bilayer area are obtained is described in Appendix I11. Table from %%,

Vesicle composition (mol%)  Af (Hz) AD (10°)  t(nm)  Bilayer area (%)
DOPC DOPE-PEG2000

98 2 -35.60+2.39 1.06+0.06 7.7£0.3 94.4+0.3

95 5 -42.48+2.49 0.72+0.29 8.6+0.3 96.4+1.5
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The lipid vesicles were then deposited on hydrophilic, nanoporous glass-cured and air-cured
polybutadiene substrates and membrane formation was monitored by force-distance
measurements with an AFM. Force curves on both glass-cured and air-cured PB surfaces showed
characteristic features of SLB formation, so-called “jump-in” events®® 2%, The “jump-in” events
are visible as abrupt changes in the distance of the AFM tip at constant force (Fig. 38) and occur
when the AFM tip penetrates through the lipid bilayer. This makes it easy to identify where the
lipid bilayer begins and ends. The force-distance curves could also be used to obtain the
thickness of the PEG chains attached to the lower and upper lipid bilayer leaflet. The
breakthrough force (Fig. 38) was used to assess the stability of the outer PEG-layer, where a
higher breakthrough force corresponds to a more stable and less compressible layer. The
breakthrough force was found to be higher for supported lipid membranes formed from 5 mol%
PEG2000 vesicles than those with 2 mol% PEG2000. This could indicate that an increase in the
concentration of PEGylated lipids in the vesicles improves the mechanical stability of the lipid
bilayers, as has been found in previous studies?®®. For more on the calculation of the PEG
thickness and the breakthrough force, see appendix Ill. I will not go into detail on this, as the
thickness calculations were carried out by Christian Rein.
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Figure 38. Force-distance curve for a deposited layer of DOPC:DOPE-PEG2000 (98 mol:2 mol) vesicles on the
glass-cured side of PB, showing the distinctive ”jump-in” event corresponding to the presence of a lipid bilayer.
Figure from %%,
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Thus, from the presence of characteristic “jump-in” events in the force-distance curves, we found
that lipid bilayers could be formed on both the air-cured and the glass-cured hydrophilic PB
surfaces. Next we addressed whether large areas of defect-free membranes were formed on these
surfaces. As the glass-cured surface was found to be smoother than the air-cured surface, it
should be easier to form defect-free membranes on it. For this reason, we investigated the surface
coverage of lipid membranes on the glass-cured hydrophilic PB surface, calculated as the
number of “jump-in” events over the total number of pixels. We found that the surface coverage
of both DOPC:DOPE-PEG2000 (98 mol:2 mol) and DOPC:DOPE-PEG2000 (95 mol:5 mol)
lipid bilayers on the glass-cured hydrophilic polybutadiene surface was below 50% of the
substrate area (table 6), which is much lower than the coverage shown on silicon dioxide by
QCM-D (table 5).

Table 6: SLB coverage on the glass-cured hydrophilic Pb surfaces measured by AFM. Table from 2,

Surface Coverage (%)
2mol% Pb (n=1) 28
5mol% Pb (n=1) 46

The lower surface coverage could be due to a difference in surface chemistry between the silicon
dioxide and polybutadiene, as it has been previously shown that the support surface chemistry
can play a large role in supported lipid bilayer (SLB) formation'®. The difference in coverage
may also arise due to differences between the two measuring techniques: whereas QCM-D
provides information on global characterization of vesicle deposition, AFM allows
characterization of the local organization of the SLB. It has been shown in the literature that
preparation of the surface and the vesicle solutions could have a large influence on the process of
vesicle deposition, affecting both the tendency to form SLBs and the quality of the formed
bilayers®. In future work, the protocol for vesicle deposition on PB needs to be rigorously

examined in order to improve the SLB coverage.
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7. Hybrid lipid-polymer membranes on a solid support

7.1. Motivation for using a mixture of lipids and triblock copolymers for
biomimetic membranes

Recent developments in block-copolymer research have led to use of triblock copolymers as
replacements for lipids in biomimetic membranes. While lipids have the advantage of being
better understood and of being similar to the native environment for membrane proteins,
copolymer membranes also have some advantages. The versatility of polymer chemistry allows
modification to block length, molecular weight, chemical composition, hydrophilic/hydrophobic
balance and molecular architecture®®. Changing these parameters allows control of membrane

morphology, molecular packing, membrane stability, fluidity, thickness and permeability.

Also, some block copolymers have been shown to have greater temporal and mechanical stability
than lipids“*® *’. Their stability is accredited to that they have a higher thickness than lipids*® .
The higher thickness of block copolymers may present issues with lower protein incorporation,
due to a mismatch between the hydrophobic block of the polymer and the hydrophobic band of
the membrane protein®’. A promising biomimetic membrane consists of a triblock hydrophilic-
hydrophobic-hydrophilic ~ copolymer PMOXA-PDMS-PMOXA  (Fig. 5I). Functional
incorporation of a variety of transmembrane proteins in PMOXA-PDMS-PMOXA triblock
copolymers has been demonstrated*® 4% 62 89 9. 105, 106, 108-111, 127 qagpite the hydrophobic
mismatch. An explanation put forward for why these proteins are still functional within the
polymeric membrane is that the flexibility of the hydrophobic block as well as its polydispersity
give rise to regions with a matching hydrophobic thickness in the vicinity of the protein®. By
making biomimetic membranes containing both lipids and triblock copolymers, we believe that
the membrane can gain improved stability from the block copolymers and provide a better

environment for protein incorporation due to the presence of lipids.

We wanted to make planar membranes from the PMOXA-PDMS-PMOXA triblock copolymers,
similar to the systems presented in the previous chapters. We decided to form by membranes by
vesicle deposition because it presents the fewest obstacles for incorporation of membrane

proteins. Painted polymer membranes have been formed across aperture arrays using a similar
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polymer with shorter PMOXA and PDMS blocks®!. Very recently, mica-supported membranes
have also been formed using tubular polymersomes®”’. However, these membranes are reported
to have a low thickness (1.6 nm), much lower than the thickness expected for lipid bilayers (3-5
nm)*, which should make these systems incompatible with incorporation of most
transmembrane proteins. The triblock copolymers used by us had two times longer block lengths
(PMOXA15-PDMS;1p-PMOXA; 5 vs PMOXA7-PDMSg-PMOXA7), and vesicles formed from
this polymer had a high rupture strength, which presented some difficulty for forming
membranes by the vesicle deposition method. Using mixed lipid-copolymer vesicles facilitated

formation of a planar membrane.

Mixed lipid-polymer membranes were formed on quartz and mica supports (Fig. 1D). |
synthesized vesicles with different ratios of PMOXA;5-PDMS;110-PMOXA5 triblock copolymer
(Fig. 5I) to zwitterionic (POPC, Fig. 39A) or cationic (DOTAP, Fig. 39B) lipids and investigated

the deposition and rupture of these vesicles on the solid supports.
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Figure 39. Chemical structures of (A) 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC) and (B) 1,2-

dioleoyl-3-trimethylammonium-propane (DOTAP). Figure from 2%,

7.2. Characterization of mixed vesicles

Vesicles formed from mixtures of lipid and triblock copolymer were visually inspected by
transmission electron microscopy (TEM), and their size, charge and water permeability were
characterized. | will hereafter refer to the PMOXA-PDMS-PMOXA triblock copolymer studied
as ABA. Vesicles with the following compositions were prepared by the film hydration method:
POPC, 89 mol% POPC: 11 mol% ABA, 67 mol% POPC:33 mol% ABA, 33 mol% POPC:67
mol% ABA, DOTAP, 89 mol% DOTAP:11 mol% ABA, 67 mol% DOTAP:33 mol% ABA, 33
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mol% DOTAP:67 mol% ABA and ABA. Large unilamellar vesicles with hydrodynamic
diameters ranging from 105 to 217 nm were obtained by extrusion as observed by dynamic light
scattering (DLS). Electrophoretic light scattering (ELS) measurements showed that the
zetapotential of DOTAP was screened in the presence of ABA, which means that the ABA and
DOTAP molecules must reside within the same vesicle, indicating that hybrid lipid-polymer

vesicles were formed.
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Figure 40. TEM images of lipid vesicles, polymer vesicles and mixed lipid/ABA vesicles stained with 1% uranyl
acetate. (A) POPC, (B) DOTAP, (C) 89 mol% POPC:11 mol% ABA, (D) 89 mol% DOTAP:11mol% ABA, (E) 67
mol% POPC:33 mol% ABA, (F) 67 mol% DOTAP:33 mol% ABA, (G) 33 mol% POPC:67 mol% ABA, (H) 33
mol% DOTAP:67 mol% ABA and (I) ABA. Figure from **.

The vesicles were deposited on holey hydrophilic carbon grids, dyed with uranyl acetate and
viewed by TEM. POPC (Fig. 40A) liposomes did not resist dehydration in TEM, leading to
collapsed structures in vacuum. DOTAP (Fig. 40B) liposomes were difficult to find on the grid
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and the ones that we found appeared to have fused. ABA vesicles (Fig. 401) formed spherical
particles which did not shrivel. 89 mol% DOTAP:11 mol% ABA (Fig. 40D), had some fused
structures and some spherical particles. All other ABA/lipid mixtures looked like spheres that
were similar to the spheres observed for ABA and did not give rise to two distinct populations of
vesicles (Figs. 40C, 40E-H). TEM, DLS and ELS results consistently showed that hybrid

vesicles were formed when using a mixture of ABA and lipids.

The TEM images also show that the ABA-containing vesicles (which maintain their spherical
shape) are more robust than lipid vesicles, which shrivel in vacuum. Suprisingly, as little as 11%

ABA was sufficient to prevent POPC-containing vesicles from shriveling.

Since the ABA block copolymer has a larger hydrophobic thickness than a lipid bilayer, we
wanted to see how the presence of a hydrophobically thicker ABA affected the water
permeability of the vesicular membrane and whether the mixed vesicles could withstand osmotic
pressure (we applied 23 bars) better than lipid vesicles. We investigated the vesicles’ water
permeability, P, with stopped flow measurements and found that mixed vesicles are more
impermeable to water than pure lipid vesicles (table 7). The decrease in water permeability with
an increased ABA content suggests that the vesicular membrane becomes thicker, which may be
due to a progressive change from partial ABA insertion into the membrane to ABA fully
spanning the membrane. Increasing polymer content provides the mixed vesicles with an
impassive barrier and the ability to withstand higher osmotic pressure, which is an attractive

property for a selective separation device, such as a water filtration membrane.

Table 7. Water permeability of mixed lipid/polymer vesicles. Table from 2%

Lipid polymer ratio (mol%)

POPC DOTAP ABA ' (HMA)
100 - T 226+13
89 - 11 75406

- 100 . 132401
- 89 11 95+05
- - 100 0.8%
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7.3. Vesicle deposition on silicon dioxide

The deposition and rupture of the mixed vesicles on a silicon dioxide support was studied by
QCM-D. We found that we could obtain three scenarios depending on the type and amount of
lipid added (Fig. 41). In scenario |, vesicles adsorbed to the quartz substrate and ruptured to form
a planar biomimetic membrane. In scenario Il vesicles adsorbed until the quartz surface was
saturated, but did not rupture even upon addition of the fusogen calcium and finally in scenario
I11, vesicles adsorbed until the quartz surface was saturated with vesicles and could be made to

rupture by adding calcium.

Vesicle compositions that were found to follow scenario | were pure lipid vesicles (POPC and
DOTAP) and mixed DOTAP:ABA vesicles consisting of predominantly DOTAP (89 mol%
DOTAP:11 mol% ABA and 67 mol% DOTAP:33 mol% ABA). Scenario Il was observed for
pure polymer vesicles and mixed lipid:ABA vesicles consisting of predominantly ABA (33
mol% DOTAP:67 mol% ABA and 33 mol% POPC:67 mol% ABA). Vesicle compositions that
were found to follow scenario 111 were mixed POPC:ABA vesicles consisting of predominantly
POPC (89 mol% POPC:11 mol% ABA and 67 mol% POPC:33 mol% ABA).

Ca?*

Figure 41. The type of supported membrane formed can be decided by varying the type and concentration of lipid in
the membrane. (1) Planar membrane, (1) vesicular membrane and (I111) vesicular membrane which can be triggered
to form a planar membrane by addition of calcium. Figure from *%°.

A progressive change in adsorption properties observed by QCM-D as the molar ratio of lipid in
the vesicles is decreased indicates that mixing of lipid and polymer takes place and that different
ratios of lipid to polymer can be obtained in the vesicles. Our results show that adding as little as
33 mol% lipid helps vesicles to adsorb onto the silica surface. We found that increasing the lipid
content leads to progressively increased flattening of the mixed vesicles on the silica surface

until the vesicles reach a transition from scenario Il rupture behavior to scenario | where they

84



spontaneously rupture (for DOTAP-containing vesicles) or scenario Il where they can be
induced to rupture by adding calcium (for POPC-containing vesicles). Another way to say this is
that a decrease in polymer content leads to increased vesicle flattening on the silica surface,
which shows that the polymer makes the vesicles more stable from rupture. The lipid headgroup
charge affected the stability and deposition behavior of the mixed vesicles. Both zwitterionic and
cationic lipids were able to make mixed vesicles with ABA and both experienced stabilization by
ABA. However, TEM and QCM-D results showed that ABA stabilizes POPC-containing
vesicles better than it stabilizes DOTAP-containing vesicles. Another difference between using
DOTAP or POPC was that calcium had no effect on DOTAP-containing vesicles, but helped to
rupture POPC-containing vesicles, which is consistent with results reported by Richter et al for
DOTAP and POPC vesicles'® ®,

7.4. Vesicle deposition on mica

We also looked at deposition of some of the vesicles on a molecularly flat mica support using
AFM. We found that ABA vesicles adsorb as vesicles on mica (Fig. 42A), just as on silica.
POPC vesicles ruptured on mica to make bilayer patches (Fig. 42B) with a thickness of around 4
nm. 89 mol% POPC:11 mol% ABA vesicles ruptured (Fig. 42C) to make bilayer patches with
thicknesses of 5-10 nm. 67 mol% POPC:33 mol% ABA vesicles do not rupture on mica (Fig.
42D), as vesicles are observed with a thicknesses of 40 nm and higher. As on quartz, we found
that an increased lipid content in the mixed vesicles resulted in decreased mechanical stability of
the vesicles. We found that 89 mol% POPC:11 mol% ABA vesicles ruptured on mica, but not on
quartz, which we attribute to stronger interactions of the mica support (than of the silicon dioxide
support) with the vesicles. Both mica and silica are hydrophilic, but supported bilayer formation
on the two surfaces has been reported to differ'®, which could be due to a difference in surface

charge’’.
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Figure 42. AFM images of ABA vesicles and POPC-containing vesicles on mica obtained in tapping mode in air.
Each image shows an area of 5 um x 5 um. A height profile corresponding to the blue line is shown for each
topographic image. (A) ABA, (B) POPC, (C) 89 mol% POPC:11 mol% ABA and (D) 67 mol% POPC:33 mol%
ABA. Figure from %®°,
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7.5. Mechanism of increased stability

The polymer may increase stability through several possible mechanisms. First, the polymer may
physically shield the POPC lipids due to the large headgroup size of the PMOXA. This would
result in steric repulsion between vesicles. Second, in mixed DOTAP/ABA vesicles, the polymer
screens the positive charge of the DOTAP. This reduces the electrostatic attraction of DOTAP to
the quartz and mica surfaces, reducing vesicle-surface interactions and thereby increasing vesicle
stability. Third, addition of the polymer increases the hydrophobic thickness of the membrane.
ABA has a hydrophobic thickness of 10 nm®, whereas a lipid membrane has a hydrophobic
thickness of 3 nm®. The increased membrane thickness should also increase vesicle stability.
Fourth, the ABA polymer consists of one piece which may span the entire membrane, whereas
two lipids make up a bilayer and they are not covalently joined. This should make the membrane
more rigid and provide it with stability from mechanical stress as has been shown for bolalipids
72210 | astly, block copolymers can be stretched®’, whereas lipid membranes cannot be stretched
beyond 5% of their original area without rupture under osmotic or other stresses?''. The
deposition and rupture properties demonstrated likely reflect contributions from multiple

mechanisms.
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8. Conclusions and perspectives

This PhD-project was a part of the project “Industrial biomimetic water membranes” devoted to
the development of a new membrane filter technology for the production of ultrapure water. The
technology copies nature’s own way of water filtration where specific water channels —
aquaporins — in living cells filter and transport water. The central aim of my PhD project was to
stabilize the biomimetic membrane arrays used in the water filtration devices. Several strategies
for stabilizing and supporting planar biomimetic membranes are addressed in this thesis and the

main findings are summarized below.

8.1. Encapsulation of membranes with hydrogel

Hydrogels show promise as materials for encapsulating biomimetic membranes, because they
have volumetric stability and compatibility with solvents used for bilayer formation. Their nano-
scale pore sizes, ion flux and water flux properties make them promising in biomimetic devices,
where they can support the biomimetic membranes, while allowing vectorial flux of matter to
and through the biomimetic membrane. We have demonstrated that multi-aperture arrays of lipid
membranes can be successfully encapsulated with hydrogel in situ. Encapsulation of lipid
membranes spanning an 8x8 aperture array with an area of 4.5 mm? gave rise to leak-free
membranes for up to 1.5 days. Further improvement in longevity (leak-free membranes observed
for up to 9 days) was achieved by covalently attaching the lipid membranes to the encapsulating
gels. It is possible to create a robust biomimetic membrane in which proteins can be
reconstituted. We showed that the protein was still functional in the membrane 5 days after

protein insertion.

However, the main challenge still remains: how to improve the stability of the membranes in the
hydrogel precursor solution before crosslinking and to ensure that protein function is not
compromised by maneuvers used to crosslink the hydrogels. Preliminary experiments show that
both thinner and more stable BLMs could be obtained in PEG-1000-DMA hydrogel precursor
solution using vertically oriented membranes. Tight BLMs were observed by voltage clamp
measurements for 20 hours (Fig. 43). Another path to pursue to improve longevity of BLMs in

hydrogel precursor solutions could be to combine the hydrogel-encapsulation strategy with
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another stabilization strategy. For example, BLMs could be created on a nanoporous support in
the presence of hydrogel precursor solution. Another envisioned approach is that black triblock
copolymer membranes (which show improved stability over lipid membranes) could be used

instead of lipid membranes and encapsulated with hydrogel.
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Figure 43. Temporal electrical characteristics of DPhPC made across 8x8 (300 um diameter) apertures in ETFE by
a modified folding method, the auto-painting method®’, where the BLMs span the apertures vertically. The aqueous
buffer consists of UV-crosslinkable PEG-1000-DMA hydrogel precursor solution. No crosslinking was carried out.
Capacitance is shown by black squares and conductance by red circles. Figure from lbragimova, unpublished

results.

8.2. Membranes on a nanoporous hydrogel support

The second stabilization strategy was to prepare lipid membranes on a precast hydrogel support.
We present a water-permeable, nanoporous, hydrophilic and relatively smooth composite
hydrogel support consisting of polyHEMA, PEG-DMA, and silica beads. This composite
hydrogel can be conjugated to an ETFE partition and used as a support for lipid membranes
formed across an array of apertures in the partition. We have demonstrated that multi-aperture
arrays of thin lipid membranes can easily be formed on the support and that it is possible to
create a robust biomimetic membrane (with lifetimes up to almost 3 hours) in which proteins can
be reconstituted. Furthermore, the hydrogel support significantly facilitates the formation of thin
BLMs in the aperture arrays without the need for manual thinning that is typically necessary to
form thin membranes. By depositing a polyelectrolyte cushion support on the polyHEMA gel
and tethering the lipid membranes to the support via avidin-polymer linkages, we were able to

improve the membrane longevity further, attaining lifetimes up to 17 hours. With this approach,
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rapid fabrication of large arrays of BLMs that allow large flux across the supported membranes

should be feasible.

Future work should look into the fluidity of the formed membranes on the polyHEMA support as
well as the membranes on polyelectrolyte-polyHEMA supports using fluorescence recovery after
photobleaching measurements. BLMs on the polyelectrolyte support should also be visualized by
fluorescence microscopy to investigate whether the solvent is similarly expelled as on the
polyHEMA support. Transmembrane protein delivery and incorporation by the vesicle fusion
should be demonstrated for the polyHEMA system and demonstrated by any protein delivery
method on the polyelectrolyte system. Furthermore, a systematic study is required to investigate
what number of polyelectrolyte layers is optimal for use in this system for supporting

membranes.

The longevity of lipid membranes obtained on the nanoporous support could perhaps be
improved by in situ encapsulation of the BLMs with PEG-DMA hydrogel after formation on the
support. | carried out a preliminary voltage-clamp experiment on the same lipid membrane
composition as used on the polyHEMA support. | formed the BLM array on a mold-cast
polyHEMA/ETFE-PSS-Avidin support and encapsulated the membrane in PEG-DMA gel after
formation (Fig. 44). The result was promising, with electrically tight, thin membranes with a

lifetime of 6.7 hours obtained on the first attempt.
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Figure 44. Electrical characteristics of polyHEMA-PSS-Avidin supported BLMs formed across an 8x8 aperture
array in ETFE and encapsulated with X1000P hydrogel on the other side. Capacitance is shown in black and
conductance in red. Figure from Ibragimova, unpublished results.
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8.3. Membranes on a nanoporous polymer support

The third stabilization strategy was to prepare lipid membranes on a precast polymeric support.
Novel supports for lipid membranes are emerging due to a need for cheap, porous materials for
applications that require large areas of lipid membranes. Here, we present lipid membrane
formation on a versatile diblock copolymer material developed at DTU Nanotech® °" 7. The
support is prepared from PB-PDMS and can be made nanoporous and water-permeable by
etching away the PDMS block, making it compatible with a water filtration device due to the
large water flux that can be achieved. There are many possibilies for tailoring the substrate, for
example to alter its morphology, porosity, surface roughness and hydrophilicity. The support can
be made hydrophilic and relatively smooth, which should make it compatible with formation of
biomimetic lipid membranes. We demonstrated that it is possible to create lipid membranes on
the PB support and to detect the presence of a lipid bilayer by “jump-in” events in force-distance
AFM measurements. However, we also found that the membrane coverage on PB was low, as

indicated by AFM measurements.

Future work should further address membrane coverage and optimize the vesicle deposition
protocol to obtain leak-free lipid membranes that completely cover the surface. AFM may not be
the optimal method for characterizing membrane coverage. | suggest a voltage-clamp set-up
where the polybutadiene is glued underneath an aperture or aperture array in an ETFE partition
and membranes are formed on the PB support by vesicle deposition (Fig. 45) or by the painting
method. Monitoring of the membrane conductance will indicate whether tight, leak-free

membranes are formed.

L
? » | ‘o ® I
Figure 45. The hydrophilic PB substrate (blue) could be glued (yellow) under an ETFE partition aperture (grey) and

lipid membranes formed on the substrate by vesicle deposition (green circles filled with blue) or painting. Leak-free
membrane formation can be confirmed by voltage clamp measurements.
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Furthermore, the PB support could be integrated with an ETFE partition (with an aperture array),
similarly to the work shown with polyHEMA. The polybutadiene support could be placed close
to the ETFE already during the crosslinking in the oven, allowing it to attain close proximity to
the ETFE, by using it as a ”mold” against which the PB is cured. Also, polybutadiene contains
double bonds, which could be used to conjugate the PB support to an ETFE partition surface-
modified with an appropriate chemical moiety. | believe that delimiting a large surface area by
dividing it up using an aperture array could be advantageous for membrane stability and
formation of leak-free membranes. The ETFE partitions with aperture arrays used in this thesis,
had diamond-shaped hollows between the apetures, which could act as solvent-lipid reservoirs
(as can be seen in Fig. 26A). By painting the lipid membranes instead of forming membranes by
vesicle deposition, one can obtain stabilizing solvent reservoirs between the apertures, which are
believed to improve self-healing of the membrane. Longevity of membranes on polybutadiene
supports remains to be addressed. Furthermore, transmembrane protein incorporation and
functionality on the PB support need to be demonstrated. If membranes are formed by the vesicle
deposition method, proteins could be inserted directly into the vesicles. If the painting strategy is
pursued, proteins could be incorporated using the methods described in Figure 11.

8.4. Hybrid lipid-polymer membranes on a solid support

The fourth stabilization strategy entailed “doping” biomimetic lipid bilayer membranes with
lipid bilayer-like triblock copolymers. Block copolymers have shown improvements in terms of
mechanical and temporal stability compared to lipids* " ®*. Triblock copolymers have emerged
fairly recently as biomimetic membrane components and only a handful of articles shows
successful formation of solid-supported triblock copolymer membranes. For a review, see
Belegrinou et al'®. This work demonstrates preparation of a solid-supported membrane
composed of a mixture of lipids and triblock copolymers. Biomimetic membranes on solid
negatively-charged silicon dioxide and mica supports were prepared by vesicle deposition. We
produced hybrid vesicles composed of both triblock polymer and zwitterionic or cationic lipids.
These vesicles could tether well to negatively charged silicon dioxide and mica surfaces. The
vesicles gained stability properties from the polymer and adhesion properties from the lipid. The

mixed lipid-polymer vesicles show promise for formation of robust membranes and can be
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designed either for tethering of vesicles or formation of planar, solid-supported membranes by

varying the lipid content of the vesicles.

In future work, it would to be interesting to address whether PMOXA-PDMS-PMOXA and
POPC and DOTAP lipids mix homogeneously or separate to make patches (Fig. 46), whether
ABA spans the membrane fully or only inserts partially (Fig. 46) and what effect the polymer to
lipid ratio has on this. Polymer:lipid mixing could be addressed by differential scanning

calorimetry, as shown by Ruysschaert et al*.

Homogeneous distribution Aggregated distribution

Lipid:ABA

Figure 46. Hypothetic structures of hybrid membranes composed of ABA triblock copolymers and POPC or
DOTAP lipids. Lipids might either disperse evenly into the ABA membrane in a homogenous distribution or
segregate into domains leading to an aggregated distribution. ABA triblock copolymers might fully span the lipid
bilayer or partially insert the PDMS unit into the acyl chain portion of the lipid bilayer and form a “U”-shape. Figure
from *%°.

To make these membranes compatible with a water purification device, the next step would be to
demonstrate their deposition on a porous support and address whether defect-free membranes are
formed on this support. The subsequent step would be to demonstrate incorporation of functional
tansmembrane proteins. In principle, these systems should be well-suited for incorporation of
functional transmembrane proteins as lipids provide the thickness of biological membranes and
the triblock copolymers provide a spacer that prevents the protein from colliding with the support
surface and being immobilized or denatured. It would also be interesting to quantify and
compare how much transmembrane protein can be incorporated into pure ABA membranes and
hybrid ABA/lipid membranes.
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8.5. What is meant by membrane stability?

Challenges with poor membrane stability still need to be met in order to create commercially
viable biomimetic membrane-based technologies. Surprisingly, there is no consensus on a
standard way to characterize and quantify biomimetic membrane stability in order to compare

the different comformations of membrane.

Among stability parameters that are mentioned for solid-supported membranes are delamination

113, 212

of the membrane or the ability to withstand drying (such as being transferred from water to

212

air and back again or harsher treatments such as thorough drying with nitrogen gas™). Vesicular

membrane stability, on the other hand, addresses chemical stability (such as hydrolysis and

oxidation of phospholipids®*

210

) and physical stability (such as breakage into small lipid

, aggregation and fusion of vesicles®® or membrane permeability*®, leakage®'® %

aggregates
and rupture®® of vesicles). Vesicles are said to be physically stable if they can tolerate a broad
range of pH?*®, temperature®™® or applied mechanical stress*. Vesicular stability is also claimed
if the vesicles remain unchanged over a certain period of time (i.e. tolerate aging) %> or upon

interaction with different support surfaces®®.

Free-standing membranes are characterized by their ability to withstand rupture, which can be

25, 45 6, 21, 32, 36, 45, 67

monitored mechanically®® *, optically®™ % or electrically . Quantification of stability

can include mechanical stability (e.g. what pressure can be applied to the membrane before it

25, 26, 36, 45, 187 d41, 42,172

ruptures or what mechanical vibration can be withstoo ), electrical stability

(e.g. what voltage can be applied to the membrane before it rupturest®® 170 172 187

) or aging
stability (i.e. what length of time the membrane can withstand rupture® 2 2> 367y " A benchmark

for biomimetic membrane longevity is a lifetime exceeding 1 day®*.

However, these criteria only address structural stability, but another very important factor of
biomimetic membranes that needs to be addressed is the functional stability of the proteins
associated with the membrane. Many applications of biomimetic membranes involve
incorporation of transmembrane proteins, where protein function is vital for the application.
Therefore it is equally (or perhaps more) important, to benchmark biomimetic membrane

stability by exposing the membrane with the incorporated proteins to various conditions (such as
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time, mechanical stress, temperature variation etc) and showing that the protein maintains its

function. This has been done in some work*®*?,

In light of this discussion, it is strange that solid-supported planar membranes are claimed to be
more stable than free-standing membranes*°, because stability is defined differently for these two
membrane formats and the definition is influenced by which application the membrane has and
what analytical techniques can be used to study it. A common use of free-standing membranes is
to study ion channels and in order to be able to measure single-channel conductance it is
necessary to have a leak-free high resistance membrane. Study of solid-supported membranes on
the other hand do not always require a large defect-free membrane area and therefore membrane
“rupture” is not as important. In fact the statement “solid-supported planar membranes are
claimed to be more stable than free-standing membranes” can be interpreted as “it is possible to
study membranes supported on a solid surface for a longer amount of time than free-standing
membranes due to the requirements placed upon them by the techniques which are used to study

them”.

In this thesis, | have touched on various aspects of stability that are named here. In the hydrogel
encapsulation and nanoporous hydrogel support approaches, | have defined stability of
membranes as the length of time that the membranes do not rupture, which was monitored
electrically by the ability of the membranes to maintain a low membrane conductance. For
membranes supported on the nanoporous substrate polybutadiene, membrane stability was
addressed in terms of compressibility due to an applied mechanical force (with an AFM
cantilever, see appendix IlI). Lastly, the triblock copolymer-containing biomimetic membranes
were in the format of vesicles or in the format of planar solid-supported membranes. Stability of
the vesicles was compared in terms of the ability to withstand osmotic pressure and in terms of
rupture propensity due to interaction with a support surface. Although not described in paper 1V,
vesicle diameter was also monitored over time, in this way checking that the vesicles were
stable, i.e. did not fuse with each other or reform into smaller vesicular structures. In QCM-D
measurements, stability of the formed solid-supported membranes could be observed in terms of

lack of delamination from the surface.
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In this work, | have shown some promising strategies for support of biomimetic membranes,
which improved their stability. To make biomimetic membranes suitable for technological
applications, they still need to be made so stable that they can easily be handled and transported
without losing functionality. In the future, the approaches mentioned here could also be

combined to obtain tough and robust biomimetic membranes.
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10. Abbreviations

400C
400P
1000C
1000C
AFM
a-HL
APS
BFS
BLM
BM
BMA
BPM
ngPhthas

Cm

CMC
Darocurl173
DLS

DOPC
DOPE-PEG2000

DOTAP
DPhPC
DPhPE-A
DPPC
DSPE
DTPC

=

ETFE
FITC
FTIR
GUvV
HEMA
HPS

LB

LS

LUV
MLV
PB-PDMS
PDMS
PEG-DA
PEG-DMA
PEI

100 mM PEG-400-DA, 5 mM Darocur in buffer

100 mM PEG-400-DA, 15 mM TEMED, 15 mM APS in buffer
65 mM PEG-1000-DMA, 5 mM Darocur in buffer

65 mM PEG-1000-DA, 10 mM TEMED, 10 mM APS in buffer
Atomic Force Microscopy

a-hemolysin

Ammonium persulfate

Bilayer forming solution

Black lipid membrane

Biomimetic membrane

Biomimetic membrane array

Black polymer membrane
2,2-di-0-(3,7,11,15-tetramethylhexadecyl)-3,3-di-O-(1",32"-
ditriacontanyl)-bis-(rac-glycerol)-1,1-diphosphocholine
Specific membrane capacitance

Critical micelle concentration
2-hydroxy-2-methyl-1-phenyl-propan-1-one

Dynamic light scattering
1,2-dioleoyl-sn-glycero-3-phosphocholine
1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-
[methoxy(polyethylene glycol)-2000]
1,2-dioleoyl-3-trimethylammoniumpropane
1,2-diphytanoyl-sn-Glycero-3-Phosphocholine
1,2-diphytanoyl-sn-glycero-3-phosphoethanolamine-N-acrylate
1,2-dipalmitoyl-sn-glycero-3-phosphocholine
1,2-distearoyl-sn-glycero-3-phosphoethanolamine
1,2-di-10,12-tricosadiynoyl-sn-glycero-3-phosphocholine
Evenness factor

Ethylene tetrafluoroethylene

Fluorescein isothiocyanate

Fourier Transform Infrared Spectroscopy

Giant unilamellar vesicle

2-hydroxyethyl methacrylate

Hydrogel precursor solution

Langmuir-Blodgett

Langmuir-Schaefer

Large unilamellar vesicle

Multilamellar vesicle
1,2-polybutadiene-b-polydimethylsiloxane
Polydimethylsiloxane

Poly(ethylene glycol)-diacrylate

Poly(ethylene glycol)-dimethacrylate
Poly(ethyleneimine)
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PEO-PEE
Pt
PMMA
PMOXA-PDMS-
PMOXA
POPC
POPE
POPS
PSPC
PSS
PTFE
PTPC
QCM-D
RO

SEM
SiO;
S-layer
SLB
SNARE
SUv
TEM
TEMED
VCE
X400C
X400P
X1000C
X1000C
XP

YP

104

Polyethyleneoxide-polyethylethylene

Water permeability

Polymethylmethacrylate
Poly-(2-methyloxazoline)-polydimethylsiloxane-poly-(2-methyloxazoline)

1-palmitoyl-2-Oleoyl-sn-Glycero-3-Phosphocholine
1-palmitoyl-2-oleoyl-sn-glycero-3-phosphoethanolamine
1-palmitoyl-2-oleoyl-sn-glycero-3-phospho-L-serine (sodium salt)
1-palmitoyl-2-stearoyl-sn-glycero-3-phosphocholine

Poly(sodium 4-styrene sulfonate)

Poly(tetrafluoroethylene)

1-palmitoyl-2-10,12 Tricosadiynoyl-sn-Glycero-3-Phosphocholine
Quartz Crystal Microbalance with Dissipation monitoring

Reverse osmosis

Scanning Electron Microscopy

Silicon dioxide

Surface layer

Supported lipid bilayer

Soluble N-ethylmaleimide-sensitive-factor attachment protein receptor
Small unilamellar vesicle

Transmission electron microscopy
N,N,N',N'-tetramethyl-ethane-1,2-diamine

Voltage clamp electrophysiology

Crosslinked gel. 100 mM PEG-400-DA, 5 mM Darocur.

Crosslinked gel. 100 mM PEG-400-DA, 15 mM TEMED, 15 mM APS.
Crosslinked gel. 65 mM PEG-1000-DMA, 5 mM Darocur.
Crosslinked gel. 65 mM PEG-1000-DA, 10 mM TEMED, 10 mM APS.
5 mM Darocur in buffer with 15 min UV irradiation

Yielding point
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Hydrogels for in situ encapsulation of
biomimetic membrane arrays

Sania Ibragimova®<, Karin Stibius® ¢,
Henrik Bohr® and Claus Hélix-Nielsen

Piotr Szewczykowski®, Mark Perry",
a,Cx

Hydrogels are hydrophilic, porous polymer networks that can absorb up to thousands of times their own weight in
water. They have many potential applications, one of which is the encapsulation of freestanding black lipid
membranes (BLMs) for novel separation technologies or biosensor applications. We investigated gels for in situ
encapsulation of multiple BLMs formed across apertures in a hydrophobic ethylene tetrafluoroethylene (ETFE)
support. The encapsulation gels consisted of networks of poly(ethylene glycol)-dimethacrylate or poly(ethylene
glycol)-diacrylate polymerized using either a chemical initiator or a photoinitiator. The hydrogels were studied with
regards to volumetric stability, porosity, and water permeability. All hydrogels had pore sizes around 7 nm with
volumetric changes >2% upon crosslinking. Photoinitiated hydrogels had a lower hydraulic water permeability
compared to chemically initiated hydrogels; however, for all hydrogels the permeability was several-fold higher than
the water permeability of conventional reverse osmosis (RO) membranes. Lifetimes of freestanding BLM arrays in gel
precursor solutions were short compared to arrays formed in buffer. However, polymerizing (crosslinking) the gel
stabilized the membranes and resulted in BLM arrays that remained intact for days. This is a substantial improvement
over lifetimes for freestanding BLM arrays. Optical images of the membranes and single channel activity of
incorporated gramicidin ion channels showed that the lipid membranes retained their integrity and functionality
after encapsulation with hydrogel. Our results show that hydrogel encapsulation is a potential means to provide
stability for biomimetic devices based on functional proteins reconstituted in biomimetic membrane arrays. Copy-

right © 2010 John Wiley & Sons, Ltd.

Keywords: biomimetic membrane arrays, encapsulation,

hydrogel, stabilization, voltage clamp

INTRODUCTION

Transmembrane proteins have many functions in biological
systems, and act for example as channels, receptors, or
transporters. Recently the notion of biomimetic membranes as
technological devices incorporating essential features of bio-
logical membranes has attracted considerable interest, for recent
reviews see Ref. "%, Working biomimetic membranes require
that the protein must be in its native (functional) conformation.
This implies that for transmembrane proteins, the protein must
be embedded in a matrix compatible with protein structure and
function®"", Black lipid membranes (BLMs) formed across single
or multi-aperture hydrophobic scaffolds closely resemble the
natural environment of membrane spanning proteins. However,
freestanding BLMs have notoriously low longevity, which limits
many applications, for comprehensive texts on BLMs see Refs.®?,
A biomimetic membrane working as a sensor/separation device
should be stable and typically be able to withstand osmotic/
hydrostatic pressures. This is not compatible with freestanding
BLMs.

In order to improve BLM longevity and stability in multi-
aperture arrays, we investigated the encapsulation of BLMs in
an in situ polymerized hydrogel. Hydrogels are hydrophilic
polymer networks that can absorb up to thousands of times their
dry weight in water’®"?. Hydrogels have been shown to
allow transport of water, electrolytes, and possibly proteins
depending on the pore size of the hydrogel network!'®"3.

Recently encapsulation of single freestanding biomimetic
membranes has been proven to be a successful approach3 2%,
In this work we characterize several hydrogels and show
successful hydrogel encapsulation of multiple BLMs formed
across an aperture array.

In order for biological membranes to maintain their liquid
crystalline state they generally require ambient temperatures
between 10 and 40 °C***. Although the use of block-copolymers
could extend the temperature range for the biomimetic protein
matrix per se, the proteins themselves will generally denature
with increased temperatures®. Thus, a required property for
a hydrogel for encapsulating biomimetic membranes is that it
is liquid and crosslinkable in situ at room temperature.
Poly(ethylene glycol)-di(meth)acrylate (PEG-D(M)A) based hydro-

* Correspondence to: C. Hélix-Nielsen, DTU Physics, Fysikvej 309, Building 309,
office 138, Technical University of Denmark, DK-2800 Lyngby, Denmark
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gels fulfill this requirement. Amongst other requirements is that
the crosslinking process should not result in large gel volume
changes as this would destabilize the biomimetic membrane.
In addition the porosity of the encapsulating gel should be able
to provide sufficient stability while preserving good water and
solute permeabilities.

We have studied the encapsulation potential of
PEG-1000-DMA and PEG-400-DA hydrogels. In particular, we
characterized chemically induced and UV-induced polymerized
hydrogels with respect to volumetric stability, water per-
meability, and porosity. We obtained stable hydrogel encapsu-
lated lipid bilayers with lifetimes of several days in an aperture
array with 64 individual BLMs as evidenced by monitoring
conductance and capacitance using standard voltage-clamp
measurements®®?”). Functionality of the encapsulated BLMs
was demonstrated by recording single channel activity of
incorporated gramicidin ion channels.

EXPERIMENTAL

Materials

Poly(ethylene glycol)-1000-dimethacrylate (PEG-1000-DMA) and
poly(ethylene glycol)-400-diacrylate (PEG-400-DA) were from
Polysciences (Warrington, PA, USA). 2-Hydroxy-2-methyl-1-phenyl-
propan-1-one (Darocur®1173) was from Ciba Specialty Chemicals
(Basel, Switzerland). KCl, HCI, 1,4-Piperazinediethanesulfonic
acid (PIPES), ethylenediamine-tetraacetic acid (EDTA), protease
inhibitor cocktail (P2714), sodium hydroxide, NN,N' ,N'-tetramethyl-
ethylenediamine (TEMED), n-decane, ethanol, and ammonium
persulfate (APS) were from Sigma Aldrich Denmark (Brgndby,
Denmark). Multi-aperture arrays were fabricated from Tefzel
ethylene tetrafluoroethylene (ETFE) LZ200 (DuPont, Detroit,
USA). Sheets of cellulose membrane on a propylene support
(DSS-RC70PP) were from Alfa Laval (Nakskov, Denmark). For the
retention experiments 1kDa beads were from Merck-Schuchardt
(Hohenbrunn, Germany) and 3-35kDa beads from Fluka (Buchs,
Switzerland).

production of rubber chamber-sealing O-rings was from
DuPont Fluoropolymers (Detroit, USA). Uncoated 35 and 50 mm
glass-bottom culture dishes were from MatTek (Ashland, MA,
USA). 1,2-diphytanoyl-sn-glycero-3-phosphocholine (DPhPC) and
1,2-Diphytanoyl-sn-Glycero-3-phosphoethanol-amine-N-acrylate
(DPhPE-A) were from Avanti Polar Lipids Inc. (Alabaster, AL, USA)
and gramicidin was from Sigma Aldrich Denmark (Brendby,
Denmark).

Methods
Preparation of hydrogels

Hydrogels were studied in two experimental configurations (see
Fig. 1). For the porosity and water flux characterization, the
configuration consisted of a hydrogel sandwiched between a
DSS-RC70PP membrane and a partition with an 8 x 8 aperture
array fabricated from ETFE as previously described®® (see
Fig. 1a). For the BLM encapsulation experiments BLM arrays
were formed across the ETFE partitions and subsequently gel
encapsulated (see Fig. 1b). The two configurations can be seen
as prototypical for future applications: a sandwich supported
membrane for separation applications where hydrostatic
pressures are applied (Fig. 1a.), a free-standing encapsulated

Figure 1. Schematic representations of the hydrogel sandwich and of
the hydrogel-encapsulated lipid membrane (closed and exploded views).
(a): The sandwich consists of an ETFE partition @ 21 mm with an 8 x 8
aperture (aperture diameter 300 um) array (green), a crosslinked hydrogel
(blue) and a regenerated cellulose membrane (2 21 mm) on polypropy-
lene support (brown) positioned with the cellulose side toward the gel
and the polypropylene side away from the gel. (b): For BLM encapsulation
a BLM (semi-transparent red circular area) is formed across the aperture
array in the ETFE partition (green disk) and encapsulated by hydrogel on
both sides (blue disks). This figure is available in colour online at
wileyonlinelibrary.com/journal/pat.

membrane for sensor applications, where no (or low) pressures
are applied.

For all hydrogels, concentrations of PEG and initiator were
selected so that the hydrogels crosslinked within 10 min of
initiation. Table 1 and Fig. 2 present the hydrogels used in
this study.

All hydrogel precursor solutions (HPSs) were prepared in
a buffer containing 25mM PIPES, 2mM EDTA, 02M KCl and
protease inhibitor cocktail in MilliQ water, adjusted to pH 6.5
using HCI.

For photoinitiation, two aqueous HPSs were prepared: a
PEG-1000-DMA solution (1000P) containing 65 mM poly(ethylene
glycol)-1000-dimethacrylate monomers and 10 mM Darocur1173
photoinitiator and a PEG-400-DA solution (400P) containing

Table 1. The four hydrogel precursor solutions (HPSs)
investigated. For details see the Materials and Methods sec-
tion

Sample Polymer Initiator
400P PEG-400-DA 100 mM Darocur 5 mM
400C PEG-400-DA 100 mM TEMED 15 mM,

APS 15mM

1000P PEG-1000-DMA 65 mM Darocur 5 mM

1000C PEG-1000-DMA 65 mM TEMED 10 mM,

APS 10mM

View this article online at wileyonlinelibrary.com
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Figure 2. Chemical structures of lipids and polymers used. (a): 1,2-di-(3,7,11,15-tetramethylhexadecanoyl)-sn-glycero-3-phosphocholine (DPhPC). (b):
2-di-(3,7,11,15-tetra-methylhexadecanoyl)-sn-glycero-3-phosphoethanolamine acrylate (DPhPE-A). (c): Poly(ethylene glycol)-1000-dimethacrylate

(PEG-1000-DMA). (d): Poly(ethylene glycol)-400-diacrylate (PEG-400-DA).

100 mM poly(ethylene glycol)-400-diacrylate monomers and
10 mM Darocur1173 photoinitiator.

Similarly, for chemical initiation two aqueous HPSs were prepared:
a PEG-1000-DMA solution (1000C) with 65mM PEG-1000-DMA
monomers and 10mM TEMED and a PEG-400-DA solution (400C)
containing 100 mM PEG-400-DA monomers and 15mM TEMED.
Ammonium persulfate (same concentration as TEMED in 400 and
1000 C, respectively) was added to initiate polymerization.

In this paper we will refer to the individual HPSs using the
nomenclature presented in Table 1. Crosslinking is indicated by
the prefix X. Thus, for example, X1000P refers to PEG-1000-DMA
crosslinked using UV photo-activation.

Volumetric stability measurements

A glass capillary (diameter 1 mm, length 15 cm) was filled with
50 .l of HPS. Free-radical polymerization of 1000P and 400P was
initiated by 5 min irradiation of the HPS by an EA-140 UV lamp
with /=800 pWcm™2 at 15cm, 4 =2365nm (Spectroline, West-
bury, NY, USA) at a lamp distance of 1 cm. Gelation of 1000C and
400C was initiated when APS was added to and vortexed with the
HPS prior injection into the capillary. The relative change in
volume, AV, was defined as

AV = 100% (M

Vo—-V; Ly—L,
100% =
Vi % Ly

where V; and L, are the initial volume and length and V, and L,
are the final volume and length of the hydrogel cylinder in the
capillary. L; and L, were measured as the distances between
the bottoms of the two menisci using graph paper. AV was
determined for the crosslinking reaction at room temperature
(AVy) and for cooling of the crosslinked sample from room
temperature to 4 °C (AVycoo) for each sample.

Preparation of a hydrogel sandwiched between ETFE and
DSS-RC70PP membrane supports for retention and water
permeability measurements

The sandwich assembly consists of hydrogel sandwiched
between a perforated ETFE structure and a sheet of DSS-RC70PP
membrane (see Fig. 1a).

Microstructuring of the ETFE support structure was performed
as described in Ref. *®. Briefly, a carbon dioxide laser was used to

fabricate 21 mm diameter partitions of ETFE LZ200 film (50.8 pm
thick) with a centered 8 x 8 rectangular aperture array. The
apertures had a center-to-center distance of 400 um and a
diameter of 300+ 5 pum. A disk with a diameter of 21 mm was
cut out of a sheet of a DSS-RC70PP membrane and sonicated
10 min in 60/40 ethanol/water followed by 10 min sonication in
water. The prewetted DSS-RC70PP membrane was placed with
the cellulose side positioned upwards facing the hydrogel
solution.

For the photoinitated hydrogel sandwiches, 1 ml of HPS was
distributed evenly on the DSS-RC70PP membrane. An ETFE
partition (as described above) was placed on top of the liquid
HPS. Then the sandwich was UV irradiated using the EA-140 UV
lamp described above at a distance of 1 cm for 10 min. Chemically
initiated hydrogel sandwiches were prepared in a similar manner.
After 10min the crosslinked sandwiches were packed in
water-soaked cotton wool and stored at 4 °C.

An empty sandwich (no hydrogel) made up of an ETFE partition
with an 8 x 8 aperture array on top of a sheet of DSS-RC70PP
(cellulose side toward ETFE) served as control.

Retention measurements

A feed solution containing a mixture of 1, 3, 5, 8, 12, and 35 kDa
poly(ethylene glycol) (PEG) beads each at a concentration of
0.5mg/ml in MilliQ water was passed through the hydrogel
sandwich using a homemade water flux measurement setup.

Size exclusion chromatography was performed using a
717PLUS Autosampler configured with a 600E controller and
a 410 Refractive Index Detector from Waters Corporation (Waters,
Milford, MA, USA). Measurements were done using Waters
Ultrahydrogel 250 6 um 7.8 x 300 mm? GPC column with MilliQ
water as eluent at a flow rate of 0.6mimin~' and a sample
injection volume of 40 pl. Three consecutive permeates for each
hydrogel sandwich sample were collected and results reported
using the third permeate chromatogram as it was identical to the
second permeate chromatogram indicating that a steady-state
was reached.

Water permeability measurements

The hydrogel sandwich was placed in a homemade flow unit
cell. The time t needed to collect a given volume V of permeate
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(approximately 1ml) was measured at 1, 1.5, and 2 bars of
the feed pressure P. The water flux J,, was calculated as J,, = % ,
where V,, is the partial molar volume of water (1.8 x 107> m3-mol™).
The hydraulic permeability L, [m-s"-Pa”'] and the diffusional
permeability P,, [m/s] of the membrane were calculated from
Equation (2), where R is the gas constant (8.3145 m>.Pa-K™"-mol™)
and T is the temperature.

JuV, JWRT L RT
A
w

Formation of hydrogel-encapsulated BLMs across multi-aperture
ETFE partitions

2ml DPhPC or 1ml DPhPE-A in chloroform (10 mg ml™") was
placed under nitrogen flow to evaporate the solvent and the dry
lipid films were rehydrated in 400l and 193 pl n-decane
respectively to a final concentration of 59 mM. The lipid solutions
were prepared 1 day prior to use and stored at -20 °C.

Briefly, the experimental chamber for bilayer formation
consisted of an open top compartment and an open bottom
compartment (35 and 50 mm culture dishes, respectively). The
glass cover slip of the 35mm glass-bottom dish was replaced
with an ETFE partition with an 8 x 8 aperture array by first
removing the cover slip by adding 0.5 ml n-heptane to the dishes
for 10 min, and then gluing the ETFE LZ200 partition array on the
dish using silicone-based glue (Dow Corning, Midland, MI, USA).
A Viton ring was placed between the two Petri dishes to create
two independently accessible compartments and a reusable
aluminium holder was used to clamp the upper dish/viton ring/
lower dish sandwich together.

The bottom and top compartments were filled with 4.5 ml of
a HPS. The experimental chamber was placed in a Faraday cage
and Ag/AgCl electrodes were placed in each compartment. 2 pl
of the lipid solution was deposited over the apertures using a
Pasteur pipette to form BLMs, simultaneously monitoring the
current between the electrodes. To facilitate bilayer thinning,
an air bubble was created at the tip of the Pasteur pipette and
swept gently across the entire ETFE partition array.

When all apertures were filled with lipid membranes, an
electrical seal was obtained and the capacitance (C) and
conductance (G) of the formed membrane array could be
measured by applying triangular (10 mV,,) and rectangular
(10mVp,,) voltage clamp waveforms, respectively. Membrane
capacitance values (C=/(dU/dt)”" was determined by measuring
the peak-to-peak amplitude of the square-shaped response
signal, while the membrane conductance (G=//U) was deter-
mined from the post-transient steady-state amplitudes. Thinning
of the array membranes was evidenced electrically as increase
in C and optically with a light microscope with the appearance
of Plateau-Gibbs borders. As the measurements recorded Cand G
from the entire array, rupture of even a single membrane in
the array was evident as a complete loss of the electrical seal
(G =0 Q). For details on chamber assembly and multi-array BLM
monitoring and characterization see Ref. 26272,

After BLM formation, encapsulation in X1000P was performed
by UV irradiation of the 1000P solution with a 100W EXFO
Omnicure1000 UV-lamp (EXFO Photonic Solutions Inc, Canada).
Irradiation was performed at 2% of the lamp intensity at a lamp
distance of 3cm from the ETFE partition, and with a total UV
irradiation time of 15min divided into intervals of 5min UV

irradiation followed by 5 min intervals without UV irradiation. The
experimental chamber was covered in order to minimize
evaporation.

Incorporation of the channel forming peptide gramicidin into
lipid membrane arrays was carried out by drying 120nM
gramicidin in ethanol under a nitrogen flow and re-dissolving
to a final concentration of 3nM in the bilayer forming solution.
The gramicidin-containing multiple BLMs were encapsulated
in X1000P as described above with buffer adjusted to 1 M KCl as
electrolyte. For single channel recordings, a 60 mV DC potential
was applied across the membranes and current traces were
acquired at 1kHz using a patch-clamp amplifier (A-M Systems,
Sequim, WA, USA) and filtered through a low pass Bessel filter
(Frequency Devices, IL, USA) with a 10 Hz cutoff.

RESULTS AND DISCUSSION

We first examined material properties of the selected hydrogels
relevant for the use of hydrogels as an encapsulation material for
biomimetic membranes. Then we proceeded by demonstrating
that crosslinked hydrogels can be used for in situ encapsulation of
biomimetic membranes formed across multi-aperture arrays.

Hydrogel material properties
Volumetric stability

Amongst the requirements for an encapsulating hydrogel is that
it should not undergo large volume changes upon crosslinking as
the expanding gel would exert a pressure on the lipid membrane
and rupture it. We observed that the HPSs containing
PEG-400-DA or PEG-1000-DMA only shrank slightly upon
crosslinking (AVy < 1.1%) (see Table 2). Bringing the crosslinked
gels from room temperature to 4 °C resulted in further shrinkage
(AVy < 2.0%), which exceeded the shrinkage due to crosslinking
per se, but was still very small. The low degree of shrinkage upon
gelation and temperature change is an attractive property as it
makes it feasible to encapsulate biomimetic membranes and
store them at 4 °C, thus minimizing evaporation and degradation.

Polymer mesh size

The hydrogel pore sizes were characterized by passing an
aqueous feed solution containing a mixture of PEG beads of
various sizes at 1 bar through each assembled hydrogel sandwich
(see Fig. 1a).

The permeate analysis is shown in Fig. 3. Figure 3a shows the
permeate profiles for the feed, for the hydrogel sandwiches

Table 2. Volumetric stability of HPSs upon crosslinking.
Shrinkage of each HPS upon crosslinking is expressed in
percent of the volume of the HPS and upon cooling in percent
of the volume of the gel. All values are given as mean =+ sd
(n=3)

Hydrogel AVy (%) AVx cool (%)
X1000P -0.5+04 -1.0+04
X1000C -0.6+0.2 -1.34+04
X400P -0.84+0.4 -0.54+04
X400C -0.440.1 -1.44+0.6
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Figure 3. Hydrogel retention measurements. (a): Size-exclusion chromatograms of the feed (black line), the permeates through DSS-RC70PP(- - -),
X1000C (- - -), X1000P (— - —- — ), X400P (- - —- ), and X400C (-----) hydrogel sandwiches. The bead size corresponding to each peak is indicated. (b):
Retention curves for the data in (a) showing the retention for each PEG molecular weight. The cut-off level is defined as a 90% rejection level and

indicated by the dashed line.

analyzed, and for the PEG bead solution when permeated
through DSS-RC70PP alone. Larger beads are able to pass
through the DSS-RC70PP membrane than through the hydrogel
sandwich, which indicates that the bead retention R observed
in the hydrogel sandwiches is caused by the hydrogels.
Figure 3b shows R for the hydrogel sandwiches as a function
of molecular weight:

G—C
Cf

R (€)

where ¢ is the detected peak height of the feed and ¢, is
the detected peak height of the permeate for each PEG bead
molecular weight. The cut-off size, defined as the bead molecular
weight for which 90% of the beads are retained by the
sandwich®®”, was around 10 kDa for all gels and about three times
lower than for the DSS-RC70PP membrane (>30kDa). A 10kDa
bead size corresponds to a bead hydrodynamic diameter of
about 7 nm®"\. This is similar to the mesh-size of PEG-1000-DMA
reported previously!*. X1000P had a marginally smaller cut-off
diameter than the other gels. Thus both crosslinked PEG-400-DA
and PEG-1000-DMA have nanoscale mesh structures suitable for
biomimetic membrane support.

Water permeability

In order to ascertain whether the nanoscale mesh hydrogels
would impede solute and solvent flux across the membrane,
we performed water flux measurements on the hydrogel
sandwiches and the results are summarized in Table 3. Fluxes
were compared to the flux through DSS-RC70PP membrane
alone and flux through an ‘empty’ sandwich consisting of
a perforated ETFE disk on top of a disk of DSS-RC70PP membrane.
The DSS-RC70PP membrane had a mean L[, value of
165 x 10" m-s" -Pa™', not significantly different from the mean
value of 1.52x 107 ""m-s7"-Pa™’ measured when the perforated
ETFE partition was put on top of the cellulose. The presence of
crosslinked hydrogel reduced Ly, for all hydrogels investigated (see
Table 3). The reduction was larger for photoinitiated gels than for
chemically initiated gels with no correlation between hydrogel PEG
chain length/mesh size and flux reduction. The photoinitiated gels
contain the Darocur 1173 initiator which is hydrophobic (cf. CIBA

Darocur 1173 datasheet), and the reduction in water permeability
may be due to photoinitiated gels having residual amounts of
initiator left in contrast to the chemically initiated gels tested. The
highest gel L, was found for X400C (1.06 x 107'°m-s™"-Pa™"), i.e.
reduced to about 60% of the L, of the empty sandwich whereas
the lowest L,=34x10""m-s"-Pa”' was found for X400P.
A typical reverse osmosis (RO) membrane flux is about
12L-m%h™" operated at 600kPa (brackish water feed)>?!
corresponding to L, =5.6 x 107"?m-s""-Pa”". Thus all hydrogels
tested have water permeabilities at least five-fold higher than the
permeability for a typical RO membrane. The hydrogels do
therefore not constitute the limiting factor in biomimetic
separation devices, allowing the overall device permeability
(and selectivity) properties to be determined by the biomimetic
membrane per se.

Hydrogels as encapsulation materials

Having established that the PEG-DMA- and PEG-DA-based
hydrogels have mesh size, water flux, and volumetric stability
parameters compatible with their use as encapsulation material
we now investigated in situ encapsulation of biomimetic lipid

Table 3. Water permeability data. For each sample flux was
measured at 1, 1.5, and 2 bars and the water permeability L,
was obtained from a linear fit to the flux-pressure relation-
ships with r > 0.99. The effective sample area was 3.46 cm?. All
values given as mean +sd (n=3)

L P,
Sample (10" m-s"-Pa”") (cm-s7")
Cellulose 165+18 2.28+0.25
Cellulose + ETFE 152424 2.09+0.33
X1000P 3947 0.53+0.10
X1000C 55+19 0.76+0.27
X400P 34414 0.46+0.19
X400C 106+41 1.46+£0.56
RO* 5.6 0.08

“Based on 12L m™2 h™' at 600 kPa, see Ref 32,
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membranes. We characterized lipid membrane lifetimes in
hydrogel precursor solution and lifetimes and membrane
characteristics of hydrogel-encapsulated lipid membranes. We
selected photoinitiated hydrogels, as the initiator can be added
directly to the HPS yielding a homogeneous distribution of
initiator. Also UV irradiation yielded precise control of the time
point at which the polymerization reaction began.

Effects of HPS on BLM formation and stability

We tested both n-decane containing DPhPC and DPhPE-A lipid
bilayers. DPhPC is a commonly used lipid for BLMs'". DPhPE-A
contains an acrylate group which has the potential to covalently
link to the acrylate group of PEG-1000-DMA or PEG-400-DA
upon crosslinking.

Free-standing DPhPC and DPhPE-A BLMs in buffer had
lifetimes up to 20 hr for DPhPC and up to 19 hr for DPhPE-A
(see Table 5). Adding polymer to the buffer resulted in BLMs
with lifetimes up to 18 hr for DPhPC and up to 14 hr for DPhPE-A
(see Table 4). When both photoinitiator and polymer were
present in the HPS, stability was reduced significantly with BLM
lifetimes up to 139 min.

In order to identify whether the reduced BLM stability was due
to specific interactions between photoinitiator and BLM, we
investigated DPhPE-A membrane formation in the presence of
photoinitiator alone in buffer where we obtained lifetimes
ranging from 9 to 139 min. The minimum DPhPE-A membrane
lifetime was substantially larger than the minimum lifetimes
(seconds) observed for solutions containing PEG-based polymers
with or without initiator. From this we conclude that the initiator
per se does not compromise BLM formation, but it affects BLM
lifetime. Thus the pre-encapsulation step, where both polymer
and initiator are present, generally tends to destabilize the BLMs.

Stability of encapsulated BLMs

A sufficient minimum membrane lifetime is more critical than
a maximum membrane lifetime as the membranes need to
survive long enough in the HPS to become encapsulated. We
selected the 1000P HPS for encapsulating BLMs, as we observed
a higher minimum lifetime (albeit still < 1 min) for membranes
in 1000P than in the 400P HPS.

We then encapsulated DPhPE-A and DPhPC with 1000P using
UV-initiation started as soon as the membrane array was formed.
The presence of X1000P seemed to “freeze” the membrane array
protecting it from rupture. Once membranes were encapsulated,
they all survived more than 1 day. Although several DPhPC
membrane arrays ruptured during crosslinking we were able
to have a DPhPC membrane array surviving in X1000P for more
than a day (see Table 5), which is 12 times longer than the
maximum lifetime we obtained for DPhPC membrane arrays in
1000P.

The DPhPE-A membranes generally performed better than
DPhPC membranes, with lifetimes ranging from 47 hr to 3.6 days
in X1000P (compared to T1min in 1000P). Encapsulated
membrane arrays were stored at room temperature with no
visible degradation. The hydrogel seemed to stabilize these
membranes considerably, which suggested that the gel was
covalently linking to the membranes via the headgroup acrylate
moiety. Alternatively, the observed stabilizing effect could be
due to DPhPE-A lipids stabilized by crosslinking the lipid
headgroups with each other and not due to the hydrogel. We

Table 4. Lifetimes of DPhPC and DPhPE-A lipid membranes
in hydrogel precursor solution components. DPhPC and
DPhPE-A bilayers were formed in HPS across an ETFE partition
with an 8 x 8 rectangular aperture (300 wm diameter) array.
The minimum and maximum observed lifetimes of mem-
branes with C > 2000 pF are given. For each HPS composition
tested, the success rate (s) (success = survival of the mem-
brane for at least 5 min) for these membranes is indicated as
the number of successful membranes out of the total number
of membranes formed

HPS Lipid tmin (mMin) tmax(min) Sit=5 min)
1000 DPhPC 0.05 189 6/32
1000 DPhPE-A 1 835 14/16

1000P DPhPC 0.08 139 2/7

1000P DPhPE-A 0.03 1 0/9

400 DPhPC 0.03 1135 3/7

400 DPhPE-A 0.03 28 4/25
400P DPhPC 0.02 9 1/4
400P DPhPE-A 0.02 32 1/6
P DPhPE-A 9 139 3/3

therefore analyzed DPhPE-A BLM stability in Darocur1173
solution alone exposed to the same UV dose as the membranes
in hydrogel (XP solution), and obtained lifetimes ranging from
30 min to 34.8 hr. This is below the minimum lifetime obtained
for DPhPE-A in X1000P, and indicates that the increased longevity
of the DPhPE-A membranes is caused by the presence of
encapsulating hydrogel.

In order to assess whether the hydrogel encapsulation affected
BLM properties, we measured conductance G and capacitance C
as described previously™”!. Membrane conductance ranged from
115 to 220nS and membrane capacitance ranged from 1560
to 3950 pF with no significant differences between hydroge-
I-encapsulated membranes and freestanding membranes (see
Fig. 4). This shows that encapsulation of the membranes does
not change their characteristics. The capacitance values
correspond to an overall specific membrane capacitance of
0.035-0.088 uF cm 2 (assuming that the total membrane area
was equal to the area of the aperture array, 0.045 cm?), which is

Table 5. Lifetimes of DPhPC and DPhPE-A lipid membranes
in buffer or encapsulated in X1000P hydrogel. The minimum
and maximum observed lifetimes of membranes are given.
The success rate (s) (success = survival of the membrane for at
least 12 hr) for these membranes is indicated as the number of
successful membranes out of the total number of membranes
formed

UV time tmin tmax
Sample (min) Lipid (hr) (hr) Se=12hn)
Buffer None DPhPC 0.02 20.8 2/6
Buffer None DPhPE-A 0.6 19.8 2/5
XP 15 DPhPE-A 0.6 37.8 2/5
X1000P 15 DPhPC 0.8 34.8 1/2
X1000P None DPhPE-A 473 219.1 3/3

View this article online at wileyonlinelibrary.com
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Figure 4. Freestanding X1000P-encapsulated BLM electrical properties. (a): conductance G (b): capacitance C. Mean =+ sd values of each membrane
were determined using the methods described in Ref. 2 after 50 min for membranes with lifetime >60 min or the last 10 min for membranes with
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Figure 5. Optical microscope images of a hydrogel-encapsulated lipid membrane obtained as described in Ref. *® (a): The entire 8 x 8 array.
(b): magnified image of the apertures in the red square in (a), showing lipid membranes with clearly recognizable Plateau-Gibbs borders (light annular
regions). Scale bar 300 wm. This figure is available in colour online at wileyonlinelibrary.com

much lower than the specific capacitance for fully thinned more unstable before crosslinking. Thus we are faced with a
solvent-containing membranes (0.4-0.6 .F cm ) reported in the compromise between larger bilayer areas and reasonable BLM
literature®3!. The low specific overall capacitance value measured formation success rates and lifetimes.

does not preclude the existence of bilayer patches, but if they
exist they only constitute 9-22% of the total aperture area and
the rest of the aperture array area has solvent-containing lipid
patches. This is consistent with the bright field image of the 8 x 8 In order to verify that we have areas where the lipid bilayer
arrays where the Plateau-Gibbs borders®* with large annuli  thickness is compatible with the hydrophobic spanning
are clearly visible (see Fig. 5). Of course, an optimized thinning segments of transmembrane proteins, we incorporated the

of the BLMs would increase the effective bilayer area. On  channel-forming peptide gramicidin A into the BLMs followed by
the other hand this would also tend to make membranes even X1000P encapsulation (see Fig. 6).

3 A PNl et “Y b iU

10 sec

Figure 6. Single channel gramicidin current trace from an X1000P-encapsulated 5 day old DPhPE-A membrane in buffer adjusted to 1 M KCl. A60 mV DC
potential was applied across the membrane and the signal was filtered at 10 Hz.

Functionality of encapsulated BLMs

Polym. Adv. Technol. (2010) Copyright © 2010 John Wiley & Sons, Ltd. View this article online at wileyonlinelibrary.com
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Current trace recordings showed single channel events with
current amplitudes around 2pA, corresponding to a single
channel conductance of 33 pS, consistent with previous results
for gramicidin in 1M KCI®*., The current trace recordings
confirmed functional reconstitution of gramicidin ion channels,
which strongly suggested that functional lipid bilayer areas are
present in the X1000P-encapsulated and stabilized membranes.

CONCLUSION

Hydrogels show promise as materials for encapsulating biomi-
metic membranes. They have volumetric stability and their
nano-scale cut-off sizes and water flux properties make them
promising in biomimetic devices where they can support the
biomimetic membranes and yet allow vectorial flux of matter to
(and through) the biomimetic membrane. We have demon-
strated that multi-aperture arrays of membranes can be
successfully encapsulated and that it is possible to create a
robust biomimetic membrane in which proteins can be
reconstituted. However, the main challenge still remains: how
to improve the stability of the membranes in the HPS before
crosslinking and to ensure that protein function is not
compromised by maneuvers used to crosslink the hydrogels.
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Abstract

Hydrogels are highly absorbent (can contain over 90% water) hydrophilic polymer networks.
Hydrogels are favored as scaffolds for tissue engineering where they act as supports for cells and
biomimetic membranes. Photoactivated poly(ethylene glycol)-dimethacrylate (PEG-DMA)
hydrogels are formed from PEG-DMA monomers suspended in aqueous solution and gelated by
radical polymerization in the presence of a photoinitiator. The polymerization reaction starts
when the solution is exposed to UV light. Each PEG-DMA monomer has two methacrylate
groups which can react with other methacrylate groups to make covalent bonds. Thus, each PEG-
DMA monomer can covalently link to up to four other PEG-DMA monomers and the resulting
polymer forms a covalently crosslinked branched network. We show that the properties of a
PEG-DMA hydrogel formed by photoinitiated polymerization can be tailored by varying the
photocrosslinking time. We were able to vary the water content of the gels between 50-90 wt%
and the specific electrical resistance of the gel between 0.8-3.5 Qm. With Fourier Transform
Infrared Spectroscopy and Raman Spectroscopy we identified spectral features of the hydrogel,
which may be applicable as a diagnostic tool to study changes in the gel due to variation in
parameters such as time, pH, temperature, aging or exposure to chemicals or biological material,

which can be useful for tissue engineering applications.
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1. Introduction
Hydrogels are highly absorbent (can contain over 90% water) hydrophilic polymer networks [1-
3]. Hydrogels are favored as scaffolds for tissue engineering where they act as supports for cells
[4-9] and biomimetic membranes [10-25]. Poly(ethylene oxide) (PEO) synthetic hydrogels are
the most commonly used synthetic hydrogel polymers for tissue engineering. Poly(ethylene
glycol) (PEG)-based hydrogels are structurally similar to PEO and can be crosslinked by
modifying each end with acrylates or methacrylates [7]. These materials are suitable for tissue
engineering for several reasons. Firstly, their chemistry and properties can be controlled by
varying for example molecular weight, chemical composition, the amount and type of initiator
used and the degree of crosslinking, which modifies their mass transport properties, physical
properties and biological properties. Secondly, poly(ethylene glycol)-diacrylate (PEG-DA)
hydrogels have been shown to be compatible in vivo with porcine islet cells [8] and
poly(ethylene glycol)-dimethacrylate (PEG-DMA) hydrogels to be compatible with
chondrocytes in vitro [9]. Lastly, these hydrogels have been shown to allow transport of water,
electrolytes, nutrients and proteins depending on the pore size of the hydrogel network [1, 10, 20,

26], which is vital for cell viability when encapsulated in these gels.

Photoactivated PEG-DMA hydrogels are formed from PEG-DMA monomers suspended in
aqueous solution and gelate by radical polymerization in the presence of a photoinitiator. The
polymerization reaction starts when the solution is exposed to UV light. Each PEG-DMA
monomer has two methacrylate groups which can react with up to two other methacrylate groups

to make covalent bonds. Thus, each PEG-DMA monomer can covalently link to up to four other



PEG-DMA monomers and the resulting polymer forms a covalently crosslinked branched

network (fig. 1).

In previous work [10, 26] we characterized chemically activated and photoactivated PEG-DMA
and PEG-DA hydrogels with respect to volumetric stability, water permeability, ionic
permeability and porosity and showed successful hydrogel encapsulation and stabilization with
photoactivated PEG-DMA-based hydrogels of multiple black lipid membranes formed across an
aperture array. We showed that the gels had a mesh pore size of 7 nm and allowed transport of
water, electrolytes and macromolecules of up to 10 kDa [10], which is large enough to allow

transport of oxygen and nutrients such as glucose to cells [7].

FIGURE 1 ABOUT HERE

In this work we address how PEG-DMA hydrogel properties can be tailored by varying the
photocrosslinking time and thereby the degree of crosslinking. We show that we can change the
water-absorption/soaking capability and the ionic conductivity of the gel. Using Fourier
Transform Infrared spectroscopy (FTIR) and Raman spectroscopy (RS) we obtain the spectral
fingerprint profile of the gel and find that there is a waveshift in the C=0 peak due to
crosslinking and that the intensity of the C=C peak decreases also due to crosslinking.
Furthermore, we show how the fingerprint is altered with specific spectral peaks receding and
others appearing with increased UV dose. The spectral fingerprint of the gel may be applicable
as a diagnostic tool to detect changes in the gel in response to variation in parameters, such as

temperature, pH, aging and exposure to chemicals.
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2. Materials and Methods

2.1. Materials
Poly(ethylene glycol)-1000-dimethacrylate (PEG-1000-DMA) was from Polysciences
(Warrington, PA, USA). 2-Hydroxy-2-methyl-1-phenyl-propan-1-one (Darocur®1173) was from
Ciba Specialty Chemicals (Basel, Switzerland). Phosphate buffered saline was from Sigma

Aldrich Denmark (Brgndby, Denmark).

2.2. Preparation of hydrogel
The hydrogel was prepared as in [10, 26]. Briefly, the hydrogel precursor solution (HPS)
consisted of 65 MM PEG-1000-DMA and 10 mM Darocur®1173 (a photoinitiator) in phosphate
buffered saline. We will refer to this solution as 1000P. Free-radical polymerisation of 1000P
was initiated by 4, 6, 8, 10 or 15 min of photocrosslinking of the HPS by UV light from an EA-
140 UV lamp with wavelength A=365 nm (Spectroline, Westbury, NY, USA) at a lamp distance
of 1 cm. The lamp intensity at a distance of 15 cm was 800 pW.cm™. We will refer to the

crosslinked gel as X1000P.

2.3. Swelling
Equilibrium swelling experiments were used to determine the structural characteristics of the
PEG-DMA gels. Hydrogel samples were prepared and excess water was poured off. The gel
samples were allowed to equilibrate overnight in order to get rid of water which was not part of
the swollen gel, but could not be poured off. Thereafter, the gels were weighed to determine the
swollen gel weight, Ws. After these measurements they were dried in a dessicator overnight to

remove all water and weighed to determine the dry gel weight Wy. The percentage of water



content was calculated as in [27] using % water content = (Ws-Wg)/Ws-100%. The gels were
rehydrated in water, allowed to dry overnight to remove excess water, and weighed again to

determine the new swollen gel weight. The percentage of water content was calculated.

2.4. Fourier Transform Infrared Spectroscopy (FTIR)
Fourier transform infrared (FTIR) spectroscopy was performed on a Thermo Nicolet Nexus 870
with a Ge 45 deg Smart Ark attenuated total reflectance (ATR) crystal from Thermo Scientific,
MA, USA. The FTIR spectra were recorded using OMNIC software from Thermo Nicolet
Corporation with an average of 32 scans in the range 650-4000 cm™ and at a resolution of 4 cm™.
Samples were dried in a vacuum dessicator prior to analysis in order to reduce the contribution
from water in the recorded spectrum. The recorded spectra were normalized to obtain the same
intensity for the spectral peak corresponding to the C=0 functional group. The relative number
of C=C bonds in the gels was obtained by comparing the area under the spectral peak

corresponding to the C=C functional group, which was used as a measure of the degree of

crosslinking.

2.5.Raman Spectroscopy
Raman spectra were obtained as in [28] by use of a DILOR-XY 800 mm focal length
multichannel spectrometer with horizontal Nd:YVO, laser excitation (532.8 nm, ~300 mW,
vertically polarized). Rayleigh-scattered light was filtered off with a double pre-monochromator
(slit width 500 um). The Raman light was collected after 90 degrees of scattering, dispersed by

use of an 1800 lines/mm grating, and focused onto a charge-coupled device (CCD) detector,
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cooled to 140 K by liquid nitrogen. The spectral resolution was approximately 4 cm™. Hydrogel

samples were prepared as described in section 2.2 and were not dried prior to measurements.

2.6. Impedance spectroscopy (IS)
The test cell for impedance spectroscopy measurements consisted of a teflon support with two Pt
electrodes between which a cylindrical crown rubber support (approximately 2.2 mm height and
1.5 cm diameter) filled with gel sample (dried in a dessicator for 24 hours, then rehydrated in
MilliQ water for 24 hours) was placed and clamped [29]. The electrodes were connected to a
Frequency Response Analyzer (Solartron 1260, England) and measurements were recorded for

100 data points in the frequency range of 1 Hz - 10 MHz, at a maximum voltage of 0.01 V.

3. Results and discussion

3.1. Water content of the gel
Due to their high water content, hydrogels are useful for applications such as tissue engineering,
silicone lenses and drug delivery, for a review see [7]. By modifying the water content of the gel,
the gel-cell interaction can be affected, for example it has been shown to influence extracellular
matrix production [30]. In silicone lenses, hydrogels increase the comfort and breathability of the
lens due to their high water content. The water content of the gel influences the mechanical
integrity and strength of the gel as well as the diffusion of nutrients and metabolites through the
gel to a cell/tissue [7]. Clearly, the high water absorbance of hydrogels is one of their most
important material properties and therefore, it is crucial to be able to tailor the water content of

the gels to suit the application that they are intended for.

FIGURE 2 AROUND HERE



We found that the swollen PEG-DMA hydrogels contained ~90 wt% water immediately after
photocrosslinking (fig. 2). This initial water content in the swollen gels did not vary significantly
with the photocrosslinking time. However, after the gels were dried and rehydrated overnight,
the water uptake ability of the gels increased with an increase in the photocrosslinking time and
the final water content ranged from 50 to 90 wt%. After 15 min of photocrosslinking, the water
content of the gel was restored to the original water content of the swollen gel. Interestingly,
Andreopoulos et al [31] report the swelling of a prepared wet PEG-based gel and find that the
degree of swelling decreases with increased photocrosslinking time. Here, we report the swelling

of a completely dried gel.

We interpret our results based on the notion that the wet gel contains what we term “bound
water” and “free water”. The “bound water” is water which interacts strongly with the gel
meshwork and the “free water” is water which fills the pores (we have shown in [10] that the gel
network is porous, with pores of circa 7 nm), but does not interact strongly with the gel network.
The hydrogel precursor solution is a colloidal suspension of PEG-DMA monomers in water, and
as the gel starts crosslinking, the water is trapped by the crosslinked polymer meshwork, making
the gel bloated with “free water”. Drying the gel effectively removes the free water. Thus the
reswollen gel contains only bound water, as it may be energetically unfavorable to force the
water back into the pores. The degree of reswelling was found to depend on the
photocrosslinking time. The chemical structure of the gel (see fig. 1) reveals that the geometrical
alignment of monomers in the gel can change with the degree of crosslinking. When the gel is

not crosslinked, the PEG-DMA monomers contain conjugated double bonds, which give the ends
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of the molecule a planar structure. As the gel is crosslinked, some C=C double bonds are
converted to single bonds so both carbons have sp® orbitals and a three-dimensional structure.
The gel network becomes more crosslinked with increased photocrosslinking time and should be

more stable as well as form a 3D meshwork and thus be able to contain more bound water.

It is thus possible to tailor the water content of PEG-DMA hydrogels by selecting a suitable
photocrosslinking time, thereby varying the water content of the PEG-DMA hydrogel from 50

wit% to 90 wt%.

3.2.Crosslinking revealed by Fourier Transform Infrared spectroscopy (FTIR)
We found that the hydrogels showed a clear trend with a higher water uptake for gels which had
been polymerized at longer photocrosslinking times. In order to check whether this trend
corresponded to an increase in crosslinking with increased photocrosslinking time, we studied
samples with FTIR. With FTIR we could compare spectral peaks at 1680-1780 cm™[32]
(assigned to C=0 bond vibrations and indicated by the label “a” in fig.1) and 1620-1680 cm™
[32] (due to C=C bonds and indicated by the label “b” in fig. 1). These bands originate from the
methacrylate groups, which form covalent bonds through an addition reaction during the
polymerization. In the addition reaction, the alkene functionality is converted to an alkane
functionality. Therefore, the number of C=C bonds can be used as a measure of the degree of

crosslinking of the polymer meshwork.

The FTIR spectra showed that the C=0 peak is shifted when comparing crosslinked PEG-DMA
hydrogels with the PEG-DMA monomer (fig. 3). The PEG-DMA wax has a C=0 peak at 1716

cm, and with the addition of phosphate buffered saline, the C=0 peak is still at 1716 cm™. The



hydrogel photocrosslinked for 15 min had a C=0 peak at 1728 cm™. Hence, the
photocrosslinking must change the chemical environment in the vicinity of the C=0 bond. The
PEG-DMA monomer contains C=0 bonds conjugated with the adjacent C=C bonds. In the
crosslinked gel the C=C bond is converted by addition polymerization to a C-C bond and the
C=0 bonds are no longer conjugated. This conversion is observed as a peak shift of the C=0
peak in the FTIR spectra, which is in agreement with observations in the literature [33]. The
spectral C=0 peak of the PEG-DMA monomer before photocrosslinking is at 1716 cm™, and
does not have an additional peak or a shoulder at 1728 cm™, showing that no polymerization has
occurred. After 15 min of photocrosslinking, the C=0 peak is cleanly off-shifted to 1728 cm™
without any residual peak remaining at 1716 cm™, indicating that virtually all the PEG-DMA
monomer is used up in the reaction and effectively no C=0 bonds conjugated with C=C bonds

remain.

FIGURE 3 AROUND HERE

Furthermore, we investigated the effect of varied photocrosslinking times on the position of the
C=0 peak and C=C peak intensity (area under the C=C peak) (fig. 4). We found that for
photocrosslinking times exceeding 6 min the C=0 peak is off-shifted to 1728 cm™, and that the
turning point is after 4 min photocrosslinking, when some samples have a C=0 peak at 1728 cm’
! and others at 1718 cm™. This shows that the polymerization reaction once started occurs very
rapidly because no intermediate peak shifts were found. Either there was no crosslinking and the
C=0 peak was at 1716-1718 cm™ (resolution in FTIR was 4 cm™) or the crosslinking reaction

was complete and the C=0 peak was at 1728-1730 cm™. Photocrosslinking times of 1 min and 2

10
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min were not sufficient to cause any crosslinking of the gel (results not shown). At a
photocrosslinking time of 4 min, the crosslinking reaction starts as shown by the shift in the C=0

peak with FTIR.

Examining the C=C peak, we found that at t=4 min, less than 40% of the original C=C bonds
remain and at photocrosslinking times exceeding 8 min, 80% of the original C=C bonds are used
up in the crosslinking reaction and the standard deviation of the number of C=C bonds for each
photocrosslinking time is small. After 8 min of photocrosslinking, the PEG-DMA gel seems to
be fully crosslinked. For photocrosslinking times of 8 and 15 min there is a variation in the water

uptake, but no observed difference in the degree of crosslinking.

FIGURE 4 AROUND HERE

3.3. Detecting crosslinking reaction production by Raman Spectroscopy (RS)
FTIR provided us with a good indication of how many C=C bonds are used up in the gelation
reaction, but this technique is limited as water has spectral peaks at the same wavenumbers as the
C=0 and C=C peak, which means that FTIR cannot be used to directly study the wet gels. Thus
RS is a useful complementary technique, because of its low sensitivity to bulk water, and can be

used on the wet gel.

We found by RS that the spectral signature of the wet hydrogel changes with the

photocrosslinking time and have indicated the peaks in which changes occur in figure 5. Raman

peaks at 1410 cm™, 1640 cm™ (interpreted as stretching of C=C bonds) and 1705 cm™ decrease

11



in intensity as the photocrosslinking time increases and disappear entirely at photocrosslinking
time of 10 min. At a photocrosslinking time of 15 min, new Raman peaks appear at 618 cm™,
700 cm™, 1003 cm™, 1035 cm™, 1174 cm™, 1600 cm™1 and 1676 cm™. The appearance of Raman
peaks at 15 min is likely to be due to reaction end products from the Darocur1173 initiator used
in the photocrosslinking reaction. This initiator is split by UV light into a benzoyl radical and an
alkyl radical and one of the possible reaction end products is benzoic acid [34]. Benzoic acid
Raman peaks that match closely to those observed at 15 min crosslinking are at 618 cm™, 708
cm?, 1035 cm™ and 1165 cm™ [35] and the Raman peaks at 1003 cm™ and 1600 cm™ are
attributed to C=C aromatic ring stretching from other biproducts of the benzoyl radical. The
reaction end products from the benzoyl radical are yellow and those from the alkyl radical
generally evaporate during the polymerization process. Although no yellowing of gels was
observed, the appearance of additional Raman peaks after 15 min crosslinking indicates that it
may be optimal to stop after 10 min of photocrosslinking to avoid contamination of the gel with

reaction end products.

FIGURE 5 AROUND HERE

3.4. Hydrogel specific electrical resistance
A physical parameter of great interest in determining sample changes is the specific electrical
resistance, which can be determined from impedance spectroscopy (IS) measurements using
equivalent circuits as models [36, 37]. We collected the impedance plots for the hydrogel at
different photocrosslinking times, and clear differences could be observed as shown in figure 6a.

The fitting of the impedance data by using a non-linear program [38] allows determination of the
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electrical resistance of the different gel samples (Rg), which can be converted to specific
electrical resistance, p, using p = Rg-A/l, where A=177 mm? is the surface area of the gel sample
and 1=2.2 mm is the thickness of the gel. Specific electrical resistance values obtained for gel
samples are shown in figure 6b. The electrical resistance of the gels ranged from 0.7 Qm for 4
min photocrosslinking to 3.5 Qm for 15 min photocrosslinking. An increase in the specific
electrical resistance as a result of an increase in the photocrosslinking time was obtained, which

is an indication of an increase in the crosslinking density of the gel network.

FIGURE 6 AROUND HERE

4. Conclusion
We show that the properties of a PEG-DMA hydrogel formed by photoinitiated polymerization
can be tailored by varying the photocrosslinking time. We were able to vary the water content of
the gels between 50-90 wt% and the specific electrical resistance of the gel between 0.7-3.5 Qm.
With FTIR and RS we identified spectral features of the hydrogel, which could be used as a
diagnostic tool to study changes in the gel due to various parameters such as time, pH,
temperature, aging or exposure to chemicals or biological materials, which would be useful when

studying gels for tissue engineering applications.
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Fig. 1. Chemical structure of PEG-1000-DMA and of a crosslinked PEG-1000-DMA meshwork
found in the gel. Gelation occurs through radical polymerization in which the methacrylate
groups participate in an addition reaction to form a branched polymeric network. The crosslinked
gel, X1000P, was made from a hydrogel precursor solution containing 65 mM PEG-1000-DMA
with 10 mM Darocur photoinitiator in aqueous buffer. The C=0 (a) and C=C (b) bonds to which

FTIR spectral peaks are assigned are indicated.
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Fig. 2. Variation in water content of X1000P hydrogel with photocrosslinking time. Gel samples
were crosslinked with photocrosslinking times of 4, 6, 8, 10 and 15 min (n=3 per
photocrosslinking time). The “wet gel” (circles) samples were weighed, dried in a dessicator and
weighed again to determine the water content of the “wet gel”. The dry gels were reswollen and

weighed to determine the water absorption as a function of photocrosslinking time (squares).
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Fig. 3. Peak shift of the C=0 peak due to crosslinking obtained by FTIR. FTIR C=0 peaks of
PEG-1000-DMA wax (solid), 65mM PEG-1000-DMA in PBS (dotted) and 65 mM PEG-1000-
DMA and 10 mM Darocur in PBS crosslinked with ultraviolet light (X1000P) for 15 min
(dashed) are shown. Photocrosslinking the gel thus results in a peak shift of circa 12 cm™.

Samples were dried in a vacuum dessicator prior to analysis in order to reduce the contribution

from water in the recorded spectrum.
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Fig. 4. Effect of photocrosslinking time on FTIR spectra of X1000P hydrogel. (a) The

wavenumber of the C=0 peak for gels with different photocrosslinking times (n=3). (b) The

relative number of C=C bonds in the hydrogel as a function of photocrosslinking time (n=3).
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Fig. 5. Spectral fingerprints of X1000P hydrogel as a function of photocrosslinking time
obtained by Raman spectroscopy. Raman spectra were normalized to make the peak at 1470 cm™
(attributed to H-C-H bending, indicated with a solid line) have equal intensity and then the
spectra were offset for clarity. Dashed lines indicate Raman peaks of the gel that change with

increased photocrosslinking time.
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Fig. 6. Gel impedance (a) and specific electrical resistance, p, (b) of X1000P hydrogel as a

function of the photocrosslinking time.
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ABSTRACT: Lipid bilayers are intrinsically fragile and require
mechanical support in technical applications based on biomi-
metic membranes. Tethering the lipid bilayer membranes to
solid substrates, either directly through covalent or ionic sub-
strate—lipid links or indirectly on substrate-supported cushions,
provides mechanical support but at the cost of small molecule
transport through the membrane —support sandwich. To stabi-
lize biomimetic membranes while allowing transport through a
membrane—support sandwich, we have investigated the feasi-
bility of using an ethylene tetrafluoroethylene (ETFE)/hydro-
gel sandwich as the support. The sandwich is realized as a
perforated surface-treated ETFE film onto which a hydrogel
composite support structure is cast. We report a simple method
to prepare arrays of lipid bilayer membranes with low intrinsic
electrical conductance on the highly permeable, self-supporting
ETFE/hydrogel sandwiches. We demonstrate how the ETFE/

Addition of
a-Hemolysin

Current [pA]

Time [:i0

hydrogel sandwich support promotes rapid self-thinning of lipid bilayers suitable for hosting membrane-spanning proteins.

l INTRODUCTION

Biomimetic membranes based on lipid bilayers are increas-
ingly being recognized as a platform not only for the study of
reconstituted membrane-associated proteins but also as building
blocks in devices for sensor and separation applications."* Lipid
bilayer membranes are extremely fragile and require mechanical
support,®* and deposition of planar lipid bilayers onto supports
allows for the biofunctionalization of surfaces, providing a natural
environment for the immobilization of highly specialized mem-
brane-associated proteins.” Support surfaces with nanoscale
smoothness based on gold, silicon, or cleaved mica have been
investigated intensively with several membrane—protein systems.®
Such systems are well-suited for biomimetic sensors where the
sensor readout is based on, e.g,, detecting electrochemical impe-
dance changes induced by ligand binding to membrane-stabilized
proteins of the supported membrane—protein complex via gold
electrodes or detection based on optical (fluorescence) signals.

Membrane-spanning proteins often have hydrophilic moieties
that may hinder optimal support of bilayers with reconstituted
proteins on solid surfaces. This has led to the development of
“cushions” in the form of polymeric structures that effectively
separate the bilayers from the solid surface using, for example,
polyacrylamide and agarose as the cushion material.”® In these
approaches the bilayers were formed across a single aperture
(100—500 um diameter), and the cushion supported the

< ACS Publications © xxxx American Chemical Society

membrane in the aperture area. Later developments include
the formation of membranes where the bilayer is cushioned by
poly(ethylene glycol) (PEG)-conjugated lipids that effectively
separate the bilayer from a solid surface.'>"" A different approach
consists of using supports with submicrometer porosity where
the bilayers are formed directly on top of, for example, nanopor-
ous alumina substrates.'”"® Bilayer formation has also been
demonstrated using ordered arrays of submicrometer-sized pores
formed in silicon substrates with well-defined pore diameters
ranging from 250 to 1000 nm."*' In this case, the membranes
span the pores without additional sulpéport. Supports using
hydrogels have also been demonstrated.'®'”

Applications relying on mass transport across planar biomi-
metic membranes mediated by transmembrane proteins require
that the supported membrane is stable against external forces,
such as osmotic and hydrostatic forces, and concomitantly
sufficiently porous to allow for vectorial transport of solutes
and solvents. Tethering the lipid bilayer membranes to solid
substrates, either directly through covalent or ionic substrate—
lipid conjugates or indirectly by substrate-supported cushions,
provides mechanical support but is not optimal for large-scale

Received:
Revised:

December 22, 2010
March 24, 2011

dx.doi.org/10.1021/1a1050699 | Langmuir XXXX, XXX, 000-000

S3
S4
SS
56
S7
S8
59
60
61
62
63
64
65
66
67
68
69
70
71
72
73



F1

74
75
76
77
78
79
80
81
82
83
84
85
86
87
88
89
90

92
93
94
9S
96
97
98
99
100
101
102
103
104
105
106
107
108
109
110
111

112

113
114
115
116
117
118
119
120
121
122
123
124
125
126
127
128
129
130
131
132
133
134

Langmuir

mass transport across the membrane. Large-scale transport across
biomimetic membranes also requires that the entire system is readily
upscalable. Agproaches using nanoporous alumina require arduous
preparation, ~ and the use of nanopore silicon arrays is limited by
material cost and wafer size. These are issues that need to be
addressed to harness the unique opportunities that lipid bilayer
membranes offer in technological applications where large-scale
transport is desired.

Previously, we reported the fast fabrication of dense arrays of
300 um diameter circular apertures in S0 um thick partitions
made of ethylene tetrafluoroethylene (ETFE) for biomimetic
membranes using a CO, laser ablation method that is cost-
effective and that can be easily scaled up to square centimeters.'®
We also reported successful formation of planar, free-standing
black lipid membranes (BLMs) in these hydrophobic multi-
aperture partitions.'”*° In this study we aimed at stabilizing lipid
membranes further against pressure-induced disruptions in a
construction that tolerates large flux through the supported
BLMs using a relatively simple upscalable porous support
structure. Specifically, we formulated a composite hydrogel that
demonstrates high water permeability. The hydrogel support is
formed by in situ polymerization of an aqueous solution of
2-hydroxyethyl methacrylate (HEMA) and poly(ethylene
glycol) dimethacrylate (PEG-DMA) in the presence of silicon
dioxide particles. The composite hydrogel was cast using a mold
such that the polymerized hydrogel would form a supportive
layer across apertures formed in an ETFE array as shown in
Figure 1A—C. The rationale behind this design was to optimize
the lipid—partition interactions at the aperture rim while
providing maximal support for the membranes across the
aperture arrays. To ensure good contact between the hydro-
philic composite hydrogel and the hydrophobic multiaperture
ETFE partition, we modified the ETFE surface using a
plasma surface treatment on the partition side facing the
hydrogel. We demonstrate how the composite support is
capable of promoting rapid self-thinning of BLMs and that
the supported BLMs are suitable for hosting membrane-
spanning proteins.

B EXPERIMENTAL SECTION

Materials. PEG-DMA (M, (PEG block) = 1000 g/mol) was
purchased from Polysciences, Inc. (Warrington, PA). N,N,N',N'-Tetra-
methylethylenediamine (TEMED), ct-hemolysin (Staphylococus aureus),
10x phosphate-buffered saline (PBS), pH 7.4, HEMA, 1,4-butanediol
diacrylate (BDDA), silicon dioxide particles (0.5—10 #m diameters),
ammonium persulfate (APS), n-decane, and ethanol were purchased
from Sigma-Aldrich Denmark (Brondby, Denmark). Tefzel ETFE
L7200 for fabrication of multiaperture arrays and Viton A fluoroelasto-
mer used for the production of rubber chamber-sealing O-rings were
supplied by DuPont Fluoropolymers (Detroit, MI). 1,2-Diphytanoyl-sn-
glycero-3-phosphocholine (DPhPC), 1,2-dioleoyl-3-(trimethylammonium)-
propane (DOTAP), 1,2-distearoyl-sn-glycero-3-phosphoethanolamine-
N-[biotinyl(poly(ethylene glycol))-2000] (ammonium salt) (DSPE-
PEG2000-biotin), and 1-oleoyl-2-[6-[ (7-nitro-2,1,3-benzoxadiazol-4-yl)-
amino | hexanoyl]-sn-glycero-3-phosphocholine (NBD-PC) were purchased
from Avanti Polar Lipids, Inc. (Alabaster, AL). All materials were used as
received.

Fabrication of the ETFE/Hydrogel Sandwich. In the first
production step the ETFE partition was plasma-treated on one side of
the ETFE with HEMA in a custom-built 50 Hz two-phase plasma
chamber?! using 1 sccm of Ar as the activation/carrier gas with 10 Pa of
total pressure and 10 W of plasma power (20 mA, 500 V). The partition

D
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:“/“U\U s \J

500 um

||
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Figure 1. (A) Top view of a section of the ETFE/hydrogel sandwich.
The composite hydrogel is attached to the back of the ETFE without
penetrating the apertures. (B) Schematic of the ETFE scaffold with
PMMA rings (red) and the Teflon mold used for casting of the hydrogel
support. The hydrogel-forming solution (green) is contained in a
reservoir with a depth of 500 um. (C) Optical scanning image of a
single aperture with the composite hydrogel. The green toroidal
structure inside the aperture represents the sloping wall of the aperture.
The spikes are measurement artifacts due to missing data points. (D)
Profile scan across five apertures. The red dashed lines indicate the
surfaces of the ETFE sheet.

and monomer solution were left overnight to cure. Casting was performed
with a solution consisting of 23 mg of PEG-DMA, 560 uL of HEMA,
8 uL of TEMED, 5 uL of BDDA, 140 mg of SiO,, and 1000 #L of Milli-Q_
water vortexed to create a milky suspension. To 400 uL of this solution
was added 15.3 4L of an initiator solution (170 mg of APS in 1000 uL of
Milli-Q_water). The mixture was vortexed for 10 s and immediately
transferred to a reservoir (2 cm diameter, 0.5 mm height) in a Teflon
mold (see Figure 1B). A surface-functionalized ETFE partition with 8 x 8
apertures (300 m diameter, 400 um center-to-center spacing),"* glued
between two custom-made poly(methyl methacrylate) (PMMA) rings,
was fitted on top of the mold, resulting in direct contact between the
monomer solution and the functionalized side of the ETFE partition.
This setup allowed for the monomer solution to cover but not fill up the
apertures. After 10—20 min the hydrogel-coated partitions could be
removed from the mold and were stored in Milli-Q water. The hydrogel
surface topography was characterized by focus-variation optical scanning
of the surface (InfiniteFocus, Alicona Instruments, GmbH, Graz, Austria),
shown in Figure 1C,D. Before membrane formation, excess water was
removed from the hydrogel-coated partitions by blotting with tissue.
BLM Formation. The membrane formation chamber used was a
modified version of the horizontal chamber design described by Hansen
et al."” The chamber was assembled by placing the hydrogel-coated
partition with the ETFE side up in the cis chamber between two O-rings.
An open lid sealed the assembly. Both the cis chamber and the channel

dx.doi.org/10.1021/1a1050699 |Langmuir XXXX, XXX, 000-000
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Figure 2. (A) Comparison of mean =+ SD specific capacitance values
Cpn of unsupported free-standing (black circles, n = 9) and hydrogel-
supported (triangles and asterisks, n = 8) membrane arrays consisting of
8 x 8 individual membranes versus time. Two trends were observed for
the hydrogel-supported membranes: (1) development of the specific
capacitance to a mean value of 0.3 #F/cm® (red asterisks, n = 4); (2)
development of the specific capacitance to a mean value of 0.6 4F/cm*
(black triangles, n = 4). (B) Specific resistance for the membranes
shown in (A).

between the cis and trans chambers were filled with 1 mL of 1x PBS
(filtered through a 0.2 um filter). The apertures were pretreated by
depositing 4 uL of lipid solution and incubating for 1 h. The lipid
solution used in membrane preparation for electrical measurements
contained 294 uL of DPhPC (72 mol %), 61 uL of DOTAP (18 mol %),
and 145 uL of DSPE-PEG2000-biotin (10 mol %). Lipid solutions in
chloroform (10 mg/mL) were dried under nitrogen gas. The dried lipid
film was subsequently redissolved in 200 uL of decane (25 mg/mL).
The lipid solution used in membrane preparation for fluorescence
measurements contained 292 uL of DPhPC (71 mol %), 61 uL of
DOTAP (18 mol %), 146 1L of DSPE-PEG2000-biotin (10 mol %), and
39 uL of NBD-PC (1 mol %). Lipid solutions in chloroform (10 mg/mL)
were dried and redissolved in decane as described above. Lipid solutions
were deposited on top of the apertures in 2 4L aliquots up to 10 uL.
One mL of 1x PBS (filtered through a 0.2 um filter) was added to the cis
chamber, which was subsequently sealed. Membrane formation was
monitored by electrical capacitance and conductance measurements
using standard electrophysiological methods as previously described.*”
Briefly, the membranes were voltage clamped using AgCl electrodes in
each chamber compartment, and transmembrane currents were recorded
using a patch-clamp amplifier. The membrane resistance R, and capaci-
tance C,, were measured by applying rectangular and triangular wave-
forms, respectively (V,,= 10 mV). The response signal was low pass
filtered at <100 Hz and logged via analog to digital conversion for off-line
analysis. Measured total Ry, and C,, values for the hydrogel-supported

Figure 3. (A) Fluorescent images of established nonsupported free-
standing membranes immediately after formation. (B) Same for hydro-
gel-supported membrane arrays directly after formation. (C) Same as in
(B) but 20 min after formation. Scale bars are 300 y#m.

membrane were converted into specific values by normalizing with the
combined aperture array area, neglecting the vanishingly small Plateau—
Gibbs regions (see Figure 3B,C). The empty ETFE/hydrogel sandwich
had negligible resistance and capacitance.

Fluorescence Microscopy. Fluorescent imaging was performed
on a Zeiss Axiovert 200 M epifluorescence microscope (Carl Zeiss, Jena,
Germany) equipped with a monochrome Deltapix DP450 charge-
coupled device camera (Deltapix, Maalov, Denmark). Images were
acquired using Deltapix DpxView Pro acquisition software (Deltapix)
and air-corrected Plan-Neofluar 2.5%/0.075 numerical aperture (NA)
and 10%/0.25 NA objectives.

lon Channel Insertion. a-Hemolysin was added to the cis chamber
10 min after a membrane array was established, resulting in a final
concentration of 1 #4g/mL in 10x PBS (filtered through a 0.2 yum filter).
A potential of 60 mV was applied across the membrane, and current
traces were filtered at 20 Hz.
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B RESULTS AND DISCUSSION

The presence of silica particles in the polymer hydrogel greatly
enhances both the mechamcal stability of the gel and the flux of
water through the hydrogel.** The permeability increased with
the amount of silica present in the hydrogel composite. We measured
permeabilities up to 24 gm ™ >min~ ' at 1 bar fora I mm thick slab
of composite hydrogel, which contained 44 wt % silica. For
comparison, commercial nanofiltration membranes have perme-
abilities of 1 —4 gm ™ > min "' at applied pressures of 7—30 bar for
0.1 um pore size films.

The hydrogel was cast using a Teflon mold to form a hydrogel
support in each aperture over the entire array (Figure 1B) as
described in the Experimental Section. The surface topography of
the hydrogel areas in the ETFE/hydrogel sandwich was character-
ized by focus-variation optical scanning and revealed the desired
backing of the ETFE partition apertures with the composite
hydrogel (Figure 1C). We evaluated the arithmetical mean rough-
ness R, of the hydrogel surface inside each aperture from

1
— 1] vl (1)

which corresponds to averaging over a section of standard length [
sampled from mean value curves (described by f(x)) on the optical
scan roughness chart. From this the average R, value of an ETFE/
hydrogel surface fabricated using the mold method was deter-
mined to be 1.036 &+ 0.178 um (mean =+ SD, n = § scans). By
comparison, R, is 0.583 £ 0.088 um (mean + SD, n = 5 scans) for
aglass—hydrogel interface prepared on a glass slide. The difference
reflects the increased roughness of the mold-cast, air-cured inter-
face of the hydrogel. The surface roughness corresponds to an
increment of the interfacial area of the sampled surface area relative
to an ideally flat surface. The increment, or surface area ratio Sy,, of
the hydrogel surface relative to the area of the projected x—y
surface, can be determined from

M—-2N-2
Z Z Akl —1)(N—1) 6x5y
k=0 I=0
Su = (M—1)(N—1) ox o X100 (2)

where M and N represent the numbers of pixels in the x and y
directions, respectively, and

i<\/5y2 + (2(xi 1) — 2(x, 311 1))

Ay =

/092 + (el 1) — 2o 1+ 1>>2>

X <\/6x2 + (2(xw 1) — 2(x 4+ 1,9))°

+ \/(3962 + (2(oeyr 1) — 2%+ Ly 4+ 1))2) (3)

The surface area ratio is 11% for the ETFE/hydrogel support.
Figure 1A shows the ETFE/hydrogel support. A pore size
distribution analysis of the composite hydrogel, based on envir-
onmental scanning electron microscopy image analysis, showed a
bimodal distribution with some pore diameters of <500 nm and
the majority of the pore diameters between 2 and 5 um. The
smaller pores (with radii less than the surface roughness) reflect
some degree of interfacial skin layer formation.** However, water

flux and electrlcal propertres of the composite hydrogel were not
affected by this.”* The composite hydrogel support covered the
apertures with marginal penetration into the apertures (see
Figure 1D).

Using the ETFE/hydrogel sandwich support, we established
lipid membranes across 8 X 8 aperture arrays. ETFE partition
arrays without hydrogel served as the reference. Membranes
were formed by manually applying a lipid —decane solution to the
apertures.'” The membrane-forming solution contained DO-
TAP and PEG-conjugated lipid. The rationale behind including
the cationic DOTAP comes from the observation that DOTAP is
able to electrostatically “stitch” gel-state bilayers together to form
defect-free membranes of several square micrometers; therefore,
DOTAP can be seen as a bilayer-stabilizing agent.”**® PEG-
conjugated lipids were included to provide a soft cushion for the
bilayers resting on top of the hydrogel surface.” The array electric
specific capacitance, C,,, and specific resistance, R, for the free-
standing and the hydrogel-supported membranes are shown in
Figure 2.

When using apertures without a cast hydrogel support, the
membranes appeared thick and did not thin automatically, as
evidenced by a stable, low membrane array specific capacitance
not exceedin ng 0.06 uF/cm” (Figure 2A). In contrast, Cy, values of
0.35 uF/cm” were observed for membranes formed on ETFE/
hydrogel directly after membrane formation, indicating thin,
decane-containing lipid bilayer membranes. Two trends in the
specific capacitance values were observed for the hydrogel-
supported membranes after membrane formation: (1) the
specific capacitance stabilized at C = 0.30 uF/cm’, which is
comparable to the 0.3—0.4 ptF /cm” reported for decane contain-
ing free-standing bilayers;”” (2) the membranes spontaneously
thmned further, and average specific capacitance values of 0. 6
UF/cm® were observed, occasionally exceeding 0.9 «F/cm®
(Figure 2A). Theoretical estimates for the specific capacrtance
of solvent-free hprd bilayers range from 0.75 to 0.81 #F/cm?,
while 0.78 uF/cm” was found experrmentally for “solvent-free”
membranes formed from squalene.”® Our measurements sug-
gest that the membranes formed in ETFE/hydrogel sandwiches,
if not solvent-free, then at least contain only a small solvent
fraction. The “solventless” membranes thus formed should be
favorable for protein incorporation. On the basis of these results,
we conclude that the hydrogel support significantly facilitates the
formation of thin BLMs in the aperture arrays without the need
for the manual thinning (painting) that is typically necessary
to form thin membranes. Alternatively, the increase in specific
capacitance observed for the supported BLMs (Figure 2A) could
be attributed to an increase in the effective bilayer area due to
hydrogel surface corrugation or due to a surface-induced expul-
sion of hydrocarbon solvent. Since the increment of the inter-
facial area is <11%, we conclude that the increase in capacitance
is mainly due to an induced thinning of the lipid film. The average
specific membrane resistance R,,, was above 10°> Q cm? for all
membranes (Figure 2B), indicating that the thinned membranes
formed in the ETFE/hydrogel arrays cover all apertures in the
array, as rupture of even a single aperture membrane would lead to a
several-orders-of-magnitude increase in membrane conductance.”***
Furthermore, both the C,, and R,, values are corngarable with
reported results obtained for PEG-cushioned bilayers."

Figure 2 monitors the lifetime of the membranes until the first
out of 64 membrane apertures ruptures, leading to an immediate
increase in total conductance. After 15 min, membrane rupture
occurred in the free-standing, non-thinned membranes. By
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Figure 4. Current trace of a hydrogel-supported BLM indicating the
formation of 0-HL pores (mean step size 57 pA).

comparison, the first membrane ruptured after 60 min in the
hydrogel-supported membrane arrays. Thus, addition of the
composite hydrogel support significantly increased the time until
first rupture. Although some membranes lasted for many hours
with Cy, values >0.9 uF/ cm?, we believe that observing the time
of first rupture as a better way to quantify membrane array
lifetimes instead of reporting the “best mode” (i.e., the longest
living membranes in each case), which may only correspond to a
small number of successful experiments.

To obtain further insight into the membrane thinning, we
used fluorescence microscopy to image formed membranes
(Figure 3). Free-standing lipid films are thick, as indicated by
the apertures being evenly filled with fluorescently labeled lipids
(Figure 3A), and did not thin spontaneously until the time of first
aperture rupture. When using the ETFE/hydrogel sandwich
array structure, the lipid bilayer membranes formed immediately
upon applying the lipid solution and thinned spontaneously with
negligible Plateau—Gibbs tori (Figure 3B,C). The negligible
Plateau—Gibbs tori and the apparent reduction in the dia-
mond-shaped lipid area between apertures (compare part A with
parts B and C of Figure 3) indicate that excess decane solvent
from the lipid solution has been “squeezed out” during the
membrane self-assembly and thinning process. The bright,
nebulous region in Figure 3B is the residual bilayer-forming
solution (primarily decane). In the horizontal chamber used, this
solution floats to the water/air interface and thus appears as a
diftuse area since the microscope focus plane is kept at the level of
the upper surface of the ETFE/hydrogel sandwich. Over time
this excess solution accumulates along the inner rim of the
chamber outside the microscope field (compare part B with part
C of Figure 3). To confirm the existence of thin lipid membranes
located in the aperture array and demonstrate the functionality of
the hydrogel-supported BLMs, a-hemolysin (a-HL) was added
to the cis chamber of an existing hydrogel-supported BLM while
the current trace of the BLMs was measured. The results are
shown in Figure 4. The measurement was performed with a
transmembrane potential of 60 mV in 10X PBS to obtain a
suflicient signal-to-noise ratio for voltage-clamp recording of
the 8 X 8 BLM array. In less than 1 min, 0.-HL heptamer
channel formation in the membrane was observed as indicated
by a stepwise increase in the current with a mean single

channel current amplitude of 57 pA, which compared well
to previously reported values obtained at equivalent ionic
strength.”

In conclusion, we designed a highly water permeable compo-
site hydrogel support consisting of polyHEMA, PEG, and silica
particles to create a support for lipid membranes formed across
an array of apertures in an ETFE partition. The hydrogel support
significantly facilitates the formation of thin BLMs in the aperture
arrays without the need for the manual thinning (painting) that is
typically necessary to form thin membranes. The solventless
hydrogel-supported membranes form rapidly over arrays of
apertures and thin spontaneously with an increase rather than
a decrease in membrane array lifetime, as compared to thicker,
solvent-containing, free-standing membranes. Successful incor-
poration of a-hemolysin demonstrated that the BLMs are fully
functional in close proximity to the polymeric material. With this
approach, rapid fabrication of large arrays of BLMs that allow
large flux transport across the supported membranes should be
feasible.
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Abstract

Biomimetic membranes constructed of self-assembling triblock copolymers with a hydrophilic-
hydrophobic-hydrophilic pattern show promise as model systems of biological membranes and
for biosensor applications. Polymer membranes are typically more stable than lipid membranes
and they can be easily modified to control membrane properties. For many biosensor
applications a solid-supported polymeric membrane allowing insertion of functional
transmembrane proteins is required. Previously it has been shown that functional transmembrane
proteins can be incorporated in PMOXA-PDMS-PMOXA polymer vesicles, but these vesicles do
not form a planar monolayer on a support. Here we tested how the rupture propensity of hybrid
triblock copolymer- lipid vesicles could be tuned to create either vesicular or planar membranes
on solid supports. Specifically we combined PMOXA 5-PDMS;o-PMOXA ;5 triblock copolymer
and zwitterionic or positively charged lipids at several ratios and demonstrated that planar
supported membranes or immobilized vesicles could be formed on mica and quartz and that the

type of membrane structure formed depends on the lipid/polymer ratio.
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Introduction

Lipid bilayers and biomimetic copolymer membranes are available for use both as model
systems, for example to investigate membrane protein insertion' and activity” °, and for
applications, including screening platforms for drug discovery®, biosensors™ °, and
immunoassays’. While lipids have the advantage of being better understood and of being similar
to the native environment for membrane proteins, copolymer membranes also have some
advantages, particularly in the area of stability. For example, polyethyleneoxide-
polyethylethylene (PEO-PEE) vesicles are 5-50 times tougher than lipid membranes® and exhibit
greater thermal and temporal stability’. Another promising biomimetic membrane consists of a
triblock hydrophilic-hydrophobic-hydrophilic copolymer (poly-(2-methyloxazoline)-
polydimethylsiloxane-poly-(2-methyloxazoline) or PMOXA-PDMS-PMOXA). Functional
incorporation of a variety of transmembrane proteins in PMOXA-PDMS-PMOXA triblock

2, 3, 10-19
copolymers has been demonstrated™ >

. There are also many possibilities for engineering
block copolymer membranes to achieve the desired combination of properties, by adjusting
parameters such as the block length, molecular weight, chemical composition,
hydrophilic/hydrophobic balance and molecular architecture™.

For many biosensor applications and analytical techniques it is desirable to produce planar,
solid-supported membranes. Techniques for developing such membranes are more advanced for
lipids. Planar lipid membranes can be made in the apertures of hydrophobic scaffolds either by
painting solvent-containing black lipid membranes across the aperture®', by folding solvent-free
lipid monolayers across the aperture so that they are either free-standing22 or by supporting them

. . . . 2326
on a solid surface via a soft polymeric cushion

. Planar supported lipid membranes on a solid
support can be made by Langmuir-Blodgett (vertical) or Langmuir-Schéfer (horizontal) transfer

3



from a water-air interface’’ or through vesicle collapse®®. For vesicle collapse, the solid supports

29-31

must be hydrophilic, and common support materials include silica and freshly cleaved

mica’® **. Similar to the scaffolding method, vesicles can be collapsed either onto bare substrate

34-37

or with a cushioning layer Common cushions include poly(ethylene glycol)*® and

p01y31€Ctr01ytesz6, 39-42

. Various strategies are used for incorporation of membrane proteins into
lipid membranes. Peptides can be directly inserted into free-standing lipid membranes from
solution, some proteins can be added from solution with the aid of a suitable detergent, whereas
other more bulky proteins can only be added by inserting them into proteoliposomes which are
subsequently fused with the planar lipid membrane'. It is difficult to incorporate transmembrane
proteins into the lipid bilayer with the Langmuir-Blodgett and Langmuir-Schifer technique®,
because prior to transfer portions of the proteins within the monolayer are exposed to air and can
become irreversibly denatured. Protein insertion into solid-supported lipid membranes is most
commonly carried out by inserting the protein into proteoliposomes and collapsing them on the
solid surface. A problem that arises is that the distance between the lipid membrane and the
support is less than 2 nm™* and the inserted protein which typically extends up to tens of nm from
the membrane™ hits the surface and becomes denatured. The distance from the membrane to the
support can be increased by adding a spacer layer, such as a cushioning polymer layer.
Solid-supported, planar copolymer membranes have been made by vesicle deposition®, by
synthesis on a gold surface and subsequent detachment*®, and by Langmuir-Blodgett transfer®’.
We focus in the current work on vesicle deposition because it presents the fewest obstacles for
incorporation of membrane proteins. However, the high rupture strength of these triblock
copolymer vesicles presents some difficulty for this method. Previous work used a charged

copolymer to facilitate adsorption™. In this work, we investigated the possibility of using mixed

lipid-copolymer vesicles to facilitate formation of a planar membrane. The occurrence of mixed
4
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vesicles has been documented*” **, but to our knowledge the deposition and rupture properties of
such vesicles have not been reported before.

We synthesized vesicles with different ratios of PMOXA |5-PDMS;p-PMOXA 5 copolymer to
zwitterionic or positively charged lipids and investigated the deposition and rupture of these
vesicles on quartz and mica. We characterized the mixed polymer/lipid vesicles by transmission
electron microscopy (TEM), dynamic light scattering (DLS) and osmotic shock stopped-flow
measurements, and investigated their deposition behavior with quartz crystal microbalance with
dissipation (QCM-D) and atomic force microscopy (AFM). These mixed lipid-polymer vesicles
show promise for formation of robust membranes and can be designed either for tethering of

vesicles or formation of planar, solid-supported membranes.



Materials and methods

Materials. PMOXA 5-PDMS;;)-PMOXA ;s was a kind gift from Dr. Wolfgang Meier at the
University of Basel, Switzerland. 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC, 25
mg/ml in chloroform) and 1,2-dioleoyl-3-trimethylammonium-propane (DOTAP, 10 mg/ml in
chloroform) were purchased from Avanti Polar Lipids (Alabaster, USA). Dodecyl maltoside
detergent sol grade was purchased from Anatrace (Santa Clara, USA). Sodium azide and

chloroform were purchased from Sigma (St Louis, USA).

Vesicle preparation. Mixed lipid-polymer vesicles were prepared by dissolving PMOXA ;s-
PDMS,p-PMOXA s ABA polymer in chloroform (2 ml) and adding POPC or DOTAP in the
specified molar ratios (0, 33, 67, 89, 100% lipid) and using a film rehydration technique'®. A
thin lipid-polymer film was formed by evaporating the solvent in a round-bottomed flask using a
rotary vacuum evaporator (vacuum <110 mbar) at room temperature. Trace chloroform was
removed under a high vacuum (<2.5 mbar) for 1- 2 hours before the dried lipid polymer film was
rehydrated with 2.8 mM PBS (8 g.L"' NaCl, 0.2 g.L"' KCI, 0.144 gL' Na,HPO,, 2.4 gL’
KH,POy4, pH 7.2) containing 0.04% dodecyl maltoside and 0.13% sodium azide to a final lipid-
polymer concentration of 6 mg/ml. The films were sonicated to ensure that the polymer lifted off
from the bottom of the flask. The films were rehydrated at 4° C under continuous rotational
stirring for 24 hours. The resulting multilamellar vesicles were extruded using a pneumatic
thermobarrel extruder (Northern Lipids, Burnaby, Canada) through 0.6 pm and 0.2 pm track-
etched Isopore™ membranes (Millipore, Billerica, MA, USA) 5 and 11 times respectively. The

vesicles were purified by size-exclusion with a Superdex 200 pressurized column (GE
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Healthcare, Piscataway, NJ, USA) using an Akta prime plus instrument (GE Healthcare,

Piscataway, NJ, USA). The fraction corresponding to the vesicles was collected after 10 minutes.

Vesicle characterization. The hydrodynamic diameter and zeta potential of the vesicle
preparations were determined using dynamic light scattering and electrophoretic light scattering,
respectively, on a 4W Zetasizer Nano-ZS90 (Malvern Instruments, Malvern, UK) with a He-Ne
standard laser, wavelength 632.8 nm and 90° scattering angle. Three 10-measurement series
were taken for each preparation and averaged. The refractive index for the vesicles was set as
1.48%. Zeta potential measurements were carried out at 25°C with an equilibration time of 2
minutes and signal processing used M3-PALS (second generation Phase Analysis Light
Scattering) to measure the particle electrophoretic mobility. Zeta potential was calculated using a
built-in monomodal analysis model assuming the Smoluchowski approximation and a dispersant
viscosity of 0.8872 cP.

In preparation for transmission electron microscopy, thin film holey carbon grids (Ted Pella,
Redding, CA, USA) were glow-discharged with a Denton DPG-1 glow-discharge system
(Denton Vacuum Inc., Moorestown, NJ, USA) at a glow current of 200 mA for 2 minutes to
make them hydrophilic. Vesicle samples were allowed to adsorb on the grid surface for 2
minutes, stained with 1% uranyl acetate (SPI, West Chester, PA, USA) for 30 seconds, and air-
dried. Vesicles were viewed with a 2100 Cryo transmission electron microscope (JEOL, Tokyo,

Japan) at 200 kV.

Vesicle permeability determination. Vesicle permeability to water was determined using an

SX.18MV-R stopped-flow spectrometer (Applied Photophysics, Surrey, UK) with light

19, 50

scattering . The vesicles were subjected to a hyperosmotic shock by mixing them with an



equal volume of 1 M NaCl PBS pH 7.2. The change in vesicle size with water efflux was
monitored by light scattering at 600 nm. Six or more light scattering curves per sample were
averaged and fitted using an exponential rise equation in Origin (version 8.1) to obtain the

exponential rise rate constant, k. Water permeability was calculated using
Po=k/| SIV, -V, Ay, | (1.1

where S/V, is the initial vesicle surface area to volume ratio, V,, the molar volume of water (18
cm’/mol), and A, is the difference in osmolarity (1 osmol/L) driving the shrinkage of the
vesicles. The hydrodynamic radius of the vesicles was derived from dynamic light scattering

data.

Quartz crystal microbalance with dissipation monitoring. We used a QCM-D300 system
and polished AT-cut, 5 MHz quartz crystals (Q-Sense AB, Gothenburg, Sweden) to measure
deposition kinetics of vesicles on a bare silica surface, using the software Q-Soft for data
collection. The application of the QCM-D technique for determining deposition kinetics is
described in Rodahl et al*". Briefly, the QCM-D technique monitors the change in frequency of
vibration due to deposition of wet mass on the quartz crystal sensor. As wet mass deposits onto
the quartz sensor, the frequency of vibration decreases. During ideal conditions, there is a linear
relationship between the change in frequency Af and the mass coverage (in ng/cm?) Am. The

mass coverage can be calculated with the Sauerbrey equation:
c
Am=—Af  (1.2)
n

where ¢ (=17.7 ng cm™ Hz™* at f=5 MHz) is the mass-sensitivity constant and n (=1, 3, ...) is

the overtone number. Combined frequency and energy dissipation measurements give
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information about both the adsorbed amount (Af) and the viscoelastic properties (AD) of the
adsorbed film.

The fractional bilayer coverage was calculated as previously described by Graneli et al* based
on two assumptions: (i) The water-exposed domains on a planar SPB do not contribute
significantly to D. (ii) There exists a linear relationship between the dissipation change at
saturation and liposome size, as previously demonstrated for pure PC liposomes in the size
regime between 25 and 200 nm. The fractional bilayer coverage, a, and fractional coverage of
intact liposomes, 1 - a, are estimated using

a=1-ADy,
AD, = x®

| AD,, (1.3)

where ADy,, is the dissipation value expected when a=0, i.e., for the whole surface covered by
intact liposomes, ADj, is the actual measured change in D at saturation, @ is the liposome
diameter (Table 1) in nanometers, and x=0.15 is the proportionality constant between the change
in D for nonruptured liposomes on TiO,”' and the liposome diameter (change in D/nm of
liposome diameter).

The thickness of the adsorbed film was obtained using a built-in Voigt model in the software
Q-tools. In this model the adsorbed film is represented by a homogeneous thickness, viscosity,
and complex shear modulus. All data shown was measured at the third harmonic, n=3, i.e., at 15
MHz. For clarity, the frequency response is divided by 3 in all graphs (this makes the data
directly comparable to data measured at n = 1, for ideal conditions).

Before each experiment, the silica sensors were soaked in 2% Hellmanex Il (Hellma GmbH &
Co. KG, Miillheim, Germany) cleaning solution for 30 min, rinsed thoroughly with DI water,

dried with ultra high-purity N, and treated in an ozone/UV chamber (BioForce Nanosciences



Inc., Ames, IA) for 30 min. To ensure that the silica surface was maintained, we discarded the
sensor after seven uses. All test solutions were fed into the chamber using a syringe and
adsorption was measured in stagnant conditions. For each experiment, the silica sensor frequency
and dissipation in air and in double distilled water were measured as a quality control of the
sensor. A baseline was obtained in PBS buffer pH adjusted to 7.2, with the frequency signals
stabilized at an approximately 2 Hz change in frequency over 10 min. 1 ml of vesicles were
injected and allowed to deposit on the silica sensor until the frequency signal stabilized at an
approximately 2 Hz change in frequency over 10 min. More vesicles were injected until no
further increase in frequency was observed. PBS buffer was thereafter added to remove any
unadsorbed vesicles. Then 1 ml of 5 mM CaCl; was injected and the signal was monitored for 10
minutes. Then the system was allowed to equilibrate with PBS buffer again. Each experiment

was repeated at least two times.

Atomic force microscopy. Visualization of the deposited mixed vesicles on the hydrophilic
surface of mica (SPI Supplies Division of Structure Probe, Inc., West Chester, PA) was
determined with an MFP-3D atomic force microscope (Asylum Research, Santa Barbara, CA,
USA) in tapping mode in air with a Si cantilever with aluminum reflex coating (Tap300Al,
Budget Sensors, Sofia, Bulgaria) at room temperature. The length of the cantilever was 125 um,
the resonant frequency 300 kHz, and the force constant 40 N/m. 20 ul of vesicle solution was
incubated on a freshly cleaved mica surface for 2 minutes, rinsed with 1 ml DI water, blotted
with a kimwipe at the edge of the mica, and allowed to dry for 10 minutes. Vesicle adsorption
time was reduced to 2 minutes to obtain bilayer patches rather than a flat continuous bilayer

formation.
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Results and discussion

Large scale flat polymer membranes with incorporated proteins are desirable for some
applications. So far these have not been made, because the methods for making the polymer
membranes flat preclude incorporation of functional, correctly folded transmembrane proteins.
Recently, functional incorporation of a variety of transmembrane proteins in PMOXA-PDMS-

PMOXA triblock copolymer vesicles has been demonstrated (> > '*"°

). However these block
copolymer vesicles have a high rupture strength and do not readily form a planar monolayer on
a support surface by vesicle rupture®. Mixing triblock copolymers with lipids may improve
vesicle rupture, a strategy which is promising in terms of transmembrane protein functionality.
Some studies have shown that it is possible to make mixed lipid/block copolymer vesicles*” **.
In this work, we combine triblock PMOXA-PDMS-PMOXA copolymers and lipids and
demonstrate that we can form mixed vesicles and characterize their size, charge and permeability
properties. Then we address whether addition of lipids improved vesicle deposition and rupture
properties and allowed us to form planar membranes or tethered vesicular membranes on two
hydrophilic supports — quartz and mica. We show how the type and concentration of lipid added
to the triblock copolymer can be used to tailor whether the planar membrane configuration, the

tethered vesicular configuration or a tethered vesicular configuration that can be triggered to

form a planar membrane is achieved.

Vesicle systems investigated

Unilamellar vesicle populations were prepared from poly-(2-methyloxazoline);s-poly-
(dimethylsiloxane); jo-poly-(2-methyloxazoline);s (ABA) polymer, 1-palmitoyl-2-oleoyl-sn-

glycero-3-phosphocholine ~ (POPC)  lipids, 1,2-dioleoyl-3-trimethylammonium-propane
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(DOTAP) lipids as well as from mixtures of POPC:ABA and DOTAP:ABA. A POPC lipid has a
zwitterionic headgroup, whereas a DOTAP lipid has a positively charged headgroup. POPC and
DOTAP lipids were selected to compare the effect of using a charged or a zwitterionic lipid in
the mixed vesicles. Vesicles with the following compositions were prepared: POPC, 89 mol%
POPC: 11 mol% ABA, 67 mol% POPC:33 mol% ABA, 33 mol% POPC:67 mol% ABA,
DOTAP, 89 mol% DOTAP:11 mol% ABA, 67 mol% DOTAP:33 mol% ABA, 33 mol%

DOTAP:67 mol% ABA and ABA.

Characterization of vesicles and proof of lipid-polymer mixing

To take advantage of the properties of both lipids and polymers, the two materials need to be
present in the same membrane. All vesicles were characterized by transmission electron
microscopy (TEM), dynamic light scattering (DLS), electrophoretic light scattering (ELS) and
osmotic shock stopped-flow measurements to address lipid-polymer mixing.

Visual examination of vesicles. In TEM, POPC (fig. 1a) liposomes adsorbed to the
hydrophilic grid and did not resist dehydration in TEM, leading to collapsed structures in
vacuum. DOTAP (fig. 1b) liposomes were difficult to find on the hydrophilic grid. ABA vesicles
(fig. 1c) formed spherical particles which did not shrivel. All ABA/POPC mixtures resulted in
the formation of spheres similar to those obtained for ABA alone and did not give rise to two
distinct populations of vesicles (fig. 1d). ABA/DOTAP mixtures also formed a single population
of spherical vesicles (fig. 1f), with the exception of 89 mol%DOTAP:11 mol% ABA (fig. le),
which resulted in fused structures.

Vesicle size and charge. DLS measurements showed that POPC, DOTAP and ABA vesicles

had an average hydrodynamic diameter of 159 nm, 160 nm and 198 nm respectively (table 1)
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and that the ABA/lipid mixtures ranged from 105 nm to 217 nm. Table 1 shows that each
ABA/lipid mixture gives rise to a monomodal vesicle population.

ELS measurements showed that vesicles composed of DOTAP, a positively charged lipid, had
a zeta potential of +36 mV and vesicles made up of POPC, a zwitterionic lipid, had a zeta
potential of ca 0 mV. Addition of ABA to DOTAP lipid resulted in a drastic reduction of zeta
potential.

Three lines of evidence suggest that mixed lipid-polymer vesicles were formed in the current
work. First, DLS showed that we have a uniformly sized vesicle population and second TEM
was consistent with this showing that the vesicle population was visually uniform. Thirdly, even
more compelling evidence of mixing for DOTAP-containing mixed vesicles was that the
zetapotential of DOTAP was screened in the presence of ABA, which means that the ABA and
DOTAP molecules must reside within the same vesicle. Thus TEM, DLS and ELS results are
consistent in that hybrid vesicles are formed when using a mixture of ABA and lipids. These
results are also consistent with a study in Wolfgang Meier’s group™, which showed that it is
possible to make mixed PMOXA-PDMS-PMOXA/egg-PC/egg-PE vesicles and that the mixing
is homogeneous on a molecular scale. We have not addressed whether PMOXA-PDMS-
PMOXA/POPC and PMOXA-PDMS-PMOXA/DOTAP mix homogeneously or whether they
separate to make patches (fig. 2). Another question that remains is whether ABA spans the
membrane fully or only inserts partially (fig. 2) and how the ABA insertion is affected by the
polymer to lipid ratio.

Vesicle permeability and strength. Since the ABA block copolymer has a larger hydrophobic
thickness than a lipid membrane, we wanted to see how the presence of a hydrophobically

thicker ABA affected the water permeability of the vesicular membrane and whether the mixed
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vesicles could withstand osmotic pressure better than lipid vesicles. This also provides insight
into how the ABA inserts into the membrane. We investigated the vesicles’ water permeability,
Py, with stopped flow measurements and found that mixed vesicles are more impermeable to
water than pure lipid vesicles (fig. 3 and table 4). DOTAP vesicles had a Pyof 13.2 pm/s, which
compares well to P,(E.Coli total lipid extract)=15 um/s at 6.5°C reported by Agre™. Zwitterionic
POPC vesicles had a higher P, of 22.6 pm/s at 10°C. This value deviates greatly from what is
reported for POPC in the literature (P=72+18 pm/s>?), but could be because this value is
obtained by another method (fluorescence quenching). A polymer content of 11 mol% ABA in
the mixed vesicles reduced the water permeability threefold compared to pure POPC vesicles
and by a third compared to pure DOTAP vesicles. A molar content of polymer exceeding 33%
makes vesicles very water impermeable, such that a normalized light scattering could not be fit
to an exponential function and it was not possible to obtain a P, value. Water permeability of
ABA vesicles measured with a more sensitive apparatus has been reported to be 0.8 pm/s',
significantly lower than the water permeability of pure lipid membranes. The decrease in water
permeability with an increased ABA content suggests that the vesicular membrane becomes
thicker, which may be due to a progressive change from partial ABA insertion into the
membrane to ABA fully spanning the membrane. Increasing polymer content provides the mixed
vesicles with an impassive barrier, an attractive property for vesicles used as drug delivery
vehicles.

The strength of the ABA-containing vesicles is also demonstrated in TEM and stopped flow
experiments. The TEM images show that lipid vesicles shrivel in vacuum, whereas ABA vesicles
are more robust and maintain their spherical shape. Mixed lipid/polymer vesicles, similarly to
ABA vesicles, do not rupture in vacuum (except 89 mol% DOTAP:11 mol% ABA), which

shows that they gain stability from the addition of ABA polymer.
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In stopped flow measurements the vesicles were exposed to a hypertonic solution, which
created a nominal osmotic pressure of 23 bars across the vesicle membrane. This osmotic
pressure makes internal vesicle water efflux through the vesicle membrane by osmosis and
results in shrinkage of the vesicles. Pure lipid vesicles experienced a detectable change in size,
and had a measurable water permeability. 89 mol% lipid:11 mol% ABA vesicles had a lower
water permeability than pure lipid vesicles, which means that they were less sensitive to the
osmotic pressure. At ABA content of 33 mol% or more, we could not see a change in vesicle size
at 23 bars osmotic pressure, which means that the vesicles could better withstand this pressure.
Increasing polymer content provides the mixed vesicles with an ability to withstand higher

osmotic pressure.

Vesicle deposition and rupture on quartz and mica

Having proved that lipids and polymers can be mixed in the same vesicles, we investigated
whether their deposition and rupture properties on a solid hydrophilic support were changed and
could be tailored by varying the mixing ratio.

The deposition kinetics of lipid, polymer and mixed lipid/polymer vesicles on a quartz support
were studied with QCM-D, where a decrease in resonance frequency corresponds to an increase
in bound mass and an increase in dissipation indicates an increase in the softness of the bound
film. QCM-D shows both the adsorption kinetics of vesicles on a quartz substrate and can be
used to lean about the layer formed when the adsorption reaches equilibrium.

Adsorption Kkinetics of vesicles on quartz. Pure lipid vesicles differed significantly in
adsorption kinetics on quartz depending on the choice of lipid. Adsorption of pure POPC

vesicles onto silica (fig. 4b A) is a two-phase process. In the first phase the frequency decreases
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monotonically and the dissipation increases monotonically until they reach an extreme at Af=-56
Hz and AD=5.9-10°, and in the second phase the frequency increases again and the dissipation
decreases until they reach equilibrium at A/=-36 Hz and AD=1.8-10"°. This behavior is similar to
a response previously reported for adsorption of egg-PC vesicles on silica by Keller and
Kasemo®?, and is interpreted as follows: in the initial phase vesicles adsorb onto the surface up to
a critical surface coverage and in the second phase the vesicles rupture and form a continuous
supported lipid bilayer.

Adsorption of pure DOTAP vesicles onto silica (fig. 4c A) is a one-phase process. Upon
adsorption, the frequency decreases to an equilibrium of Af=-30 Hz and the dissipation increases

I as immediate

up to AD=3.6-10°. This adsorption behavior was interpreted by Richter et a
onset of bilayer formation at low vesicular surface coverage.

ABA vesicles adsorbed on quartz in a one-phase process (fig. 4a), with an equilibrium of Af=-
42 Hz and AD=11.8-10°. Although the equilibrium Af for ABA is similar to that for pure lipid
vesicles indicating that a similar bound mass is obtained, the AD for ABA vesicles is much
larger, indicating that it forms a softer layer. That the layer is soft is indicative of that the layer
contains a lot of water, typical of vesicles.

POPC:ABA mixed vesicles (fig. 4b) adsorbed on quartz in a one-phase process with -300
Hz<Af<-138 Hz and 24-10°<AD<49-10°. The Af is tenfold higher for mixed POPC:ABA
vesicles than for pure POPC or pure ABA vesicles, which corresponds to a tenfold higher mass
coverage. The high AD values are indicative of an adsorbed vesicular layer.

89 mol% DOTAP:11 mol% ABA (fig. 4c 0) had a similar adsorption behavior to DOTAP

vesicles, reaching a low Af=-70 Hz and AD=5.7-10°. 67 mol% DOTAP:33 mol% ABA (fig. 4c

0) and 33 mol% DOTAP:67 mol% ABA (fig. 4c o) had a similar adsorption behavior to
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POPC:ABA vesicles with a high |Af] and a high AD, reaching Af=-115 Hz and Af=-120 Hz

respectively.

Biomimetic membrane formed on quartz (scenario I-III). When vesicle adsorption reached
equilibrium and steady frequency and dissipation values were reached, we calculated the mass
coverage, the fractional bilayer coverage, the degree to which the vesicles were deformed and the
thickness of the adsorbed layer as described in methods (table 2). Since the mass coverage
values, Mpiiayer, €xpected for a fully ruptured membrane are similar (table 2), the large observed
differences in mass coverage are attributed to a difference in water content inside the vesicles.
While the mass coverage quantifies the amount of water in the adsorbed layer, the fractional
bilayer coverage, a, tells what percentage of vesicles rupture on the quartz surface. The ratio
ADy,/Afsin can be used as a measure of vesicle deformation. A high ratio corresponds to a low
degree of deformation (spherical vesicles) and a low ratio to a high degree of deformation (much
flatted vesicles or bilayer). The film thickness was obtained from the QCM-D data using a Voigt
model.

We found that we could obtain three scenarios depending on the type and amount of lipid
added (see fig. 6). In scenario I, vesicles adsorbed to the quartz substrate and ruptured to form a
planar biomimetic membrane. In scenario II vesicles adsorbed until the quartz surface was
saturated, but did not rupture even upon addition of the fusogen calcium and finally in scenario
III, vesicles adsorbed until the quartz surface was saturated with vesicles and could be made to

rupture by adding calcium.
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Scenario I

In scenario I, vesicles adsorbed to the quartz substrate and ruptured to form a planar supported
biomimetic membrane. Vesicle compositions that were found to follow this scenario were pure
lipid vesicles (POPC and DOTAP) and mixed DOTAP:ABA vesicles consisting of
predominantly DOTAP (89 mol% DOTAP:11 mol% ABA and 67 mol% DOTAP:33 mol%
ABA). The evidence that indicates that these vesicles follow scenario I is based on the mass
coverage of the membrane, the fractional bilayer coverage, the degree of vesicle deformation as
well as the thickness of the membrane.

POPC vesicles adsorbed on quartz up to a mass coverage of 982 ng/cm” and in the second
phase experienced a loss of mass coverage down to 637 ng/cm”. The decrease in mass coverage
is attributed to rupture of the POPC vesicles at a critical coverage and release of the
intervesicular water. The mass coverage did not decrease to the mass coverage expected for a
bilayer, 388 ng/cm’®, which means that not all POPC vesicles ruptured and released their
intervesicular water. The deformation ratios for POPC vesicles were higher than what is
expected for POPC bilayers®, which is consistent that complete bilayer coverage was not
obtained. The mean thickness of the adsorbed POPC film was 9 nm, which is higher than
expected®®, and is due to the presence of a few nonruptured POPC vesicles. The fractional
bilayer coverage was calculated to quantify what area percentage of the quartz sensor was
covered with lipid bilayer, and this was found to be 93%, which means that only 7% of the
sensor area is occupied by POPC vesicles. QCM-D showed that POPC vesicles adsorbed and
ruptured on quartz to make supported lipid bilayers, which is consistent with previous studies™.

DOTAP vesicles adsorbed on quartz with a low mass coverage and no change in mass
coverage was observed. This is interpreted as immediate onset of DOTAP vesicle rupture upon

adsorption to the quartz surface together with release of intervesicular water. The deformation
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ratios for DOTAP vesicles are higher than what is expected for DOTAP bilayers™, which is
consistent that complete bilayer coverage was not obtained. DOTAP vesicles directly adsorb on
quartz as films with a thickness of 7 nm. The fractional bilayer coverage values showed that 86%
of the sensor area is occupied by DOTAP lipid bilayer and 14% by DOTAP vesicles. QCM-D
showed that DOTAP vesicles adsorbed and ruptured on quartz to make supported lipid bilayers,
which is consistent with previous studies®®.

89 mol% DOTAP:11 mol% ABA vesicles had a higher mass coverage than pure DOTAP
vesicles, and no decrease in mass coverage was observed, which is interpreted as immediate
onset of vesicle rupture upon adsorption to the quartz surface. The adsorbed film had a mean
thickness of 14 nm, which is attributed in part to the presence of a small percentage of vesicles
and in part to an increase in thickness due to the presence of ABA polymer in the membrane.
The fractional bilayer coverage values showed that 79% of the sensor area is occupied by
DOTAP lipid bilayer: ABA monolayer/bilayer and 21% by vesicles.

67 mol% DOTAP:33 mol% ABA vesicles had a high mass coverage, which means that they
had a high water content. The film thickness was 66 nm, which indicates that vesicles are
flattened on the surface, which is consistent with the deformation ratio. The fractional bilayer
coverage value shows that a small portion, 17%, of the sensor area is covered by DOTAP lipid

bilayer: ABA monolayer/bilayer and 83% by flattened vesicles.

Scenario 11

In scenario II vesicles adsorbed until the quartz surface was saturated, but did not rupture even

upon addition of the fusogen calcium. Vesicle compositions that were found to follow this
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scenario were pure polymer vesicles and mixed lipid: ABA vesicles consisting of predominantly
ABA (33 mol% DOTAP:67 mol% ABA and 33 mol% POPC:67 mol% ABA).

Pure polymer vesicles adsorbed as a soft (high ADj,/Af;,) layer with a low mass coverage (734
ng/cm?) on quartz. The ABA film had a thickness of 81 nm, which together with the deformation
ratio indicates that ABA vesicles adsorb and are flattened on the surface (DLS indicated that the
vesicles have a hydrodynamic diameter of 198 nm). Interestingly, these are more flattened than
vesicles containing 67 mol% ABA. We attribute the low mass coverage to steric repulsion of the
polymer chains, which cause the polymer vesicles to pack less efficiently than the lipid-
containing vesicles. Addition of calcium had no effect on the adsorbed ABA vesicles.

33 mol% POPC:67 mol% ABA vesicles had a high mass coverage (5310 ng/cm?) indicating a
large water content in the adsorbed layer. The deformation ratio for this composition is highest of
all the POPC-containing vesicles, which means that these vesicles are the least flattened on the
surface, which is consistent with the film thickness (tyin =104 nm). The fractional bilayer
coverage value indicates that the adsorbed film consists entirely of unruptured vesicles. Addition
of calcium had no effect.

33 mol% DOTAP:67 mol% ABA had a high mass coverage (2115 ng/cm?), which means that
they had a high water content. The deformation ratio for these vesicles was highest of those for
the DOTAP-containing vesicles, i.e. these vesicles were least flattened on quartz. This is
consistent with the film thickness (101 nm). The fractional bilayer coverage value indicates that
the adsorbed film consists entirely of unruptured vesicles. Addition of calcium had no effect,
which is in agreement with a finding by Richter et al*® that calcium only enhances the tendency

of supported lipid bilayer formation for negatively charged and zwitterionic vesicles.
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Scenario 111
In scenario III, vesicles adsorbed until the quartz surface was saturated with vesicles and could
be made to rupture by adding calcium. Calcium is a fusogen that promotes fusion of lipid

2
membranes®®.

Vesicle compositions that were found to follow this scenario were mixed
POPC:ABA vesicles consisting of predominantly POPC (89 mol% POPC:11 mol% ABA and 67
mol% POPC:33 mol% ABA).

We found that 89 mol% POPC:11 mol% ABA vesicles had a high mass coverage (2437
ng/cmz) and adsorbed as flattened vesicles (tmax=33 nm) on quartz. Addition of calcium to the
adsorbed vesicles reduced the thickness to 16 nm and the mass coverage to 979 ng/cm’, which
shows together with the fractional bilayer coverage, that the vesicles ruptured to provide an area
coverage of 66% POPC lipid bilayer: ABA monolayer/bilayer and 34% flattened vesicles.

We found that 67 mol% POPC:33 mol% ABA had a high mass coverage (3334 ng/cm?) and
adsorbed as flattened vesicles (tmax—= 49 nm). Addition of calcium to the adsorbed vesicles
reduced the thickness slightly to 47 nm and the mass coverage to 3074 ng/cm’, which shows
together with the fractional bilayer coverage, that the vesicles ruptured to provide an area
coverage of 38% POPC lipid bilayer: ABA monolayer/bilayer and 62% flattened vesicles.

We show that for mixed POPC:ABA vesicles with a low ABA content (<33 mol%), the ABA
polymer confers stability to the mixed POPC/ABA vesicles, while making it possible to form a
supported bilayer by adding calcium to the adsorbed vesicle layer. The user gains the advantage
of having strong unruptured vesicles, which can be induced to rupture and form a supported
planar membrane when desired.

Effect of the polymer:lipid ratio on mixed vesicle deposition and rupture on quartz. The

progressive change in adsorption properties as the molar ratio of lipid in the vesicles is
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decreased, is indicative of both that mixing of lipid and polymer is taking place and that different
ratios of lipid to polymer can be obtained in the vesicles. Mixed lipid/ABA vesicles reached a
considerably higher mass coverage than pure ABA vesicles, which indicates that adding as little
as 33 mol% lipid helps vesicles to adsorb onto the silica surface. Increasing the lipid content of
the mixed vesicles decreases the mass coverage, decreases the film thickness and increases the
fractional bilayer coverage. This indicates that increasing the lipid content leads to progressively
increased flattening of the mixed vesicles on the silica surface until the vesicles reach a transition
from scenario II rupture behavior to scenario I where they spontaneously rupture (for DOTAP-
containing vesicles) or scenario III where they can be induced to rupture by adding calcium (for
POPC-containing vesicles). This also means that a decrease in polymer content has the same

effect, and proves that the polymer makes the vesicles more stable from rupture.

Biomimetic membrane formed on mica. Although QCM-D provides a thickness value for
the film, it is an averaged value and does not provide information about how the layer thickness
is spatially distributed. Such information was obtained by atomic force microscopy. For AFM we
switched to using a mica substrate, which was selected over silica due to its flatness. Both mica
and silica are hydrophilic, but supported bilayer formation on the two surfaces has been reported
to differ’>. We use mica to assess the effect of lipid concentration in the mixed vesicles which
followed scenario I or III (i.e. which ruptured on quartz) on vesicle rupture/stability and to
visually study the effect of calcium on POPC-containing vesicles.

We found that ABA vesicles adsorb as vesicles on mica (fig. 5a), just as on silica. POPC
vesicles ruptured on mica to make bilayer patches (fig. 5b) with a mean thickness of 3.2 nm
(table 3). On mica 89 mol% POPC:11 mol% ABA vesicles rupture (fig. 5d) to make bilayer

patches with a mean thickness of 5 nm (table 3). 67 mol% POPC:33 mol% ABA vesicles do not
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rupture on mica (fig. 5e), vesicles are observed with a mean thickness of 26.6 nm and a broad
thickness distribution (table 3). Addition of calcium to 67 mol% POPC:33 mol% ABA results in
formation of structures with a mean thickness of 19.4 nm (fig. Sh, table 3). Adding calcium to 89
mol% POPC:11 mol% ABA might result in formation of a continuous bilayer, since we can only
see small irregular structures which we believe are small contaminants and because addition of
calcium caused rupture of 67 mol%POPC:33 mol% ABA, which contains more polymer and is
expected to be tougher.

DOTAP (fig. 5¢) and 89 mol% DOTAP:11 mol% ABA (fig. 5f) either make a perfect
continuous bilayer on the surface (where the observed structures are junk), or very small
collapsed structures. A control image of only PBS, without any vesicles (fig. 51) shows small
structures, which are broadly scattered in height and are therefore assumed to be junk. This is
reminiscent of what the DOTAP-containing vesicle images looked like. Therefore, we are
inclined to believe that the images show a continuous bilayer with small contaminating particles
on top.

The mixed vesicles have similar rupture behavior on mica as they did on silica. Calcium was
shown to induce vesicle rupture of POPC-containing vesicles as on silica. An increased lipid

content in the mixed vesicles resulted in a decrease in the thickness of the ruptured layer.

Mechanism of deposition

We show that the ABA content of the mixed vesicles determines whether they will deposit on
the quartz substrate by scenario I or II. The transition from rupture to stability occurs at 11-33
mol% ABA for DOTAP:ABA vesicles and at <11 mol% ABA for POPC:ABA vesicles.

Although it seems surprising that such a low molar percentage of ABA can cause such a
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significant difference in vesicle stability, it actually seems reasonable when one considers the
lipid to polymer area ratio. If one ABA polymer molecule has a surface area of 4 nm*> and one
lipid has a head group area of 0.6 nm?, then 11 mol% polymer corresponds to 62% of the surface
area. 33 mol% corresponds to 87% of the vesicle surface area. At such a high relative surface
area, it seems intuitive that the polymer properties take over the behavior of the vesicle.

The ABA polymer clearly confers stability to the vesicles, although the exact mechanism is not
known. We propose several possible mechanisms of action. Firstly, ABA chains may physically
shield the POPC lipids due to the large headgroup size of the PMOXA, preventing vesicles from
coming close together by steric repulsion, which would decrease the strength of vesicle-vesicle
interactions. Secondly, in mixed DOTAP/ABA vesicles, ABA screens DOTAP charge. This
would reduce the electrostatic attraction of DOTAP to the quartz and mica surfaces, reducing
vesicle-surface interactions and thereby vesicle stability. Thirdly, ABA increases the
hydrophobic thickness of the membrane. The ABA has a hydrophobic thickness of 10 nm™,
whereas a lipid membrane has a hydrophobic thickness of 3 nm>. The increased membrane
thickness should also increase vesicle stability. Also the ABA polymer consists of one piece
which may span the entire membrane, whereas two lipids make up a bilayer and they are not
covalently joined. This should make the membrane more rigid and provide it with stability from
mechanical stress as has been shown for bolalipids, lipids which span the entire membrane®® >’
Lastly, the ABA polymer has the intrinsic polymer ability to be stretched, whereas lipid
membranes cannot be stretched beyond 5% of their original area without rupture under osmotic
or other stresses’".

The polymer stabilizes vesicles by diminishing vesicle-vesicle and vesicle-support interactions.
The choice of solid support influences the strength of vesicle-support interactions and thereby

the vesicle rupture and stability behavior. We used two hydrophilic supports: mica and quartz.
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Freshly cleaved mica has a high density of negative surface charges, whereas silicon oxide is
only weakly anionic*. We observed that 89 mol% POPC:11 mol% ABA vesicles ruptured
readily on mica, but not on quartz, which indicates that mica has stronger interactions with the
vesicles than quartz does. Calcium induced vesicle rupture on both quartz and mica. By
comparing the thicknesses obtained on quartz by QCM-D and on mica by AFM, we found that
POPC and POPC/ABA mixed vesicles were more flattened on mica than on quartz. This result is
consistent with our hypothesis that mica has stronger interactions than quartz with the vesicles.
Interestingly, ABA vesicles were actually more flattened on quartz than on mica, which suggests
that the stronger mica-vesicle interactions of mixed vesicles are due to the presence of lipid in
the vesicles.

Another parameter which can change vesicular deposition behavior is the choice of lipid. We
have compared zwitterionic POPC lipids to positively charged DOTAP lipids. Both types of
lipids were able to make mixed vesicles with ABA and both experienced stabilization by ABA.
However, TEM and QCM-D results showed that ABA stabilizes POPC-containing vesicles
better than it stabilizes DOTAP-containing vesicles. The mechanism of rupture for DOTAP-
containing and POPC-containing vesicles on quartz was also found to be different: POPC-
containing vesicles adsorbed up to a critical coverage on quartz and then ruptured to form planar
layers, whereas DOTAP-containing vesicles ruptured immediately upon reaching the surface.
This indicates that DOTAP has stronger interactions with the negatively charged surfaces (quartz
and mica) studied. This seems reasonable as DOTAP has a positively charged headgroup and
will experience stronger electrostatic attraction to the negatively charged surfaces. By using a
low concentration of vesicles containing a positively charged lipid we can form separate bilayer

patches and by selecting vesicles with zwitterionic lipids we can obtain defect-free continuous
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planar membranes. Another difference between using DOTAP or POPC was that calcium had no
effect on DOTAP-containing vesicles, but helped to rupture POPC-containing vesicles. The
results obtained for mixed lipid/ABA vesicles are consistent with results reported by Richter et
al”®* for pure DOTAP or POPC vesicles.

We have shown that it is possible to make mixed lipid/polymer vesicles and show preparation
of solid-supported mixed membranes. These systems should be well suited for incorporation of
functional transmembrane proteins as lipids have the fluidity of biological membranes and the
triblock copolymers provide a spacer that prevents the protein from being squashed down on the
surface and denatured. The versatility of polymer chemistry allows modification to block length,
molecular weight, chemical composition, hydrophilic/hydrophobic balance and molecular
architecture”. Changing these parameters allows control of membrane morphology, molecular
packing, membrane stability, fluidity, thickness and permeability. Such solid-supported mixed
membranes are accessible for surface-sensitive techniques and could find large interest as model

systems for biological membranes, as supports for the development of more stable biosensors.
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Conclusions

Mixing ABA polymer and lipids gave rise to hybrid vesicles composed of both polymer and
lipid. These vesicles gained stability properties from the polymer and adhesion properties from
the lipid. These vesicles could tether well to negatively charged quartz and mica surfaces. We
can control whether adsorbed vesicles or supported bilayer structures are formed on the support
by varying the lipid content of the vesicles. These stable hybrid structures with good adhesion to
hydrophilic surfaces could be attractive as drug delivery vehicles. Solid-supported mixed
membranes could find large interest as model systems for biological membranes, as supports for

the development of more stable biosensors.
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Figures

o ‘So_n : Gy =
Figur 1. TEM of lipid vesicle, olymer vesicles and mixed lipid/ABA vesicles. a) POPC, b)
DOTAP, c) ABA, d) 89 mol% POPC:11 mol% ABA, e) 89 mol% DOTAP:11mol% ABA and f)
67 mol% DOTAP:33 mol% ABA.
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Aggregated distribution

Figure 2. Hypothetic structures of hybrid membranes composed of ABA triblock copolymers
and POPC or DOTAP lipids. Lipids might either disperse evenly into the ABA membrane in a
homogenous distribution or segregate into domains leading to an aggregated distribution. ABA
triblock copolymers might fully span the lipid bilayer or partially insert the PDMS unit into the
acyl chain portion of the lipid bilayer and form a “U”-shape.
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Figure 3. Water permeability of promising bi/monolayer formation systems determined by
stopped-flow light-scattering experiments.
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igure 4. QCM-D responses for the deposition of different polymer/lipid mixtures on SiO..
Changes in frequency (solid lines) and dissipation (dotted lines) at 15 MHz. a) ABA vesicles, b)
POPC vesicles (100 mol% POPC (A), 89 mol% POPC:11 mol% ABA (o), 67 mol% POPC 33
mol% ABA (0, 33 mol% POPC: 67 mol% ABA (o)) and ¢) DOTAP vesicles (100 mol%
DOTAP (A), 89 mol% DOTAP:11 mol% ABA (o), 67 mol% DOTAP:33 mol% ABA (0), 33
mol% DOTAP: 67 mol% ABA (0)). Arrows show addition of PBS (black), 1ml of vesicles (red)

and 5mM CacCl; (blue).
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Figure 5. AFM images. a)ABA, b) POPC, c) DOTAP, d) 89 mol% POPC:11 mol% ABA, e) 67
mol% POPC:33 mol% ABA, f) 89 mol% DOTAP:11 mol% ABA, g) 89 mol% POPC:11 mol%
ABA with 5 mM CaCl2, h) 67 mol% POPC:33 mol% ABA with 5 mM CaCl,, i) PBS. Each
block is 5 um x 5 um. A height profile is shown for each figure.
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Figure 6. The type of supported membrane formed can be decided by varying the type and
concentration of lipid in the membrane. (1) Planar membrane, (1) vesicular membrane and (l11)
vesicular membrane which can be triggered to form a planar membrane by addition of calcium.
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Tables

Table 1. Hydrodynamic diameter and zeta potential of lipid vesicles, polymer vesicles and
mixed lipid/ABA vesicles obtained by DLS and ELS.

Lipid polymer ratio (mol%)

POPC DOTAP ABA

Dn(nm) PDI  {(mV)

100 - - 159+2 0.13  0.2+0.3
89 - 11 194+3 0.17 -5.7+0.8
67 - 33 217+3 0.19 -2.0+0.3
33 - 67 189+5 0.12 -2.6x0.4

- 100 - 160+3 0.085 35.6+0.4
- 89 11 109+0 0.24 2.5+0.1
- 67 33 105+1 0.21 -1.7+#0.9
- 33 67 175¢1 0.15 0.8+0.1

- - 100 198+5 0.12 -4.9+0.8

Table 2. Deposition of lipid vesicles, polymer vesicles and hybrid vesicles on quartz by QCM-
D. Mmax-maximum mass coverage observed, mmir--minimum mass coverage observed, Mpijayer-
expected mass coverage if the surface is completely covered by a lipid bilayer/copolymer
monolayer, tmax-maximum adsorbed layer thickness observed, tmi,-minimum adsorbed layer
thickness observed, a- fractional bilayer coverage, ADss-change in dissipation from buffer
baseline at the start of the experiment to the buffer baseline at the end of the experiment, Affin-
change in frequency from buffer baseline at the start of the experiment to the buffer baseline at
the end of the experiment.

Lipid polymer ratio (mol %) Ca® My, Mpin Mbilayer a tmax tmin AD¥sin/Affin
POPC DOTAP ABA mM ng/cm® ng/cm’ nglcm® % nm nm

100 0 0 0 982+163  637+150 388 936 1242 o+1 0.05+0.02
89 0 11 5 2437+356 979+159 422 6618 3315 16+3 0.17+0.03
67 0 33 5 333457 30741287 436 386 49+12 47+13 0.12+0.00
33 0 67 0 5310+92  5310+92 442 0 104+2 104+2 0.17+0.00
0 100 0 0 531471 531471 332 86+4 7£2 7+2 0.15+0.02
0 89 11 0 12394124 1239+124 398 7943 14+1 14+1 0.09+0.02
0 67 33 0 2041+£335 2041+335 427 17+15  66%15 66+15 0.15+0.04
0 33 67 0 2115+£263 2115+263 439 -6+40 101+28 101+28 0.23%0.06
0 0 100 0 734+13 734+13 444 - 81+21 81+21 0.33+0.08
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Table 3. Comparison of film thickness obtained by QCM-D on silica and film thickness obtained

by AFM on mica.

Vesicle composition tocm (M) taem (NM)
POPC 9+1 3.2+1.4

89 mol% POPC:11 mol% ABA 3315 5.0x1.4

89 mol% POPC:11 mol% ABA + CaCl, 16+3 -0.1+0.1
67 mol% POPC:33 mol% ABA 49+12 26.6+48.4
67 mol% POPC:33 mol% ABA + CaCl, 47+13 19.4+7.0
DOTAP 7+2 10£4.0

89 mol% DOTAP:11 mol% ABA 14+1 1.0+0.6
ABA 81+21 199.3£39.5
PBS 0 -0.2+0.2

Table 4. Water permeability of mixed lipid/polymer vesicles.

Lipid polymer ratio (mol%)

POPC DOTAP ABA ' (HM/S)
100 - T 226%1.3
89 ] 11 75+06

- 100 . 132401
] 89 11 95+05
- - 100 0.8%
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Abstract

Hydrogels are increasingly being recognized as having potential in bio-compatible applications.
In the previous paper we investigated the feasibility of poly(ethylene glycol)-dimethacrylate
(PEG-1000-DMA) and poly(ethylene glycol)-diacrylate (PEG-400-DA) polymerized using either
a chemical initiator (C) or a photoinitiator (P) to encapsulate and stabilize biomimetic
membranes for novel separation technologies or biosensor applications. In this paper we have
investigated the electrochemical properties of the hydrogels used for membrane encapsulation.
Specifically we studied the crosslinked hydrogels using electrochemical impedance spectroscopy
(EIS) and we demonstrated that chemically crosslinked hydrogels had lower values for the
effective electrical resistance and higher values for the electrical capacitance compared to
hydrogels with photoinitiated crosslinking. Transport numbers were obtained using
electromotive force measurements and demonstrated that at low salt concentrations both PEG-
400-DA-C and PEG-400-DA-P hydrogels presented an electropositive character while PEG-
1000-DMA-P was approximately neutral and PEG-1000-DMA-C showed electronegative
character. Sodium transport numbers approached the bulk NaCl electrolyte value at high salt
concentrations for all hydrogels indicating screening of fixed charges in the hydrogels. The
average salt diffusional permeability <P, > and water permeability <P,, > were found to correlate
with EIS results. PEG-1000-DMA-C and PEG-400-DA-C both had higher <P; > and <P, >
values than PEG-1000-DMA-P and PEG-400-DA-P hydrogels. In conclusion our results show
that hydrogel electrochemical properties can be controlled by the choice of polymer and type of
crosslinking used, and that their water and salt permeability properties are congruent with the use
of hydrogels for biomimetic membrane encapsulation.
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INTRODUCTION

Since the pioneering work of Wichterle and Lim where the first hydrogels were synthesized for

[1,2]

applications in ophthalmology there has been a strong development in synthesis and design

of hydrogels for a variety of applications, for recent reviews see 351 Due to their high water
content they have excellent biocompatibility and have thus found use as biomaterials (e.g.

[6]

contact lenses and implants) and drug delivery systems Recently they have also attracted

7. 81 and biomimetic membranes ', In the

interest in the design of microfluidic biosensors
previous paper we examined the feasibility of using poly(ethylene glycol)-di(meth)acrylate
(PEG-D(M)A) based hydrogels for encapsulating biomimetic membrane arrays ', In the
present paper we examine hydrogel electrochemical properties as well as water and salt diffusive

permeabilities and demonstrate how these properties depends on the choice of polymer and type

of crosslinking.

Electric impedance spectroscopy (EIS) represents a noninvasive method to assess electro-
chemical properties of composite layered structures as EIS allows for the separation of
contributions from the individual layers 21 Thus the electrical capacitance (C) and resistance
(R) can be characterized under working conditions i.e. in contact with saline solutions.

Previously EIS has been used to characterize conductivity and transport properties in

(131 (4. 5o

aliphatic/aromatic membranes ; in membranes with different degrees of sulfonation ' ;

15] [16].

membranes with added lignosulfonate L , in irradiated membranes ; and in active and
porous sublayes of composite membranes " ". Thus EIS is well suited to analyse electrochemical

properties of porous hydrogel structures sandwiched between supporting encapsulation layers.

3
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Here we specifically investigate how the differences in hydraulic water flux between hydrogels
crosslinked chemically or via photoinitiation reported in the previous paper as well as water and
salt diffusional permeabilities reported here relate to the electrochemical properties of the
hydrogels as revealed by EIS. Our results illustrate how transport properties of hydrogels suitable
for biomimetic applications can be controlled by the choice of polymer and type of crosslinking

used.
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MATERIALS AND METHODS

Preparation of hydrogel sandwich samples

Four different hydrogels samples were prepared as described in the previous paper. Briefly the gels
consist of poly(ethylene glycol) PEG with diacrylate (DA) or dimethacrylate (DMA) moieties. The
gels were crosslinked using photoinitiation (P) or chemical initiation (C) "'l Table 1 presents the
four samples investigated. The composite structures consist of a hydrogel sandwiched between a
flat regenerated cellulose membrane with a polypropylene layer and a Tefzel ethylene
tetrafluoroethylene film (ETFE) LZ200 with a thickness of 50.8 um perforated with a rectangular

array of 8 x 8 apertures with aperture radii of 150 pm and a center to center distance of 400 um "%

20]

Each crosslinked hydrogel sample contains the corresponding hydrogel between the RC70PP
support (gel in contact with the regenerated cellulose side) and the ETFE partitioning as is
schematically represented in Fig. 1, and they will hereafter be identified as X400P, X400C,

X1000P and X1000C, respectively.

Measurement setup
Electrochemical measurements were carried out with NaCl solutions at various concentrations at

room temperature (23 + 2) °C. In order to avoid the loss of hydrogel, the concentration gradients
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needed to cause flow of ions and solute across the systems were established in the way indicated

in Fig. 1.

The dead-end test cell used for electrochemical characterization is similar to that described in 2!,

Briefly, the samples were clamped between two glass half-cells by using silicone rubber rings.
Two magnetic stirrers were placed at the bottom of the half-cells to minimize the concentration
polarization at the membrane surfaces, and the measurements were performed at a stirring rate of

(500 £ 30) rpm.

Electrochemical impedance spectroscopy

Electrochemical impedance spectroscopy (EIS) was performed with an Impedance Analyzer
(Solartron 1260, Durham, UK) controlled by a computer and connected to the solution in both
half-cells by Pt electrodes. 100 different frequencies in the range 1 Hz-10" Hz at a maximum
voltage of 0.01 V were measured. The experimental data was corrected for the influence of
connecting cables and other parasite capacitances. The NaCl solutions at the cis and trans sides
of the samples had the same concentration and the measurements were carried out with five
different solutions ranging between 10° M and 10°M. In order to determine solution
impedance, measurements at the same concentrations were also performed with the electrolyte

alone.
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Electromotive force measurements

The electromotive force (A4E) between solutions of different concentration separated by the
membrane was measured by connecting two Ag/AgCl electrodes to a digital voltmeter
(Yokohama 7552, 1GQ input resistance). Measurements were carried out by keeping the
concentration of the solution at one cell side constant, ¢, = 0.01 M NaCl, and gradually changing
the concentration of the solution at the other side, ¢,. AE measurements were always carried out

with the highest concentration in contact with the ETFE partitioning (cis side).

Salt diffusional permeability measurements
For salt diffusion measurements each sample was initially separating a feed concentrated

solution (cf) from a diluted receiving solution (initially distilled water, c/(t=0)=0), without any

pressure difference. Changes in the conductivity of feed and receiving solutions (of and oy,
respectively) were recorded versus time by means of conductivity cells connected to digital
conductivity meters (Crison GLP 31, Crison Instruments, Barcelona, Spain). Measurements were

carried out at five different NaCl feed concentrations ranging between 0.005 M and 0.1 M.

Water diffusional permeability measurements

Water diffusion measurements were performed following a similar procedure, but using triated
water (TOH) from Perkin Elmer Espafia, S.A., Madrid. A water solution containing 120 ul TOH
in 15 ml distilled water was used as feed, and the time variation of the tritium activity in the
receiving chamber was determined at different time intervals by taking out 50 ul volumes which
were analyzed in a Beckman LS6500 scintillation counter (Beckman Coulter, Brea, CA, USA).
These measurements were performed at the Radioisotope Laboratory (Central Research Services,

Malaga University, Spain) observing radiation safety protocols.
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RESULTS AND DISCUSSION
Electrical impedance spectroscopy

Electrical impedance spectroscopy (EIS) is commonly used for electrical characterization of layered
systems since it allows a separate determination of the electrical parameters (resistance and
capacitance) of individual layers with different electrical/structural characteristics [12,22] Impedance is
defined as Z = V(t)/I(t) where V(t) and I(t) are voltage and current as functions of time ¢. Z 1is
generally an imaginary number related to the transport of charge (electrical resistance, R) and charge
adsorption (capacitance, C), and is represented by Z = Z,, + jZ;,, where Z,, and Z;, are the real and

imaginary parts of the impedance.

The studied systems can be described as a layered complex:

electrode//cis solution//sample//trans solution //electrode
We analyzed the impedance plots using equivalent RC circuits as models for each layer. This allows
for the determination of the electrical resistance and capacitance associated with each layer of the
heterogeneous system. Thus for each layer we have:

R p —wR*C

Zy=—""3 v E——
1+(a)RC) l+(a)RC)

re

&)

where o represents the angular frequency (@ = 2 7f).
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Figure 2around here

Fig. 2 shows Nyquist (-Zj; vs Zre) and Bode (Zj;; vs f) plots for the solution/ETFE/RC70PP

sandwich in contact with 0.002 M NaCl solution and for the electrolyte solution alone (without any
sample in the measuring cell). For the electrolyte solution alone, a unique relaxation process (a semi-
circle) was obtained and the equivalent circuit is a parallel RC-circuit corresponding to a electrolyte
solution resistance R, and a electrolyte solution capacitance C,, while for the solution/ETFE/RC70PP
system two different relaxation processes can be observed. These results allow the assignation of the

semi-circle at highest frequencies (fmax = 2.66 MHz) to the electrolyte placed between the electrodes

and the membrane surface, while the other semicircle (frequency ranging between 1 kHz and 1 Mhz

with fmax = 560 kHz) corresponds to the ETFE/RC70PP sandwich and the total equivalent circuit is:

(R.Co)-(R,,Cyy), that is, two RC-circuits in series, one (R,,C,) representing the ETFE/RC70PP
sandwich and the other (R,C,) representing the electrolyte solutions between the sandwich and the Pt

electrodes.

We then introduced the crosslinked hydrogels between the ETFE and the RC70PP membrane and
studied the effects on the impedance and this is shown in Fig. 3. For X400P and X1000P, the Nyquist
and Bode plots showed two RC contributions corresponding to those previously obtained for the
ETFE/RC70PP sandwich without hydrogel. For X1000C the two RC contributions can also be
identified in the Bode plot whereas for X400C there is no clear separation between the two

contributions: the Bode plot shows a wide peak for the total system.

9
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The observed differences in the impedance plots could be due to differences in porosity or effective
electrical charge in hydrogels where crosslinking was chemically initiated compared to hydrogels
where the crosslinking was photoinitiated. In the accompanying paper we observed that while X400C
and X1000C had markedly higher water fluxes than X400P and X1000P hydrogels, retention
measurements did not reveal major differences in porosity. In order to clarify this we analyzed the

equivalent circuit parameters and this is shown in Fig. 4.

We used a non-linear program to determine the equivalent circuit electrical parameters (R,, and C,,)
from the Nyquist and Bode plots as a function of NaCl concentration *!. For all hydrogels R,
decreases and reaches a plateau with increasing salt concentration due to the hydrogels’ uptake of
electrolyte (see Fig. 4a). X400P and X1000P have R,, plateau values higher than R, for the electrolyte
alone. R,, plateau values for X400C is comparable to R, whereas X1000C has R,, plateau values lower

than for electrolyte alone. For all gels C,, values were higher than for electrolyte alone. For X400C,

10
John Wiley & Sons



Page 11 of 26

O©oOoONOOPAWN =

Polymers for Advanced Technologies

X1000C and X1000P C,, increases with a linear trend as a function of salt concentration (see Fig. 4b).
For X400P C,, showed a weaker dependence on salt concentration with a modest increase at higher

concentrations.

We then extrapolated the results to cnacg — O in order to determine electrical resistance and
capacitance values (R,“ and C,“) for the hydrogel per se. These were obtained by rearranging the
expressions for series configuration of electrical resistances and capacitances, where ‘Sample’ refers
to the complete system and ‘Control’ refers to measurements with the ‘emtpy’ ETFE/regenerated
cellulose membrane sandwich:

Gel __ pSample _ pControl
RO v RO RO
Control (~Sample
o GG @)
0

N CoControl _ Cgtlmple

X400C X1000C X400P
R R

The ranked R and C values were: R, << R, <R, < R(,XlooOP and C,,X40OP < C(,XIOOOP

<<

CH1MC <« ¢, X% Assuming a similar area A and thickness d for all hydrogel samples we have the

ranked conductivity values (¢ = RyA/d) as GRI000P o, GXA00P o GXI000C o 5%400C and the ranked relative

. . X400P _ _X1000P X1000C _ _X400C
dielectric constants (¢ = Cyd/gpA) as € <eg << gX1o00C . X400

. This shows that the effective
charge in the hydrogel depends on the polymer and crosslinking method used. Taken together with the

results in our previous paper this indicates that hydrogel effective charge affects transport though the

hydrogel.

Electromotive force measurements
In order to further investigate this we analyzed ion transport number, #;, which represents the fraction

of the total electric current across a permeable system carried by ion species i 24 For a porous
11
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medium where the Donnan exclusion of co-ions can be neglected, the electrical potential across the
medium arises purely as a diffusion potential, A®g;, due to the different ion mobilities:

AD,, = %(1— 2 )In (“—2] 3)

q

where R and F are the gas and Faraday constants, 7T is the thermodynamic temperature of the system
and a; is the mean activity of the electrolyte solution at each membrane interface (251 Thus t; = I/17,
where [; is the current carried by ion i and /7 the total current. Thus 2} #; = 1. #; can be determined by
measuring the electromotive force AE across a permeable system separating two solutions of the same
electrolyte, but with different activities (a; and a,). However, as reversible electrodes are used, the
electrode potential is part of AE (AE = AEg + A®gir). AE. . is given by the Nernstian value AEg =

(RT/F) In (ay/a;). Thus

t,=AE/AE, 4)

where AE.x = (2RT/F) In (ay/ay).

We determine the Na* transport number 1, across the studied gel-samples from the electromotive

force measured for the two different external conditions by using Eq. (4) and its variation with the

NaCl average activity, <anacr>. This is shown in Fig. 5 for the four hydrogel samples together with

[24]

the Na* transport number in solution #y,.° = 0.385 indicated by the dashed line.
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These results show the electropositive character of X400P and X400C (fnat < fnat ). X400C has a
higher positive effective charge than X400P at low salt concentrations, but both gels show a reduction

of the net charge at higher salt concentrations as a result of fixed charge screening. For X1000P, 7.

O©oOoONOOPAWN =

11 is practically constant (0.3751£0.004, meantsd) for the whole concentration range. X1000C and the
ETFE/RC70PP control sample present an electronegative character at the lowest salt concentrations.
16 Taken together these results complement the EIS results. At low salt concentrations X400C and
18 X1000C have more effective charges (lower electrical resistance) as compared to X400P and X1000P.
51 At salt concentrations above 0.05 M the electrical charges are effectively screened and the gels are
23 unable to modify ion flux and the transport numbers approach the solution value. This is in contrast to

the active layer of reverse osmosis (RO) membranes under similar conditions where A values

28 between 0.65 and 0.8 have been reported !> *!. Thus the gels do not seem to present a limiting step in

terms of ionic permeability.

35 Salt and water diffusional permeabilities
38 In order to quantify hydrogel permeability we determined the salt and water diffusional permeabilities.
40 Fick’s first law relates the diffusive flux, J; to the diffusional salt permeability, P, and a concentration

gradient Ac =cf - ¢, where crand ¢, are the feed and receiving concentrations respectively, across a

45 permeable system under steady-state condition:

48 1 dn
J =——=Plc,—c. )=PAc 5
49 K Adt 3( f r) K ()

where dn represents the molar mass crossing the permeable area A during the time df. As dc=dn/dV
55 where dV represents the volume change during dtf associated with the transport of dn, Eq. (5) can be

57 expressed as:
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d
& _Apg
c,—¢c, V.

r

where V. is the volume of the receiving solution.

Mass conservation then leads to the following expression *7%!:

ln(l— 2cr(t)j _ 24P, .

0
c V.

(6)

)
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where ¢,(t) is the concentration as a function of time t in the receiving solution and ¢’ is the initial

concentration in the feed solution. Thus from the linear relation between ln(1—2cr )/ co)and t, P

can be determined for each electrolyte concentration and sample and the results are collected in Fig. 6.

Fig. 6 shows P; values due to diffusive transport in the four samples. Each point was obtained

from linear regression (r > 0.99) of the time-dependent concentration changes, where the

changes were measured as changes in electrolyte conductivity. Permeability values for the

different hydrogels are congruent with the tendency obtained from EIS results; the lower

permeability of X400P and X1000P is concordant with their higher electrical resistance, while

X400C and X1000C show the opposite behaviour, that is, higher permeabilities and lower

electrical resistances. Although P; for X400C and X1000C shows stronger concentration

dependence than P, for X400P and X1000P we calculated sample average permeabilities, <P>,

for the whole range of NaCl concentrations and this is indicated in Table 2. Thus <pX1000P,

< <PSX4OOP> < <PSX4OOC> ~ <PSX1000C>. <P, > for X1000C and X400C were around 1- 107 m/s

14
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which is only 3-7 fold less than what has been reported for microfiltration polysulfone (MFPS)

[16]

membranes with a nominal pore size of 0.2 ym * ' — much larger than the nm size pores for the

gels investigated here [

This reflects the high water content of the gels. On the other hand
X1000P and X400P had <P, > values less than 3- 10"® m/s — more than tenfold lower than for

MFPS membranes reflecting the hydrophobic nature of the photoinitiator used "',

Table 2 around here

In order to determine if the electrical interactions between the solute (NaCl) and the hydrogel also
affected the diffusive water transport, we determined the water diffusive permeability P,, from

tritiated water measurements by following a procedure similar to that indicated for NaCl diffusion

where the concentration changes were measured as changes in tritium activity. The results are listed in

X1000P.

Table 2 and the ranked P, sequence is: <Py, > < <PWX4OOP

> < <P,X0CS <« <p X1900CS " which

agrees well with the diffusional salt permeability results.

15
John Wiley & Sons



O©oOoONOOPAWN =

Polymers for Advanced Technologies Page 16 of 26

CONCLUSION

Complex structures for support/encapsulation of proteins or specific substances consisting of
partitioning/gel/support have been electrochemically characterized by different in situ and/or
“working conditions” measurements such as electrochemical impedance spectroscopy, concentration
potential and salt and water diffusional permeability, which gives qualitative and quantitative
information on electrical and structural characteristics of the gels. Photoinitiated hydrogels had a
lower salt and water diffusional permeability compared to chemically initiated hydrogels The results
show that hydrogels provide a nanoporous support material with sufficient salt and water permeability

to be suitable for encapsulation of biomimetic membranes.
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FIGURE LEGENDS

Figure 1. Cross-sectional representation of the hydrogel sandwich sample. Hydrogels (grey) are
sandwiched between the perforated ETFE partition (black) and the DSS-RC70PP membrane (white).
The cis side is the feed side with NaCl concentration ¢y and the trans side is the receiving side with

NaCl concentration c¢,. For all experiments concentration gradients were directed cis — trans.

Figure 2. Impedance diagrams of the DSS-RC70PP/ETFE support in contact with NaCl solution
(c=0.002 M) (o) and NaCl solution alone (x). (a): Nyquist plot, (b): Bode plot.

Figure 3. Impedance diagrams of the DSS-RC70PP/hydrogel/ETFE support in contact with NaCl
solution (c=0.002 M). Hydrogels: X400P (V¥), X1000P (A), X400C (o) and X1000C (>). (a):
Nyquist plot, (b): Bode plot.

Figure 4. Electrical resistance R (a) and capacitance C (b) as function of NaCl concentration (Cnacy)
for the four DSS-RC70PP/hydrogel/ETFE samples. Hydrogels: X400P (V¥), X1000P (A), X400C
(0), X1000C (), and NaCl solution alone (x).

Figure 5. Sodium transport number for the four DSS-RC70PP/hydrogel/ETFE samples as a function
of average NaCl activity <an,c>. Hydrogels: X400P (V¥), X1000P (A ), X400C (o), X1000C (>),
and DSS-RC70PP/ETFE sandwich alone (x). The dotted horizontal line indicates the Na* transport

number in solution #n,: = 0.385.

Figure 6. Diffusional salt permeability P; as a function of NaCl concentration (cnacy) for the four
DSS-RC70PP/hydrogel/ETFE samples. Hydrogels: X400P (V¥), X1000P (A), X400C (o), X1000C
(>).
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TABLES

Sample Polymer Initiator
X400P Darocur 5 mM
PEG-400-DA 100 mM TEMED 15 mM
X400C
APS 15 mM
X1000P Darocur 5 mM
PEG-1000-DMA 65 mM TEMED 10 mM
X1000C
APS 10 mM

Table 1. The four hydrogels investigated. For details see the previous paper [

Sample X400P X400C X1000P X1000C

<P> m/s (33+13)x10% | 9.5+1.0010° | (1.6£0.410% | (9.6 +2.0)108
P, m/s 3.0x10° 5.3x10° 1.2x10°® 9.8x107

Table 2: Average NaCl diffusional permeability, <P;>, and water permeability, Py, across the four hydrogel

samples.
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Abstract

Background: SoPIP2;1 constitutes one of the major integral proteins in spinach leaf plasma membranes and belongs to the
aquaporin family. SoPIP2;1 is a highly permeable and selective water channel that has been successfully overexpressed and
purified with high yields. In order to optimize reconstitution of the purified protein into biomimetic systems, we have here
for the first time characterized the structural stability of SoPIP2;1.

Methodology/Principal Finding: We have characterized the protein structural stability after purification and after
reconstitution into detergent micelles and proteoliposomes using circular dichroism and fluorescence spectroscopy
techniques. The structure of SoPIP2;1 was analyzed either with the protein solubilized with octyl-B-D-glucopyranoside (OG)
or reconstituted into lipid membranes formed by E. coli lipids, diphytanoylphosphatidylcholine (DPhPC), or reconstituted
into lipid membranes formed from mixtures of 1-palmitoyl-2-oleoyl-phosphatidylcholine (POPE), 1-palmitoyl-2oleoyl-
phosphatidylethanolamine (POPE), 1-palmitoyl-2-oleoyl-phosphatidylserine (POPS), and ergosterol. Generally, SoPIP2;1
secondary structure was found to be predominantly a-helical in accordance with crystallographic data. The protein has a
high thermal structural stability in detergent solutions, with an irreversible thermal unfolding occurring at a melting
temperature of 58°C. Incorporation of the protein into lipid membranes increases the structural stability as evidenced by an
increased melting temperature of up to 70°C.

Conclusion/Significance: The results of this study provide insights into SoPIP2;1 stability in various host membranes and
suggest suitable choices of detergent and lipid composition for reconstitution of SoPIP2;1 into biomimetic membranes for
biotechnological applications.
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Introduction

MIPs (major intrinsic proteins) are found in eubacteria, archae,
fungi, plants and animals [1]. According to substrate specificity,
MIPs are mainly classified into AQPs (aquaporins - or water
channels) if they are only permeable to water, or GLPs
(aquaglyceroporins - or glycerol-uptake facilitators) if they also
facilitate passive diffusion of small solutes such as glycerol or urea
[2,3]. In addition, a structural role in the formation of cell
junctions has been described for some MIPs [4].

Most members of the aquaporin super family have molecular
masses, ranging from 25 to 31 kDa. The three-dimensional
structures of several MIPs have been determined [5-7], and the
quaternary structures of the proteins reveal that they all form
homotetramers where each monomer acts as a functional unit [2].
Based on sequence similarity, the functional unit of all members in
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this family are predicted to have six hydrophobic, membrane-
spanning o-helices connected by five loops of variable length that
delimit a polar channel with two wide vestibules and a narrow
pore [8,9]. Two of the connecting loops, namely B and E, interact
with each other from opposite sides through two highly conserved
NPA (Asn-Pro-Ala) motifs forming a seventh transmembrane
region that contributes to the pore region [10]. Highly conserved
residues that stabilize the structure are found in the helices, e.g. the
transmembrane helix-helix packing motif GXXXG [11], as well as
conserved polar and charged buried residues that have been
proposed to form hydrogen bonds and ion pairs [12].

Plants encode a very large and diverse MIP family. They have
been classified into at least five subfamilies in higher plants: plasma
membranes intrinsic proteins (PIPs), tonoplast intrinsic proteins
(TIPs), the small basic intrinsic proteins (SIPs), NODZ26-like
intrinsic proteins (NIPs), and the recently discovered X intrinsic
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protein (XIPs) [13,14]. PIPs form the most highly conserved
subfamily in plants and are further divided into two groups named
PIP1 and PIP2 [15]. In addition to several single amino acid
residue substitutions, PIP2s are characterized by a short N-
terminal and a longer C-terminal relative to PIP1s [16]. Moreover,
differences are found in the water transport activity in oocytes
where PIP2s are more active than PIPls [16]. It has been
suggested that PIP2s are specific for water, whereas PIPls have
been reported to facilitate the transport of solutes such as glycerol,
boric acid, urea, and carbon dioxide in addition to water [17-19].

The spinach (Spinacia oleracea) genome contains at least three
PIP1 and four PIP2 genes [20]. Recently, a new nomenclature
which reflects the phylogenetic classification of plants MIP genes
and proteins has been adopted [14]. In accordance with this
nomenclature, the spinach PIPs PM28A, PM28B and PM28C
have been renamed SoPIP2;1, SoPIP1;1 and SoPIP1;2, respec-
tively. SoPIP2;1 can be overexpressed and purified with high
yields [21] and its structure has been solved with Angstrom
resolution [5,22]. However, the structural stability parameters of
SoPIP2;1 have not been examined neither when solubilized by
detergents nor after the protein reconstitution into membranes
subsequent to the heterologous expression.

Due to the fact that the transport characteristics of SoPIP2;1 is
well described (e.g. from protein reconstitution into oocytes and £.
coli membranes [23]) it is a good candidate for being used in
technological applications, and the high selectivity and water
permeability of SoPIP2;1 makes it particularly interesting for a
biomimetic water filtration technology. AQP mediated water
transport is a prominent example of how Nature itself has
developed an effective mechanism for purifying water, and many
technologies based on biomimetic membrane transport is now
attracting considerable interest (for a review see [24]). However,
successful reconstitution and stabilization of functional proteins in
biomimetic membranes depends on suitable choices of both
detergent and host lipid membrane components.

Detergents are commonly used to solubilize membrane
proteins, and many membrane proteins have been solubilized
with various detergents without the loss of biological activity [25].
Sugar-based detergents and poly(oxyethylen)-based detergents are
at presently the most commonly used. In the particular case of
SoPIP2;1 different detergents like octyl-B-D-thioglucopyranide
(OTG) and octyl-B-D-glucopyranoside (OG) have been used. We
encountered problems with protein stability using OTG, presum-
ably related to the low solubility of OTG at low temperatures,
leading to aggregation of the protein under these conditions.
Consequently we performed our work using OG micelles where
no stability problems occurred with any of the preparations used in
this work.

One of the major challenges in designing biomimetic systems
based on integral membrane proteins is the reconstitution of the
proteins into the membrane. A common strategy involves the
incorporation of detergent solubilized proteins into vesicles
followed by detergent extraction. The detergent-free vesicles are
then fused with a receiving membrane. Typical lipid species for
fusogenic vesicles are palmitoyl-oleoyl-phosphatidylethanolamine
(POPE) -phosphatidylcholine (POPC) and -phosphatidylserine
(POPS) lipids supplied with sterols e.g. ergosterol [26]. Other
common lipids for biomimetic membranes are . colz lipid extracts
and diphytanoylphosphatidylcholine (DPhPC). In this study we
examine SoPIP2;1 stability in four different membrane systems: £.
coli lipids, DPhPC, POPE: POPC: POPS:ergosterol and POPE:
POPC mixtures.

In this paper we present results from an extended secondary and
ternary structural characterization of the protein in detergent
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micelles and in lipid membranes using spectroscopic techniques.
Specifically we study the thermal secondary structure stability of
SoPIP2;1 when reconstituted in detergent micelles or in lipid
membranes using a detailed analysis by Circular Dichroism
spectroscopy. In addition we performed Emission Fluorescent
spectroscopy analysis of the six tryptophan (Trp) amino acids
present in the primary sequence of SoPIP2;1 in order to obtain
information about the thermal ternary structure stability of the
protein.

Results

First we characterize the folding patterns for SoPIP2;1 in
detergent and lipid. Then we characterized the thermal stability of
SoPIP2;1 secondary and tertiary structure.

SoPIP2;1 a-helical content in different systems

The far-UV CD spectra of SoPIP2;1 dissolved in PBS with 1%
OG display the characteristics of a predominantly o-helical
protein with negative bands around 209 nm and 222 nm
(Figure 1, full line). The deconvolution analysis reported a o-helix
content of 63% (Table 1). This value matches perfectly with the
one obtained after the analysis of the PDB file 1298 from the X-
ray diffraction data of this protein [22]. Although light scattering
tend to flatten out the CD spectra obtained from protein in lipid
vesicles making a direct comparison to micelles difficult, the
characteristic a-helical structure for aquaporins is rather well
preserved when the SoPIP2;1 is reconstituted in lipid complex
membranes of E. coli lipids (Figure 1 and Table 1). This is
consistent with previous results demonstrating protein activity
(water flux) regardless if SoPIP2;1 is purified in OTG [21] or OG
(unpublished results, J.S. Hansen). Other aquaporins have also
been successfully reconstituted in £. colz lipid membranes [27,28].

We then tested whether SoPIP2;1 could be reconstituted in
DPhPC membranes as DPhPC is generally recognized as forming
stable black lipid membranes [29-31], making this lipid, in
principle, suitable for being used in the design of water-filtration
systems. However our CD analysis of the SoPIP2;1-DPhPC
mixture suggested that this lipid does not preserve the structure of
this protein. Although spectra could be obtained (see Figure 1)
reproducibility was low for SoPIP2;1-DPhPC mixtures. White
precipitate particles were commonly observed during the recon-
stitution process which may be directly related to the apparition of
denatured protein aggregates. The aggregation of the protein in
DPhPC could be related to the difficulties encountered in forming
liposomes even when extrusion methods were used. Also dynamic
light scattering analysis of the DPhPC suspension reported very
broad structural features. Specimens with diameters ranging from
51 to 2669 nm (range of the diameters taken from the calculated

Table 1. Summary of the SoPIP2;1 secondary structure
results.

%

o-Helix p-sheet Turns Random
OG micelles 63 20 3 15
E. coli lipid 61 17 7 16
POPE:POPC:POPS:Ergosterol 48 25 6 18
POPE:POPC 43 27 9 21
DPhPC 42 30 7 21

doi:10.1371/journal.pone.0014674.t001
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Figure 1. Far-UV CD spectra of SoPIP2;1. The measurements were
obtained at 20°C in phosphate buffer, pH 7.5, NaCl 150 mM containing
1% OG and in different lipid membranes.
doi:10.1371/journal.pone.0014674.g001

Gaussian distribution of the sizes between 10% and 90% of the
total distribution) were found in the same sample. The
polydispersity index was 0.308, confirming a high liposome
structural heterogeneity. These results suggest that this lipid does
not provide a good membrane environment for a successful and
stable SoPIP2;1 membrane incorporation. Hence, we exclude
DPhPC bilayers as a host lipid membrane for SoPIP2;1.

We then examined POPE:POPC:POPS:Ergosterol (2:1:1:1
molar ratio) as this mixture has been shown to be as a good
fusogenic lipid mixture [32] applicable for the further incorpora-
tion of aquaporins into industrial membrane water-filtration
systems. The CD spectrum from SoPIP2;1/POPE:POPC:POP-
S:Ergosterol mixture does not look very different from the one
obtained when the protein is reconstituted into F. coli lipid
membranes (Figure 1). However, the a-helical content reported
after the deconvolution analysis is lower (Table 1) and associated
with an increase in the B-sheet content and the other analyzed
structures. The spectra obtained with another suitable fusogenic
lipid mixture, POPE:POPC (7:3 molar ratio), showed even less
helical-like spectra although the deconvolution results report
values similar to those obtained with the more complex fusogenic
mixture (Figure 1 and Table 1).

Taken together we conclude that the best lipid system identified
for the reconstitution of SoPIP2;1 is E. coli lipid membranes,
followed by POPE:POPC:POPS:Ergosterol and POPE:POPC. In
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contrast DPhPC was found not to be suitable for the SoPIP2;1

membrane reconstitution.

Thermal stability of SoPIP2;1 secondary structure

One method to characterize the unfolding process of a protein is
to study the effect of temperature changes on its structure. This
provides important information about the conformational stability
of protein. The thermal stability of SoPIP2;1 was found to differ
between detergent micelles and the different lipid species studied
here, as evidenced by CD spectroscopy (Figure 2). The changes in
the secondary structure spectra associated with temperature
increase was found to be larger for the protein reconstituted into
detergent micelles (Figure 2, A) compared to E. colz lipids (Figure 2,
B), the POPE:POPC:POPS:Ergosterol mixture (Figure 2, C) and
the POPE:POPC mixture (Figure 2, D).

A summary of the results can be found in Figure 3 for the
thermal stability of the secondary structure where the Mean
residue ellipticity (MRE) at 222 nm were plotted as a function of
the temperature for all systems studied. The different MRE values
at 20°C (initial state) demonstrate that the protein is structured or
interacting in different ways with the different detergents or lipids
used. Therefore it can be assumed that the protein acquires
different structural initial states as quantified by the deconvolution
analyses in the different environments tested (Table 1). The
SoPIP2;1 structure is more sensitive to the temperature changes
when it is reconstituted into detergent micelles than when it is
reconstituted into lipid membrane systems. Although the unfolding
transition is not reversible, the transition midpoint can be used to
quantify the thermal stability of the protein [33].

The variation of MRE 222 nm with increasing temperature
shows that the protein in detergent micelles solution has a melting
temperature around 58°C. The decreasing temperature ramp
measurement failed to report the same initial state (data not
shown), indicating an irreversible unfolding of the protein under
these conditions. A white precipitate in the sample after incubation
at the melting temperature was observed probably caused by the
presence of unfolded protein aggregates that precipitated at the
bottom of the sample cuvette. Thus the structural stability of the
protein can be maintained up to 50°C. The melting temperature
value around 58°C was also confirmed by SDS-PAGE (Figure 4).
Presence of monomers and dimer bands can be observed at
temperatures below 58°C but these bands disappear at higher
temperatures and aggregated protein was retained in the well
Bands corresponding to complexes larger than the tetrameric
protein are visible between 55 and 60°C.

Protein reconstitution in complex membranes lipid mixtures (.
coli or POPE:POPC:POPS:Ergosterol) increases the stability of
SoPIP2;1 against temperature changes in the system. The spectra
of the protein reconstituted in these membranes exhibited a
different behavior in response to the temperature increase
compared to the protein reconstituted in detergent-micelles
(Figure 2). In this case of reconstitution in membrane lipid
mixtures, only minor changes were observed in the spectra and
appeared first above 70°C. This is clearly evident in the MRE
222 nm value representation (Figure 3).

Thermal stability of SoPIP2;1 tertiary structure

SoPIP2;1 contains six tryptophan (Trp) residues in the primary
sequence. These residues can be used as intrinsic fluorophores for
analyzing the protein ternary structure (see the cartoon in
Figure 5A) as the Trp fluorescence emission spectrum is sensitive
to both the polarity and the dynamics of the environment
surrounding the aromatic side chain. Therefore, the variation in
the Trp fluorescence emission spectra reports changes in tertiary
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Figure 2. Thermal unfolding of the secondary structure of SoPIP2;1. Protein was reconstituted in A) OG micelles, B) E. coli lipid membranes,
C) POPE:POPC:POPS:Ergosterol membranes and D) POPE:POPC membranes. Temperatures are represented by the grayscale colors from black, 20°C to

very light gray, 95°C.
doi:10.1371/journal.pone.0014674.g002

structure of the protein. Thus the Trp is generally blue-shifted
from 350 nm in environments of low polarity such as the
hydrophobic interior of a protein or in a lipid membrane
environment and Trp fluorescence in proteins has been classified
mto five classes by Reshetnyak et al. [34]. According to this
classification, the dominant fluorescence around 329 nm corre-
sponds to a class of Trp side chains that are in a relatively non-
polar environment and H-bonded in an 2:1 exciplex that
fluoresces at 331 nm [34]. Inspection of the three-dimensional
structure of SoPIP2;1 indicated that the Trps of this protein are
positioned close to the surface of the protein (see cartoon i in
Figure 5A) [22]. SoPIP2;1 reconstituted into detergent-micelles
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exhibited a maximum fluorescence at 330 nm indicating that the
region of the protein where the Trps are located is positioned at
the edge of the detergent micelles thereby facilitating the contacts
between Trps and water molecules (see cartoon ii in Figure 5A and
experimental results in Figure 5B). The easier accessibility of the
water to the Trp environment is due to the loosely packed
hydrophobic tails of the detergents interacting with the protein in
detergent-micelles. A shift to lower wavelength values was always
observed when the protein was reconstituted into lipid membranes
(representative spectra showed with the FE. coli membranes in
Figure 5B). It demonstrates that the lipid membrane environment
offers a more extensive hydrophobic surface for interaction with
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Figure 3. MRE at 222 nm as a function of temperature. SoPIP2;1
in OG micelles (@), E. coli lipid membranes ([J), POPE:POPC:POPS:Er-
gosterol ( 0) and POPE:POPC ().
doi:10.1371/journal.pone.0014674.9003

the transmembrane protein (cartoon iii in figure 5A). It is also
consistent with the higher temperature stability exhibited by the
protein in the membrane systems. Thermal stability of the protein
was also monitored by following the Trp fluorescence wvs.
increasing temperature. The Trp fluorescence was quenched at
higher temperatures while the wavelength at which maximum
emission took place was not affected significantly (Figure 5B and
6).

For transmembrane proteins two components are generally
contributing to a higher water access to the Trp location. One is
the fluidity of the micelles or membranes and the other is the
progressive unfolding of the protein. In case of detergent micelles,
the effect of possible micelle fluidity is not very high. The protein
reconstituted into micelle solution exhibited a very similar profile
to the protein unfolding analyzed by CD. In this situation the
principal transition occur around 58°C (Figure 6). When the
protein is reconstituted in lipid membranes the profile is more
complex with more than one transition indicating the contribution
of both components to the final state (Figure 6). The first transition
may reflect a change in the lipids that allows water to access the
Trp environment without any structural change in the protein. In
any case the steeper slope, likely to be related to the protein
unfolding, occurs around 70°C correlating well with the data
obtained by CD spectroscopy.

Discussion

The structural stability of the protein is important as a
precedent for good functionality after reconstitution. Here we
used CD spectroscopy as an effective and fast tool for testing the
structural properties of SoPIP2;1 and its stability in different
environments. CD spectroscopy has already been used with many
other proteins and it has been used for determining the melting
temperature of proteins [33,35,36].

A high-resolution X-ray structure (PDB data 17298) has been
published for untagged SoPIP2;1 [22], but the structural stability
properties of SoPIP2;1 have never before been studied after
overexpression and reconstitution into different membrane or
membrane-like environments. A helical content of 60% was
reported in the 17298 SoPIP2;1 crystallographic structure.
However, the helical content determination is not complete as
1798 does not report the first 23 and the last 7 residues of the
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St 25 50 55 56 57 58 59 60 65

Figure 4. Thermal denaturation of SoPIP2;1. It can be visualized
by SDS-PAGE since large aggregates are formed that cannot enter the
gel. After incubation at room temperature the normal bands
corresponding to monomeric, dimeric, trimeric and tetrameric SoPIP2;1
are evident. No aggregates were found at 50°C whereas at the melting
point, 58°C, as determined by CD, part of the protein was aggregated.
At 65°C the aggregation was complete. The samples were incubated at
the indicated temperatures (25-65°C) for 10 minutes before sample
loading buffer was added followed by 10 minutes incubation at room
temperature. St, standard with indicated Mw in kDa in the left side of
the gel.

doi:10.1371/journal.pone.0014674.9g004

protein. Our CD measurements of His-tagged SoPIP2;1 in OG
micelles, the same detergent also used to solubilize the protein for
crystalization, showed a 63% helical content, a value that matches
well with the high resolution structure of SoPIP2;1 demonstrating
that CD spectroscopy is a very useful tool for testing the secondary
structure stability of the protein reconstituted in different systems.

Regarding the tetrameric quaternary structure of SoPIP2;1, two
mechanisms could explain the results shown in Figure 3: unfolding
or dissociation of the tetrameric protein complex. The moderate
change in MRE as function of temperature observed when the
protein is reconstituted in phospholipid membranes could be
related to protein unfolding in a small protein population.
Considering that the CD results are giving an average value of
the folding pattern this would imply that most of the protein is
correctly folded. However, it is also possible that the change in
MRE is due to dissociation of the aquaporin tetrameric complexes.
In that case also monomers and dimers may occur in the
membrane at higher temperatures giving rise to the changes in
MRE as observed.

The information obtained by CD was also validated with Trp
fluorescence emission. These measurements provided information
about the protein tertiary structure and incorporation into the
membrane. Our results revealed that POPE:POPC:POPS:Ergos-
terol, POPE:POPC and E. coli lipids all are appropriate lipid
systems for reconstitution of SoPIP2;1 as they supported structural
and thermal stability of the protein. The results from the latter
system is consistent with the work by Karlsson et al. [21] using
stop-flow measurements demonstrating water transport function-
ality for SoPIP2;1 in E. coli lipids. In contrast DPhPC does not
provide a suitable host lipid membrane for SoPIP2;1.

It have been suggested that aquaporins exhibit greater stability
[37-42] compared to the structurally closely related glycerol
facilitators (aquaglyceroporins) [28,43-45]. Galka and collabora-
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Figure 5. Fluorescence spectroscopy analysis of the protein ternary structure behavior. A) Cartoons illustrating the Trp residues (green)
position in the protein ternary structure SoPIP2;1. The structure derives from the PDB file 1298 [22] using VMD software is shown in i [50], an
illustration of the protein position in detergent micelles in ii and in lipid bilayers in iii. B) Thermal unfolding of SoPIP2;1 monitored by tryptophan
fluorescence. To the left, the protein is reconstituted into OG micelles and to the right the protein is reconstituted into E. coli lipid membranes.
Temperatures are represented by the grayscale colors from black, 20°C to very light gray, 95°C.

doi:10.1371/journal.pone.0014674.g005

maltoside (DDM). The same temperature was obtained for the
tertiary structure monitored by Trp fluorescence [36]. When these
authors studied the secondary thermal stability by far-UV CD

tors [36] showed using SDS-PAGE electrophoresis that F. coli
GIpF aquaglyceroporin has an unfolding temperature of the
tetramer around 60°C in detergent solutions of dodecyl B-D-
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Figure 6. Fluorescence intensity at the maximum of the
emission spectra as a function of temperature. The protein
reconstituted in detergent micelles show one principal transitions in
comparison with the protein reconstituted in lipid membranes where at
least three different transitions can be observed. Fluorescence intensity
values are normalized to the higher intensity value observed with the
protein in micelles suspension at 20°C.

doi:10.1371/journal.pone.0014674.g006

spectroscopy they observed a two-state unfolding transition
occurring around 70°C for GIpF in DDM. When GIpF was
reconstituted into lysomyristoylphophatidylcholine (LMPC) mi-
celles, the tetramer unfolded around 80°C and the thermal
stability of the secondary structure was reported to have a
transition temperature of 87°C. Compared with our results
obtained for SoPIP2;1, GlpF in LMPC micelles apparently has a
higher stability than SoPIP2;1 in OG micelles and phospholipid
bilayers. On the other hand SoPIP2;1 reconstituted into the
bilayer-forming phospholipid mixtures tested here shows a similar
melting temperature as GlpF in DMM. Unfortunately a direct
comparison is not possible as we do not have the same GlpF/lipid
systems to compare with.

In conclusion we have shown that SoPIP2;1 can exist as a stable
folded protein in OG detergent micelles solutions and that the
protein can be transferred from detergent micelles solutions and
reconstituted into selected phospholipid membranes preserving its
structural characteristics. It is likely that more suitable reconsti-
tution systems exist for SOPIP2;1 than those studied in the present
work. In order to efficiently test a range of systems, new methods
are called for. Presently we are working on developing a new
microscopic method that will allow us to test at the same time the
incorporation and distribution of the protein in different
membrane systems and evaluate the yield of the incorporation
and characterize the protein functionality.

Materials and Methods

E. coli lipids total extract, 1,2-Diphytanoyl-sn-Glycero-3-Phospho-
choline (DPhPC), 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphoethano-
lamine (POPE), 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine
(POPC) and 1-palmitoyl-2-oleoyl-sr-glycero-3-phospho-L-serine (so-
dium salt) (POPS) were purchased from Avanti Polar Lipids, Inc.
(Alabaster, AL). Octyl-B-D-glucopyranoside (OG) was purchased
from Anatrace (Maumee, OH) and Sigma-Aldrich (Brondby,
Denmark). Ergosterol and all the other chemicals were obtained
from Sigma-Aldrich (Brondby, Denmark).
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Heterologous protein overexpression

Functional SoPIP2;1 was overproduced in the methylotrophic
yeast Pichia pastoris as His-tagged protein with a myc epitope [21].
The fusion protein has 303 amino acid and a molecular weight
(Mw) of 32512 Da. The strain was grown in a 3 L fermentor
typically resulting in 230 g wet cells/L culture after 24 h of
methanol induction. Urea/NaOH washed membranes were
prepared as described previously [21] and SoPIP2;1 was
solubilised in 5% OG. Solubilized His-tagged material was
purified using Ni-affinity chromatography as previously published
[21]. The eluted protein was concentrated using a VivaSpin 20
concentrator (cutoff MW 10 kDa, VivaScience) and the buffer was
then changed to 10 mM phosphate bufter, pH 7.5, NaCl 150 mM
(PBS) supplemented with 10% glycerol and 1% OG using a PD-10
column resulting in a final concentration of 10-15 mg/ml as
determined by Bearden [46].

Electrophoresis

Pure protein (5 pug) in 20 pL. of phosphate buffer (10 mM
potassium phosphate, 150 mM NaCl, 1% OG and 10% glycerol
pH 7.5) was incubated for 10 minutes at different temperatures
(25°C—65°C)). After incubation, sample loading buffer (125 mM
Tris-HCl pH 6.8, 20% glycerol, 4% SDS, 10% (v/v) B-
mercaptoethanol 0.1% bromophenol blue) was added to the
protein and further incubated for 10 minutes at room tempera-
ture. SDS- PAGE (12%) of the sample was performed as described
by Laemmli [47]. Protein was visualized by staining the gel with
Coomassie brilliant blue R250.

Dynamic Light Scattering (DLS)

Multilamellar 4 mg/ml DPhPC  vesicles were formed by
evaporation of the chloroform solvent by nitrogen gas and drying
30 minutes in the dessicator, followed by resolvation of the lipid
film in sterile filtered 0.2 M KCI in double distilled water. The
vesicle solution was extruded 11 times through a 100 nm
polycarbonate filter. DLS size distribution analyses of 0.1 mg/ml
DPhPC vesicles in 0.2 M KCI at 25°C were performed with a
Malvern Zetasizer NanoZS instrument courtesy of LiPlasome
Pharma A/S. Standard cuvettes (67.740 from Hounisen, Den-
mark) were used. 3 measurements of 13 runs each were taken and
averaged. The analysis was carried out with the software program
DTS 5.10, using an in-built general purpose analysis model.

Liposome and Protoliposome reconstitution

Purified SoPIP2;1 was reconstituted into vesicles by mixing with
E. coli lipids total extract or DPhPC or POPE:POPC:POPS:Lr-
gosterol (2:1:1:1 mol ratio) (complex fusogenic mixture) or
POPE:POPC (7:3 mol ratio) (binary fusogenic mixture) solubilized
in 1% OG at a lipid-to-protein molar ratio (LPR) of 200 in
phosphate buffer 10 mM, NaCl 150 mM, pH 7.5 at a final
0.1 mg/mL concentration of protein. The mixture was dialyzed in
Slide-A-Lyzer® Dialysis Cassettes from Thermo Scientific, Pierce
Biotechnology, (Rockford, IL) with a molecular cut-off of 10,000
Mw at room temperature for 4 days with two buffer changes per
day. Control vesicles were made in the same manner without
protein.

Circular Dichroism (CD) and Fluorescence

CD spectra were acquired with a Jasco 815 spectrometer (Jasco
UK, Essex, UK). The sample temperature was controlled by a
built-in Peltier device. The protein or lipid-protein solutions were
placed in a quartz cuvette with a 0.1 cm path length and the
spectra were collected at 20 nm/min between 250-190 nm with a
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response time of 0.25 s and a data pitch of 0.1 nm. Baselines were
collected in the same manner and spectra were baseline corrected.
CD spectra for samples without protein, i.e. buffer or buffer with
detergent and lipid did not exhibit ellipticity. Mean residue
ellipticity (MRE) ([0] x10™% deg em? dmol™ ") as calculated using
the equation [0]yy=M0/10-1-c'n, where M is 32512 g/mol, 0 is
the measured ellipticity in millidegrees, 1 is the cell path length, c is
the protein concentration in grams per liter, and n = 303 residues.
Deconvolution of the CD spectra into pure component spectra
was performed using the algorithm CDSSTR [48] accessed
through Dichroweb [49]. a-helical changes were followed
observing the variation in MRE at 222 nm for the temperature
stability measurements between 20°C and 95°C.

References

1. Engel A, Stahlberg H (2002) Aquaglyceroporins: channel proteins with a
conserved core, multiple functions, and variable surfaces. Int Rev Cytol 215:
75-104.

2. Engel A, Fujiyoshi Y, Agre P (2000) The importance of aquaporin water channel
protein structures. Embo J 19: 800-806.

3. Park JH, Saier MH, Jr. (1996) Phylogenetic characterization of the MIP family
of transmembrane channel proteins. ] Membr Biol 153: 171-180.

4. Engel A, Fujiyoshi Y, Gonen T, Walz T (2008) Junction-forming aquaporins.

Curr Opin Struct Biol 18: 229-235.

. Kukulski W, Schenk AD, Johanson U, Braun T, de Groot BL, et al. (2005) The
5A structure of heterologously expressed plant aquaporin SoPIP2;1. ] Mol Biol
350: 611-616.

6. Murata K, Mitsuoka K, Hirai T, Walz T, Agre P, et al. (2000) Structural
determinants of water permeation through aquaporin-1. Nature 407: 599-605.

7. Savage DF, Egea PF, Robles-Colmenares Y, O’Connell JD, 3rd, Stroud RM
(2003) Architecture and selectivity in aquaporins: 2.5 a X-ray structure of
aquaporin Z. PLoS Biol 1: E72.

8. Gorin MB, Yancey SB, Cline J, Revel JP, Horwitz J (1984) The major intrinsic
protein (MIP) of the bovine lens fiber membrane: characterization and structure
based on ¢cDNA cloning. Cell 39: 49-59.

9. Preston GM, Jung JS, Guggino WB, Agre P (1994) Membrane topology of
aquaporin CHIP. Analysis of functional epitope-scanning mutants by vectorial
proteolysis. J Biol Chem 269: 1668-1673.

10. Zardoya R (2005) Phylogeny and evolution of the major intrinsic protein family.
Biol Cell 97: 397-414.

11. Russ WP, Engelman DM (2000) The GxxxG motif: a framework for
transmembrane helix-helix association. J Mol Biol 296: 911-919.

12. Heymann JB, Engel A (2000) Structural clues in the sequences of the
aquaporins. J Mol Biol 295: 1039-1053.

13. Danielson JA, Johanson U (2008) Unexpected complexity of the aquaporin gene
family in the moss Physcomitrella patens. BMC Plant Biol 8: 45.

14. Johanson U, Karlsson M, Johansson I, Gustavsson S, Sjovall S, et al. (2001) The
complete set of genes encoding major intrinsic proteins in Arabidopsis provides a
framework for a new nomenclature for major intrinsic proteins in plants. Plant
Physiol 126: 1358-1369.

15. Kammerloher W, Fischer U, Piechottka GP, Schaffner AR (1994) Water
channels in the plant plasma membrane cloned by immunoselection from a
mammalian expression system. Plant J 6: 187-199.

16. Chaumont F, Barrieu F, Jung R, Chrispeels MJ (2000) Plasma membrane
intrinsic proteins from maize cluster in two sequence subgroups with differential
aquaporin activity. Plant Physiol 122: 1025-1034.

17. Biela A, Grote K, Otto B, Hoth S, Hedrich R, et al. (1999) The Nicotiana
tabacum plasma membrane aquaporin NtAQP1 is mercury-insensitive and
permeable for glycerol. Plant J 18: 565-570.

18. Dordas C, Chrispeels MJ, Brown PH (2000) Permeability and channel-mediated
transport of boric acid across membrane vesicles isolated from squash roots.
Plant Physiol 124: 1349-1362.

19. Gaspar M, Bousser A, Sissoéff I, Roche O, Hoarau j, et al. (2003) cloning and
characterization of ZmPIP1-5b, and aquaporin transporting water and urea.
Plant Sci 165: 21-31.

20. Fraysse LC, Wells B, McCann MC, Kjellbom P (2005) Specific plasma
membrane aquaporins of the PIP1 subfamily are expressed in sieve elements and
guard cells. Biol Cell 97: 519-534.

21. Karlsson M, Fotiadis D, Sjovall S, Johansson I, Hedfalk K, et al. (2003)
Reconstitution of water channel function of an aquaporin overexpressed and
purified from Pichia pastoris. FEBS Lett 537: 68-72.

22. Tornroth-Horsefield S, Wang Y, Hedfalk K, Johanson U, Karlsson M, et al.
(2006) Structural mechanism of plant aquaporin gating. Nature 439: 688-694.

23. Johansson I, Karlsson M, Shukla VK, Chrispeels MJ, Larsson C, et al. (1998)
Water transport activity of the plasma membrane aquaporin PM28A is
regulated by phosphorylation. Plant Cell 10: 451-459.

24. Nielsen CH (2009) Biomimetic membranes for sensor and separation
applications. Anal Bioanal Chem.

o

@ PLoS ONE | www.plosone.org

Thermal Stability of SoPIP2;1

Fluorescence spectra were collected in an ISS Chronos fluorom-
eter (ISS Champaign, IL) using a 280 nm diode as excitation source.
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Abstract

Supported lipid bilayers (SLB) bla bla..

PEGylated lipid vesicles in both mushroom and brush regime were deposited on nanoporous
polybutadiene. The hydrophobic/hydrophilic characteristic of the porous surface were compared to
reference silica surfaces. Rupture of the PEGylated vesicles created stable SLBs on the porous
surface and especially with PEG chains in brush regime the bilayer was found to be requiring a
higher yield force verified by indentation experiments using atomic force microscopy.

YP = Yielding Point (Force level for rupturing a membrane)
AFM = Atomic Force Microscopy
QCM-D = Quartz Crystal Microbalance with Dissipation Monitoring

Introduction

Stable lipid membranes suitable for protein incorporation require a substrate which
can provide mechanical support without having a disruptive interaction on the supported lipid
bilayer (SLB). Having the SLB directly on a silicon wafer or other atomically flat metallic surfaces
have repeatedly (Tanaka 2006) been shown to denature the proteins and limit the horizontal
mobility of lipid bilayers which are necessary to proper mimic the proteins natural environment.
Also for the study of transmembrane proteins and membranes systems in general it is often
necessary to have access to both the top (cis) volume and the bottom (trans) volume of the SLB.
Porous polybutadiene allows monitoring of transmembrane transport (C. H. Nielsen 2009)

By combining the QCM-D and AFM for study of DOPC-vesicle deposition on silica
both high time and special resolution of SLB formation have been elucidated (Richter 2003). In that
study a high electrostatical dependency of the SLB formation was found.

Previous work (Kaufmann 2009) with PEGylated lipid vesicles deposited on quartz
crystals that formed an SLB and silicon wafers showed significant improvement in both horizontal
mobility indicating a better biomimical system for protein insertion. The work focused on low PEG
concentrations where the PEG chains would be in a so-called "mushroom™ regime due to problems
with deposition of vesicles containing higher concentrations.

We here present our study of both vesicle depositions containing high concentrations
of PEG in so-called "brush™ regime™ and of the stability-enhancing of such PEGylated SLBs on
engineered nanoporous polymers. Through the use of QCM-D and force spectrometry of the
deposited vesicle we show that it is possible to create such SLBs on both silica and nanoporous
polymers and that UV-treated polybutadiene improves stability.



Materials and Methods

Vesicle preparation.

Lipid vesicles were prepared by mixing appropriate amounts of 1,2-dioleoyl-sn-glycero-3-
phosphocholine (DOPC), 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-
[methoxy(polyethylene  glycol)-750] (DOPE-PEG750) and  1,2-dioleoyl-sn-glycero-3-
phosphoethanolamine-N-[methoxy(polyethylene glycol)-2000] (DOPE-PEG2000) lipid stock
solutions in chloroform (10 mg/ml) to prepare lipid solutions with the following compositions: 1)
DOPC:DOPE-PEG750 (90 mol: 10 mol), 2) DOPC:DOPE-PEG2000 (95 mol: 5 mol) and 3)
DOPC:DOPE-PEG2000 (98 mol: 2 mol). A thin lipid film was formed by evaporating the solvent
using nitrogen gas at room temperature. Residual solvent was removed by overnight storage in
vacuum (<0.3 mbar). The dried lipid film was rehydrated with PBS pH 7.2 for a final lipid
concentration of 8 mg/ml. The formed multilamellar vesicles were extruded using a hand-held
extruder (name? from xx) through 0.2 um track-etched membranes (Isopore, Millipore) 21 times.

Dynamic light scattering (DLS).

DLS size distribution analyses of vesicle solutions at 25°C were performed with a Malvern
Zetasizer NanoZS instrument courtesy of Liplasome A/S. Three 10-measurement series were taken
for each system and averaged. The analysis was carried out with the software DTS 5.10, using an
in-built general purpose analysis model. The detection angle was 173 and the refractive index for
the vesicles was taken to be 1,59.

QCM-D.

We used a QCM-D-E4 system (Q-Sense AB, Gothenburg, Sweden) to measure deposition Kinetics
of lipid vesicles on a silica surface, using the software Q-Soft for data collection. Polished AT-cut,
5 MHz quartz crystal sensors were supplied by Q-Sense. The application of the QCM-D technique
for determining deposition kinetics is described in Rodahl et al®. Briefly, the QCM-D technique
monitors the change in frequency of vibration due to deposition of wet mass on the quartz crystal
sensor. As wet mass deposits onto the quartz sensor, the frequency of vibration decreases. During
ideal conditions, there is a linear relationship between the change in frequency Af and the adsorbed
mass Am:

Am =S Af (0.1)
n

where ¢ (=17.7 ng cm™ Hz* at f=5 MHz) is the mass-sensitivity constant and n (=1, 3, ...) is the
overtone number. Combined frequency and energy dissipation measurements give information
about both the adsorbed amount (Af) and the viscoelastic properties (AD) of the adsorbed film.

The fractional bilayer coverage was calculated as previously described by Graneli et al*® based on
two assumptions: (i) The water-exposed domains on a planar SPB do not contribute significantly to
D. (ii) There exists a linear relationship between the dissipation change at saturation and liposome
size, as previously demonstrated for pure PC liposomes in the size regime between 25 and 200 nm.
The fractional bilayer coverage, o, and fractional coverage of intact liposomes, 1 - o, are estimated

using
a=1-AD, | AD, 02)
AD_, = xO '



where ADsy IS the dissipation value expected when a=0, i.e., for the whole surface covered by intact
liposomes, ADxiq is the actual measured change in D at saturation, @ is the liposome diameter (Table
1) in nanometers, and x=0.15 is the proportionality constant between the change in D for
nonruptured liposomes on TiO,*! and the liposome diameter (change in D/nm of liposome
diameter).

The thickness of the adsorbed film was obtained using a built-in Voigt model in the software Q-
tools. In this model the adsorbed film is represented by a homogeneous thickness, viscosity, and
complex shear modulus.

All data shown was measured at the fifth harmonic, n=5, i.e., at 25 MHz. For clarity, the frequency
response is divided by 5 in all graphs (this makes the data directly comparable to data measured at n
= 1, for ideal conditions).

Before each experiment, the silica sensors were soaked in 2% Hellmanex Il (Hellma GmbH & Co.
KG, Millheim, Germany) cleaning solution for 30 min, rinsed thoroughly with DI water, dried with
ultra high-purity N2, and treated in an 0zone/UV chamber (BioForce Nanosciences,

Inc., Ames, 1A) for 30 min.

Cleaned sensors were mounted in a temperature-controlled (25 °C) chamber of the QCM-D system,
with one side of the sensor exposed to the solution. All test solutions were fed into the chamber
using a syringe and adsorption was measured in stagnant conditions. A baseline was obtained in
PBS buffer pH adjusted to 7.2, with the frequency signals stabilized at an approximately 2 Hz
change in frequency over 10 min. 1 ml of vesicles were injected and allowed to deposit on the silica
sensor until the frequency signal stabilized at an approximately 2 Hz change in frequency over 10
min. More vesicles were injected until no further increase in frequency was observed. The system
was equilibrated again with PBS buffer. Each experiment was repeated at least four times.

Atomic Force Microscopy (AFM).

An MFP-3D atomic force microscope (Asylum Research, Santa Barbara, CA, US) was used for
both topographic imaging and for force curves. Force curves were collected by using a force
volume (FV) scanning routine where maps consisting of force-distance (deflection of probe vs. the
Z-distance) data were arranged in 2D grids.

For the indentation experiments a silicon nitride probes (ORC8-PS, Olympus Denmark, Ballerup,
Denmark) with spring constants (Kfactory = 0.1 N/m) of 80.16-115.87 pN/nm was used (found by
thermal calibration). For the indentations, the scan rates varied from 0.1 Hz to 0.2 Hz, and the
probed Z-distance were 0.5 um to 1 um (i.e. the retraction distance after reaching target force
value). Target force (the force at which the probe begins to retract again) was 4 nN to 10 nN. Same
scanning parameters were used for indentation experiments using biolever probes (12.03 pN/nm,
thermal calibration) on silicon substrates. For probing on the corrugated polished polybutadiene
(PB) surface, force-volume data were obtained with the more hydrophilic ORC8 which had a better
aspect-ratio than a biolever.

For the adhesion measurements, biolever probes (Olympus Denmark, Ballerup, Denmark) with a
spring constant of 6.13-9.01 pN/nm was used (found by thermal calibration). The biolever, which
have a gold coating on the tip, were stored for 2 weeks in a 0.1 M hexadecanethiol in ethanol
solution and rinsed in both ethanol and milli-Q grade water before use. 1 hours equilibration time
was used with biolever probes in order to avoid pre-stress interfering with measurements.

Topographic imaging of the substrates in air was made in tapping mode.



For vesicles deposition either 30 ul or 100 ul 8 mg/ml vesicle solution was used containing 2 or 5
mol% PEG2000, respectively. Incubation time was between 10 min (for 5 mol%) to 1 hour (for 2
mol%) before gentle rinsing excess vesicles with PBS. The larger volume and incubation time for 2
mol% PEG2000 were necessary to have proper coverage for statistical analysis.

All AFM work with vesicles and deposited vesicles were done with PBS solution as imaging
buffer.

Analysis: Igor Pro 6.03A (Wavemetrics, Lake Oswego, OR, US) was used together
with custom made software that automated the calculation of adhesion energy.

The adhesion energy was calculated as the area delimited by the retraction force curve and a
virtual line going from the point where the retraction force curve crossed the baseline to the point
where the probe looses contact with the surface and jumps away from the surface (the Snap-Back
Point).

Only data points which show lipid bilayer rupture events were used for analysis (see figure 3) and
the bilayer coverage measured with AFM was calculated as the number of events over total number
of pixels (table 4). Analysis of membrane breakage (yielding) was done manually.

Distance between two grafting sites (s), radius of gyration (Rg) and the total SLB thickness of the
5 mol% PEGylated SLBs on silica were obtained by fitting the force curves to equation 1 which
were derived by Dolan and Edwards (Dolan 1974 — no access) and modified by Li and Pincet (Li
2007). Total thickness was measured as the average separation from hard-wall contact to the onset
of compression of the PEG chains. The onset of the compression was defined as the separation
where the exponential fit to the data exceeds 3 mN/m (just above the baseline noise) as used in
previous studies (Kaufmann 2009).

Equation 1: F(D)/R = 144-mkg-T-s”-e™-3"-D-%R,")

Results and discussion

Investigation of the support surface by AFM
The polybutadiene (PB) samples used in this study was often covered with a so-called

“skinlayer” (see figure 1a) that reduced the porosity of the surface. Removal of this layer by gentle
grinding exposed the gyroid morphology (see figure 1b) similar to that what have previously been
observed for same polymer in SEM. And this made the substrate porous, allowing bulk transport
across the membrane. Treating the surface with UV-light changed the surface chemistry without
changes to the surface topology (see figure 1c). As reference a silicon wafer surface (figure 1d) was
used for hydrophobic/hydrophilic comparison and for inspecting the prior to vesicles deposition.
Also, the silica surface were used as a substrate for deposition of vesicles containing 5 mol%
PEG2000. Both surface roughness (see figure 1) and hydrophobicity (table 1) of the silicon wafer
were similar to the UV-treated PB glass side surface on which 2 mol% PEG200 vesicles were
deposited, and except for porosity they can therefore be regarded as similar surfaces in this study.

For decreasing the number of artefacts in the force-measurements a less corrugated PB surface
(glass side) were also UV-treated and used for vesicle deposition (figures 1e & 1f). From the
topographic image the glass side surface were found to be porous like the polished air side, but
without the same clear gyroidal morphology or skinlayer as the unpolished air side.



Figure 1. AFM topographic images obtained by scanning in tapping mode.a) PB air side, b) PB air
side polished, c) PB air side polished and UV-treated, d) Silicon, e) PB glass side, f) PB glass side
UV-treated

1.0

0.8

pm

00 00
0.0 02 04 06 08 10 00 02 04 06 08 1.0

pm pm

The effect of UV-treatments was measured by probing the adhesion of an AFM tip coated with
a monolayer of hexadecanethiols under water. The adhesion energy between the coated tip and the
surface would give a value of the “hydrophobicity” of the surface (see table 1). A low adhesion
energy would indicate a more hydrophilic support surface compared to one with a high adhesion.
As reference a silicon wafer surface with a natural oxide layer was used. The low adhesion energy
for the reference verified the “hydrophobicity” of the tip. The data is for comparative uses. The UV-
treatments reduced the adhesion energy to just 9.7% and 6.4% of the original level of the polished
air side and glass side, respectively. The “hydrophobicity” of the UV-treated glass side was similar
to the reference silicon surface, while for the UV-treated polished air side it was 10 times higher.

Table 1: Adhesion strength of the PB and silicon surfaces obtained from force curves
measurements using a biolever coated with a monolayer of hexadecanethiols. n indicates number of
force-curves used for the statistics. Note that for the native PB air surface the skin layer interfere
with the probing causing problems with adhesion calculations.

Surface n Adhesion energy (aJ)

PB air side As is 400 | N/A
Polished 400 | 7701100
UV —treated | 400 | 49+190

PB glass side | As is 100 | 38+ 27
UV-treated | 2500 | 3.7+ 17
Si As is 100 | 4.7£10

Characterization of vesicles



The compositions of the vesicles used for deposition on the surfaces were chosen such that the
fractions of PEG2000 represented two different conformation-regimes. Vesicles containing only 2
mol% PEG2000 would have the PEG-chains in the more folded “mushroom-regime”, while
vesicles containing 5 mol% PEG2000 would have the chains in a more elongated “brush-regime”
(Kaufmann). The vesicles of both types were similar in size to that of plain DOPC vesicles (see
table 2) and the deposition shouldn’t be affected by this parameter.

Table 2: Vesicle diameter obtained by DLS. All vesicle solutions are extruded 21 times through a
200 nm polycarbonate filter. Averaged over 3 experiements.

Vesicle composition (mol%) | dy (nm) | PDI

DOPC | DOPE-PEG2000

100 136+x | 0.076
95 5 133+1 | 0.125
98 2 142+2 | 0.095

Deposition of vesicles on silica and polybutadiene

QCM experiments (see figure 2) on the two types of PEG-containing vesicles were carried out in
order to verify the vesicles ability to dock and fuse. Figure 2 shows that the vesicle deposition
kinetics increases with concentration, but the thermodynamic equilibrium for them all is similar.
For the concentrations used in this study, a 5 min waiting time can be assumed to be sufficient for
the system to reach equilibrium. Similar kinetics were also observed for vesicles containing 5 mol%
PEG2000, but had a more pronounced crystal dependency with 2 out of 6 experiments showing no
vesicle rupture.

Figure 2: Vesicle deposition kinetics on silica obtained by QCM-D. Kinetics of DOPC:DOPE-
PEG2000 (98 mol: 2mol) vesicles with concentrations of 0.1 mg/ml (black/grey), 0.5 mg/ml
(red/mauve) and 5 mg/ml (blue/royal blue).
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QCM data (see table 3) shows a 0.9 nm decrease in thickness when going from 5% to 2%
PEG2000 content in the lipid bilayers. This difference couldn’t be observed by AFM where the
thickness of both 2% and 5% PEG-lipid bilayers were similar at yielding point (see figure 3). The
increased thickness of 5% PEG-lipid bilayers might therefore be contributed mostly by the
conformation of the top PEG-layer which is not being probed at yielding point.



Table 3: Adsorbed vesicle layer characteristics (mass coverage, thickness and bilayer area)
obtained with QCM-D.

Vesicle Af (Hz) AD (10°) I (ng.cm™) t (nm) Bilayer area
composition (%)
DOPC:DOPE- | -35.60+2.39 1.06+0.06 630+42 7.7+£0.3 94.4+0.3
PEG2000(98:2)

DOPC:.DOPE- | -42.48+2.49 0.72+0.29 752444 8.6+0.3 96.4+1.5
PEG2000(95:5)

Coverage

UV-treated polybutadiene surfaces had a hydrophilicity and roughness similar to that
of the silica surface used in QCM and the coverage on this support was therefore expected to be
close to that measured with QCM. Measuring the number of detected membrane ruptures with AFM
(table 4) revealed less coverage compared to data from QCM (table 3) for both 2 mol% and 5 mol%
PEGylated lipids. While this might be due to the use of an extra rinsing step and the fact that AFM
don’t measure the systems ensamble properties (i.e. mass coverage). Also the fact that about 1/3 of
the QCM experiments with 5 mol% PEG2000, the vesicles didn’t rupture could explain the lower
coverage since the lipids in the intact vesicles would not contribute to the coverage. Previous work
by Richter et. al. (Richter 2003) shows that electrostatic interactions greatly influence SLB
formation and that a critical vesicle coverage of the neutrally charged DOPC vesicles is needed for
bilayer formation. Also, different lipid coverages measured by AFM and QCM were found, which
might be due to slight differences in chemical properties of the supports.

The measured coverage by AFM of 5 mol% PEGylated lipids on silicon was found to
vary on the same sample (table 4) and the coverage on the polymer surface was found to lie within
this range, indicating a correlation between the coverage of hydrophilicity and deposition.

Table 4: SLB coverage on both Pb surface and on the reference silica surface measured by AFM.
Two separate areas on the silica were investigated, giving two different values.

Surface Coverage (%)
2 mol% Pb (n=1) 28

5 mol% Pb (n=1) 46

5 mol% Si (n=2) 36-80

Membrane thickness & Breakthrough force

One noticeable difference between the AFM data and QCM-D data is the large
difference in measured bilayer thickness, which allows us to identify the thickness of various parts
of the PEG-bilayer-PEG system.

Applying high force (> 1 nN) on the silicon-supported system distort the bilayer
significantly and at YP the AFM probe only detects thickness (and rupture) of the hydrophobic core
of the bilayer, which for 5 mol% PEG2000 was found to be 3.5 nm (thickness of bare lipid bilayer
without PEG). Scanning in tapping mode with the same probe produced reproducible topographic
images and can be assumed to be non-disruptive for the bilayer system. Histogram analysis of a
topographic image obtained in tapping mode showed a peak-to-peak height difference of 4.65 nm,
slightly higher than 3.8 nm which is expected for a bilayer of DOPC without PEG2000-cushion
beneath (Lewis 1983). This indicates a compressed 5 mol% PEG2000-cushion beneath the lipid




bilayer when resting on a silicon-substrate and it is possible that PEG-chains are in a mushroom-
rather than a brush-conformation. The tapping mode topography does not give us any information
about the top PEG2000 layer.

Fitting the repulsive force of the PEG chains using a Derjaguins approximation
(Derjaguin 1934) allowed us to derive both the distance between grafting sites, radius of gyration
and the total thickness of the 5 mol% PEGylated SLB as presented in table 5.

Table 5: Properties of 5 mol% PEGylated SLB on silica derived from Dolan and Edwards fit.
Variations in the theoretical values are based on the variations in the average area per lipid
molecule from 50 A? to 70 A% and the size of one PEG monomer from 3.5 A to 3.9 A.

5mol% on Si | Experimental Theory

[nm] Mean Std

S 1.25848 0.22958 | 3.16 —3.74

Rg 3.8508 0.5262 | 0.96 - 1.07

Total 19.61667 2.04784 | 3.25-4.35 (for PEG chain in
Thickness brush regime)

The Flory radius (Rf) for PEG2000 is calculated to be around 3.46 nm — 3.85 nm. The
experimental data clearly indicates s < Rf, which is shows that the PEG chains are in the brush
regime.

The total thickness is significantly higher that found with QCM and what have been
previously reported with AFM for just 2 mol% PEGylated lipid bilayers (11.4+-1.1, Kaufmann
2009). This shows both a significant increase in SLB thickness when PEG chains change
conformation to brush regime, but also between the QCM and AFM methods. Comparing the
thickness from our QCM data for 2 mol% (7.7+0.3 nm) with that previously observed for 2 mol%
with AFM it shows a 48 % increase in measured thickness.

While this thickness indicates a discrepancy between the QCM-D and the AFM
methods it allows us to use these data for comparison of vesicles deposition the PB surfaces.

Figure 3: Overview of breakthrough force (yielding point, YP), Thickness at YP and total thickness.
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For 5 mol% PEG2000 both breakthrough force (4.75 nN) and thickness (4.3 nm) was
improved on the PB-sample compared to silica. The surface might stabilize the brush-regime for the
bottom PEG layer better than silicon and thereby improved both thickness and overall membrane
stability.

2 mol% PEG2000 on a more smooth PB-substrate gave a thickness (5.3 nm) slightly
higher than 5 mol% PEG2000 on the polymer, but with much lower breakthrough force (1.4 nN).
The slight increase in thickness for the 2 mol% PEG2000 SLB on the polymer compared to the 5
mol% might be explained by a difference in horizontal mobility of the two different conformations
(see figure 4 C & D). Then compressing the SLB the PEG chains could migrate away from the
stress, which give a lower jump-in once the membrane ruptures. The mushroom-regime PEG chains
might not be as mobile and/or responsive to mechanical and therefore stays trapped beneath the
stressed SLB area.

Figure 4: lllustration of vesicle deposition (A-B) and effect of indentation on a brush-regime
PEGylated SLB (C-D). When pressing down on the system the mobility of the PEG chains in the
lower leaflet migrates away from the site.



A) G B)

SLB

Y e

».
p »

Force-curves of 2 mol% PEG lipid bilayers on silicon obtained with biolever probes
gave a similar low YP (2.1 nN) which were below that observed for 5 mol% on same support (3
nN). This could indicate a reduced mechanical stability of membranes supported by PEG-cushions
in the mushroom-regime as previous studies have shown (Kaufmann 2009) where increased mol%
of PEG-PE lipids acted as a barrier to rupture. The stabilising effect using porous PB as substrate is
also indicated by these results.

QCM data shows a 0.9 nm decrease in thickness when going from 5% to 2%
PEG2000 content in the lipid bilayers. This difference couldn’t be observed by AFM where the
thickness of both 2% and 5% PEG-lipid bilayers were similar at yielding point. The increased
thickness of 5% PEG-lipid bilayers might therefore be contributed mostly by the conformation of
the top PEG-layer.

These data all points towards a stressed system when supported on silica where the
SLB is less resistant to rupture.

Conclusion

We have here shown that depositing PEGylated lipid vesicles on hydrophilic porous
substrates is not only possible but it also enhances the membrane stability towards mechanical
stress. The efficiency of the deposition method was shown with QCM-D where the systems rapid
kinetics quickly established a complete coverage of a ~ 8 nm lipid layer. The system was found
through AFM indentation experiments to be extremely compressible before rupture which gives the
system a method for dissipating mechanical stress. A possible response of the PEG chain in brush
regime to the mechanical stress is migration of the chains away from the affected area before
membrane rupture.

The best stabilization was observed when the PEG-chains were in a brush-
configuration on the porous polymer surface. A discrepancy between thickness values found with
AFM and QCM illustrates the challenge to compare such parameters between ensemble and non-
ensemble methods. The enhanced stability of the 5 mol% PEGylated SLB were also found to be a
challenge since some of the vesicles were found to not rupture.

While this work has shown the advantages of both PEGylated lipids in brush-regime
and porous polymer support it is clear that many aspects of this complex system still needs to be
illuminated.
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