
  
 
 
 
 
 
 
 
 

 
 
 

 
 
 
 

 
 
 
 

 
 
 
  
 
 
 
 

 

This is an author-deposited version published in: http://oatao.univ-toulouse.fr/ 
Eprints ID: 6089 

To link to this article: DOI:10.1016/j.marpolbul.2006.12.008 
URL: http://dx.doi.org/10.1016/j.marpolbul.2006.12.008 
 

To cite this version: Cuny, Philippe and Miralles, Gilles and Cornet-
Barthaux, Véronique and Acquaviva, Monique and Stora, Georges and 
Grossi, Vincent and Gilbert, Franck Influence of bioturbation by the 
polychaete Nereis diversicolor on the structure of bacterial communities 
in oil contaminated coastal sediments. (2007) Marine Pollution Bulletin, 
54 (n° 4). pp. 452-459. ISSN 0025-326X 

Open Archive Toulouse Archive Ouverte (OATAO)  
OATAO is an open access repository that collects the work of Toulouse researchers and 
makes it freely available over the web where possible.  

 

Any correspondence concerning this service should be sent to the repository 
administrator: staff-oatao@listes.diff.inp-toulouse.fr 
 

brought to you by COREView metadata, citation and similar papers at core.ac.uk

provided by Open Archive Toulouse Archive Ouverte

https://core.ac.uk/display/12043443?utm_source=pdf&utm_medium=banner&utm_campaign=pdf-decoration-v1


Influence of bioturbation by the polychaete Nereis diversicolor

on the structure of bacterial communities in oil contaminated
coastal sediments

Philippe Cuny a,*, Gilles Miralles a, Véronique Cornet-Barthaux b, Monique Acquaviva a,
Georges Stora a, Vincent Grossi c, Franck Gilbert a
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Abstract

Patterns of change in the structure of bacterial communities monitored by ribosomal intergenic spacer analysis (RISA) in oil contam-
inated sediments inhabited or not by the marine polychaete Nereis diversicolor were studied during 45 days under laboratory conditions.
Results supported by principal component analysis showed a marked response of the bacterial communities to the oil contamination and
to the presence of N. diversicolor. Phylogenetic affiliation of specific RISA bands showed that, in the contaminated sediments, the pres-
ence of the marine polychaetes favoured the development of bacteria which may play an active role in natural bioremediation processes
of oil polluted environments.
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1. Introduction

Marine sediments, particularly those in industrial areas,
are frequently polluted with petroleum hydrocarbons as
the results of accidental spills, industrial and urban runoff
and shipping activities (Head and Swannell, 1999). Biotur-
bation processes due to natural macrobenthic communities
can have a significant influence on the qualitative and
quantitative fate of hydrocarbons following oil contamina-
tion (Grossi et al., 2002). Sediment reworking can, for
instance, alter oxic/anoxic boundaries, affect microbial
populations directly or indirectly, cause vertical transport
of particles and lead to movements of particles across oxic

and anoxic boundaries (Aller, 1994). The frequency and
duration of these processes may notably modulate the deg-
radation rates of hydrocarbons (Granberg et al., 2005).
Macrobenthic animals, especially sediment-dwelling poly-
chaetes, are known to affect the release and distribution
of polycyclic aromatic hydrocarbons (PAHs) associated
with the sediment through their bioturbating activities.
For example, Arenicola marina and Nereis diversicolor were
shown to significantly enhance the fluxes of sediment-asso-
ciated pyrene and metabolites into overlying water (Chris-
tensen et al., 2002b). In the same way, the polychaetes
Nereis virens and Capitella capitata are known to enhance
microbial degradation of PAHs such as benzo[a]anthracene
(Gardner et al., 1979; McElroy et al., 1990) and anthracene
(Bauer et al., 1988), respectively. In addition to displacing
hydrocarbons from oxic to anoxic layers, macrobenthic
organisms can also act on hydrocarbon fate by producing
digestive solubilizers which enhance the bioavailability of
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hydrocarbons to hydrocarbon degrading bacteria (i.e.,
hydrocarbonoclastic bacteria), and may increase their
exportation into the water column. Digestive fluids of
deposit feeders have been shown to be far more effective
than seawater in solubilizing PAHs (Penry and Weston,
1998; Weston and Mayer, 1998) and other sediment-bound
organic contaminants (Ahrens et al., 2001). For instance,
biosurfactants are present in high amounts in the digestive
tract of benthic macrofauna (Ahrens et al., 2001) which
ingests the surface sediment several times a year (Myers,
1977). Consequently, sediment-bound hydrocarbons are
solubilized during the gut transit of the organisms (Gilbert
et al., 2001). The solubilization by benthic-surfactants has a
positive effect on biodegradation, which depends on the
dispersion state of hydrocarbons (Bertrand et al., 1993;
Bonin and Bertrand, 1999).

In addition, previous studies have shown that N. virens

burrow sediments harbour PAH-degrading bacteria and
that degradation rates for added PAHs are higher in bur-
rowed sediments than in non-burrowed ones (Chung and
King, 1999). In addition, a new species of hydrocarbono-
clastic bacteria, Lutibacterium anuloederans, has been iso-
lated from N. virens burrow walls by using enrichment
cultures on phenanthrene (Chung and King, 2001).

Bioturbation also influences the vertical distribution and
the composition of sedimentary bacterial communities
(Dobbs and Guckert, 1988; Findlay et al., 1990; Gross-
mann and Reichardt, 1991; Goñi-Urriza et al., 1999; Wilde
and Plante, 2002; Papaspyrou et al., 2004; Plante and
Wilde, 2004; Grossi et al., 2006; Papaspyrou et al., 2006).
Unfortunately no information is currently available on
the specific effects of bioturbation on the structure of bac-
terial communities in oil contaminated sediments. Yet the
selection of specific bacterial groups due to bioturbation
activities may be a key factor in controlling the fate of
hydrocarbons within sediments. To clarify this point, the
patterns of change in the structure of bacterial communi-
ties monitored by ribosomal intergenic spacer analysis
(RISA) were studied in oil contaminated sedimentary
microcosms inhabited or not by the polychaete N.

diversicolor.

2. Material and methods

2.1. Microcosm experiment

Sediments and N. diversicolor individuals were collected
in Carteau cove (Gulf of Fos, France, Mediterranean Sea).
The sediment organic matter content, determined by loss of
ignition at 550 °C after 24 h, was 1.33 ± 0.03%. Worms
were acclimated for 6 days at in situ temperature (15 ±
1 °C) in uncontaminated sediment overlaid with 28&
seawater, before being transferred to sediment microcosms.

Twelve sediment microcosms were set up in 2.5 l aquar-
ium (11 cm wide, 19 cm long and 12 cm high) filled with
sieved (1 mm mesh) and homogenized sediments to obtain
a 9-cm high sedimentary column. Half of the sediments

were previously contaminated with BAL-250 oil (Blend
Arabian Light oil topped at 250 °C) to a concentration of
7 g kgÿ1 wet sediment. Ten individuals of the polychaete
N. diversicolor (12 ± 1 cm long; mean ± SD, n = 60) were
then introduced into each of three control (uncontami-
nated) and three contaminated microcosms to reach a
density of 500 polychaetes mÿ2.

Four different sediment microcosms were considered:
uncontaminated sediment without worms (CTRL), uncon-
taminated sediment with N. diversicolor (CTRL + Nd),
contaminated sediment without worms (OIL) and contam-
inated sediment with N. diversicolor (OIL + Nd). Micro-
cosms were left to incubate at 15 ± 1 °C during 45 days.
Ambient air was pumped continuously through the water
column. At the end of the experiment the worms were
removed and the sediments were homogenized by mechan-
ical stirring before sampling.

2.2. DNA extraction

The protocol for DNA extraction was modified from
Tsai and Olson (1991). Freeze-dried sediments were care-
fully ground, and subsamples (0.25 g dry weight) of each
microcosm were mixed with 500 ll of TES buffer (100 mM
Tris–HCl (pH = 8.0), 100 mM Na2HPO4 (pH = 8.0),
100 mM Na2EDTA (pH = 8.0), 1.5 M NaCl). Three cycles
of freezing (liquid nitrogen, 2 min) and thawing (water
bath 100 °C, 2 min) were conducted to allow the lysis of
microbial cells (Roose-Amsaleg et al., 2001). Lysozyme
(10 mg, Sigma) and proteinase K (7 ll of a 10 mg mlÿ1

solution, Boehringer Mannheim) were then added to the
samples which were incubated for 2 h at 37 °C under agita-
tion (300 rpm). Following the addition of hexadecyltrime-
thylammonium bromide (10 mg, Sigma), the samples
were further incubated for 2 h at 65 °C under agitation
(300 rpm) before centrifugation at 12,000g (20 °C,
15 min). Supernatants were mixed with an equal volume
of chloroform-isoamyl alcohol (24:1, v/v). The aqueous
phase was recovered by centrifugation (12,000g, 20 °C,
15 min) and precipitated with isopropanol overnight at
room temperature. The crude DNA pellets were obtained
by centrifugation at 15,000g (room temperature, 30 min.)
and were gently washed with 70% ethanol (ÿ20 °C).
Ethanol was removed after centrifugation (15,000g,
20 °C, 15 min.) and air-drying (10–15 min). The pellets
were suspended in 50 ll of sterile ultrapure water and
stored at ÿ20 °C.

2.3. RISA

Ribosomal intergenic spacer analysis (RISA) was used
to characterize changes in the genetic structure of bacterial
communities (Borneman and Triplett, 1997; Kirk et al.,
2004; Dorigo et al., 2005). The intergenic transcribed
spacer (ITS) region between the large and the small subunit
of ribosomal sequences was amplified by PCR using 5 ng of
purified template DNA with the primers FGPS1490-72 and



FGPL132-38 (Normand et al., 1996). Amplification reac-
tions were performed in a final volume of 50 ll containing
HighFidelity buffer (5 ll of 10 · dilution), MgCl2
(2.5 mM), dNTP (200 lM of each), primers (25 pmol of
each), T4 gene 32 protein (1 lg, Boehringer Mannheim),
and TripleMaster polymerase (1.75 units, Eppendorf
AG). Reactions were performed in an automated DNA
thermal cycler (Eppendorf Mastercycler) for 25 cycles.
After an initial denaturing step (30 s at 94 °C), each cycle
consisted of a denaturing step (1 min at 94 °C), annealing
at 55 °C for 30 s and an extension step of 1 min at 72 °C.
A final elongation step at 72 °C for 5 min preceded cool-
ing at 4 °C. PCR products (16 ll) were loaded on a 5%
non-denaturing acrylamide gel (N-acrylamide/N-methyl-
enebisacrylamide, 37.5:1, Bio-Rad) and separated by
electrophoresis (DSG200-02, C.B.S. Scientific) for 15 h
at 8 mA. Gels were stained with SYBR green I (FMC
Bioproducts) according to the manufacturer’s instructions.
RISA profiles were photographed and analysed using a
Quantity One GelDoc2000 system (Bio-Rad) yielding data
matrices which were used for principal component analysis
(PCA). Those matrices took into account the presence or
absence of bands and their normalized intensity. Variations
in RISA profiles from different samples were assumed to
reflect variation in the corresponding bacterial communi-
ties (Yannarell and Triplett, 2004).

2.4. Principal component analysis and classification

Principal component analysis (PCA) was used to evalu-
ate similarities between RISA profiles. Similarities between
samples were examined by hierarchical clustering analysis
based on the Ward criterion performed in the subspace cor-
responding to 90% of the total variance. Major partitions
were achieved by cutting dendrogram obtained in an opti-
mum number and this clustering was consolidated by 10
iterations. PCA, clustering and plotting were conducted
using SPAD software version 6.0 (Decisia).

2.5. Phylogenetical analysis of RISA bands

In order to identify predominant bacterial community
members of the main specific RISA bands, a combined
RISA/DGGE fingerprint method was used (Brown et al.,
2005). This methodology makes it possible to relate a par-
ticular ITS length in RISA profiles to phylogenetic identi-
fication of main bacteria responsible for this fragment
without cloning and sequencing several clones. The 16S-
ITS rRNA region was amplified by PCR with primers
GML5F (Goréguès et al., 2005) and FGPL132-38. PCR
conditions were the same as for the RISA except for exten-
sion time which was 2.5 min. These PCR products were
loaded on a 3.5% non-denaturing acrylamide gel and sepa-
rated by size by electrophoresis for 7 h at 8.25 V cmÿ1. Gels
were stained and photographed as described above. Bands
of interest were excised, transferred into 50 ll molecular
biology grade water (Eppendorf, USA) and incubated for

12 h at 4 °C. One microliters of the supernatant was used
as template for amplification of the partial 16S rRNA gene
(568 pb) of the 16S-ITS rRNA fragments with 5 0GC-
clamped GML5F primer and primer 907RA (Goréguès
et al., 2005). The differentiation of the amplicons on the
basis of their sequence composition was performed by
DGGE as described in Goréguès et al. (2005). Finally,
dominant DGGE bands were excised from the DGGE
gel and DNA eluted into 50 ll of DNA free water over
night, reamplified with primer GM5F and 907RA and
purified with Qiaquick PCR purification kit (Qiagen,
USA) following the manufacturer’s instructions. Each
band was then sequenced by MWG Biotech (Germany).

2.6. Comparative analysis of 16S rRNA gene sequences

The sequences obtained in this study have been submit-
ted to the DDBJ/EMBL/GenBank databases under the
accession number DQ989499 to DQ989503. Sequences
obtained were initially submitted to GenBank database
of National Center for Biotechnology Information
(http://www.ncbi.nlm.nih.gov/) using the Basic Local
Alignment Search Tool algorithm to roughly determine
their phylogenetic affiliation (Altschul et al., 1997).
Sequences were checked by the CHECK_CHIMERA pro-
gram of the Ribosomal Data Project (Maidak et al., 1999)
to determine the presence of any PCR-amplified hybrid
sequences, and then aligned with the same region of closest
relative strains and uncultured clones using ClustalW facil-
ity (Thompson et al., 1994). Evolutionary distances were
calculated from pair-wise sequence similarities with the
Kimura 2-parameter model for nucleotide change using
the DNADIST program available with the PHYLIP Pack-
age. A phylogenetic tree was constructed using the neigh-
bour joining method. A bootstrap analysis with 1000
replicates was carried out to check the robustness of the
tree which was visualized using the NJplot software (Perri-
ere and Gouy, 1996).

3. Results

3.1. Effects of oil and N. diversicolor on bacterial community

structures

After 45 days of incubation, BAL contamination
induced major alterations in the RISA profiles (Fig. 1).
Changes in banding patterns were mainly due to a decrease
of the intensity of some previously existing bands and the
appearance of new dominant bands (white arrows in
Fig. 1). In the control inhabited microcosm (CTRL +
Nd45), the presence of N. diversicolor did not lead to visible
changes in the RISA profiles. On the contrary, its presence
in the contaminated sediments (OIL + Nd45) both in-
creased bands only existing in the oiled microcosm without
polychaetes (OIL45) and allowed the emergence of new
ones (black arrows in Fig. 1).



PCA ordination and Ward clustering of the RISA
profiles of bacterial communities of microcosms at the
beginning of the experiment (CTRL0, OIL0, CTRL + Nd0,
OIL + Nd0) and after 45 days of incubation (CTRL45,
OIL45, CTRL + Nd45, OIL + Nd45) are shown in Fig. 2.
The first principal component (PC1) of the PCA explained
32% of the total variance and the second principal compo-
nent explained 13% of total variance. This PCA ordination
demonstrated that all the microcosms at the beginning of
the experiment but also the non-contaminated microcosms
after 45 days of incubation (CTRL45, CTRL + Nd45) have
a close bacterial community structure. Thus, the structure
of the bacterial communities in non-contaminated sedi-
ments remained identical throughout the 45-days experi-
ment even in the presence of N. diversicolor.

The addition of oil induced changes in the structure of
the bacterial communities in the two types of contaminated
sediments (with or without worms), but those changes
appeared more pronounced for the sediments inhabited
by N. diversicolor as shown along PC1 (Fig. 2). The pres-
ence of the polychaete in the oiled sediment (OIL + Nd45)
led to a specific bacterial community structure different
(along PC1 and PC2) from that of the defaunated oiled
sediment (OIL45).

3.2. Phylogenetic affiliation of selected RISA bands

To characterize the main bacterial groups favoured by
the presence of N. diversicolor, 13 partial 16S rRNA frag-
ments obtained from the four specific RISA bands emerg-
ing or increasing in the OIL + Nd45 sediment were

sequenced. A total of five different sequences (OSH1,
OSH2, OSH3, OSH4 and OSH5) were found (length
between 323 and 465 pb). A neighbour-joining tree was
constructed with these sequences and related sequences
from databases (Fig. 3). OSH1 showed 100% identity with
Alcanivorax sp. OM-2 (Gamma Proteobacteria) while
OSH2, OSH3 and OSH4 were only closely related to uncul-
tured bacterium having no clear phylogenetic affiliation.
Finally, OSH5 showed 99% and 98% identity with the Bac-
teroidetes Formosa algae clone SE60 and Psychoserpens

burtonensis isolate S3-13, respectively.

4. Discussion

Ribosomal intergenic spacer analysis (RISA) is a molec-
ular technique that utilizes the length heterogeneity of the
intergenic transcribed spacer (ITS) region of bacterial
rRNA operons to construct bacterial community ‘‘finger-
print’’ profiles. It was developed by Borneman and Triplett
(1997) and was firstly applied to the study of microbial
diversity in soils. This tool has been used successfully to
assess community fingerprints, each band corresponding
to at least one organism (Ranjard et al., 2000b; Kirk
et al., 2004; Dorigo et al., 2005). This technique has been
shown to be sensitive and robust for the detection of
changes in bacterial communities following different kinds
of disturbance (Robleto et al., 1998; Fisher and Triplett,
1999; Ranjard et al., 2000a; Selenska-Pobell et al., 2001).
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In the present study, the oil contamination led to
marked shifts in the structure of bacterial communities as
attested by the multivariate analysis of the RISA profiles.
This observation was not surprising since previous works
have already reported changes in the composition and/or
biomass of microbial communities in response to hydrocar-
bon contamination (Lindstrom et al., 1999; Katayama
et al., 2003; Macnaughton et al., 2003; Maruyama et al.,
2003; Röling et al., 2004; Yakimov et al., 2004; Yakimov
et al., 2005; Yoshida et al., 2006). After contamination,
hydrocarbonoclastic bacteria (HCB) usually dominate the
contaminated system and Gram negative bacteria belong-
ing to the Proteobacteria group seem to be particularly
involved in natural cleansing processes (Macnaughton
et al., 1999; Shi et al., 1999; Greene et al., 2000; Katayama
et al., 2003).

However, our study provides information for the first
time on the importance of bioturbation activity in selecting

specific bacterial groups in oil contaminated sediments, this
‘‘worm effect’’ not being observed in the absence of oil. In
the contaminated sediments inhabited by N. diversicolor,
the bacterial communities exhibited specific RISA profiles
which were different from those of macrofauna-defaunated
contaminated sediments. These differences were mainly due
to the increase of some bacterial groups and to the emer-
gence of new ones. The presence of polychaetes favoured
the development of specific bacterial groups, some of which
are closely related to HCB like Alcanivorax sp. OM2 or P.
burtonensis. Interestingly, the gamma Proteobacteria Alca-

nivorax sp. OM-2 is known to degrade n-alkanes whereas
the Flavobacteriaceae P. burtonensis (Antarctic clone) uses
aromatic hydrocarbons such as toluene, naphthalene,
phenanthrene and anthracene as sole carbon sources (Yak-
imov et al., 1998). Moreover, Alcanivorax is a cosmopoli-
tan alkane-degrading group of bacteria thought to play a
critical role in the natural cleansing of oil-polluted marine
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systems (Golyshin et al., 2002; Harayama et al., 2004). It is
found in high abundance in oil-polluted waters and coast-
lines where it may comprise 80–90% of the oil-degrading
microbial community (Kasai et al., 2001; Syutsubo et al.,
2001; Harayama et al., 2004). The proportion of Alcani-

vorax was also shown to increase during laboratory
enrichments with oil components (Yakimov et al., 1998;
Harayama et al., 1999) and during field experiments involv-
ing the addition of nitrogen and phosphorus fertilizers to
stimulate microbial degradation of oil (Kasai et al., 2002;
Röling et al., 2002). Since all these bacteria are aerobic,
the aerobic microbial community of the present reworked
sediment may have been stimulated by the irrigation and
the burrowing activities of N. diversicolor which can
increase the penetration of oxygen into the sediment (Aller,
2001; Wenzhöfer and Glud, 2004). The feeding activity of
the polychaete can also enhance hydrocarbon bioavailabil-
ity to HCB by producing digestive solubilizers (Borneman
and Triplett, 1997; Gilbert et al., 2001). Thus, both oxygen-
ation and solubilization of oil hydrocarbons by N. diversi-

color may have favoured the development of oxygenated
zones and, subsequently, of HCB.

Our results may partly explain those of Christensen
et al. (2002a) who showed, on the basis of several biodeg-
radation indices, that the presence of N. diversicolor

induced significant changes in the composition of oil.
Undoubtedly, the selection of specific bacterial groups in
oil contaminated sediments due to the presence and/or bio-
turbation activities of macrobenthic organisms requires
further investigation. Primary factors affecting hydrocar-
bon bioremediation in marine sediments are the presence
of HCB, optimum environmental conditions stimulating
bacterial activity, the chemical composition of spilled
petroleum and its relative toxicity and the bioavailability
of hydrocarbons to HCB (Pelletier et al., 2004). The culti-
vation and introduction of indigenous polychaetes in
contaminated marine environments may therefore consti-
tute an original strategy for enhancing bioremediation
processes.

On the other hand, the appearance of the new sequences
OSH2, OSH3 and OSH4 likely to be related to a new divi-
sion of uncultured bacteria (Fig. 3) suggests that the bacte-
ria sharing these sequences have been inoculated in the
sediments by N. diversicolor. Although this was beyond
the scope of the present study, the full characterization
(phylogeny and physiology) of the bacterial populations
in bioturbated oil contaminated sediments also deserves
further attention.
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